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a b s t r a c t

Marine microalgae are the primary producers of important lipids in oceanic ecosystems. In particular, 
they sustain the food web with omega-3 very-long-chain polyunsaturated fatty acids (n-3 PUFAs), 
which play a protective role against various human metabolic disorders and are thus considered highly 
beneficial to health. Ostreococcus tauri is a marine pico-eukaryote that contains high levels of several n-3 
PUFAs, including docosahexaenoic acid (22:6n3; DHA), octadecapentaenoic acid (18:5n3, OPA), and 
hexadecatetraenoic acid (16:4n3), each with a distinct distribution. While DHA and OPA are restricted to 
microsomal and plastidial lipids, respectively, 16:4n3 is found in galactolipids as well as in betaine and 
neutral lipids. The genome of O. tauri contains 14 genes encoding fatty acid desaturases. In this study, we 
characterized the enzyme encoded by OT_ostta13g01550 (Ot13bDES) as a plastidial cytochrome b5-fused 
delta-4 desaturase involved in 16:4n3 biosynthesis. Transient heterologous expression of Ot13bDES in 
Nicotiana benthamiana led to the production of 16:4n3 and 16:3n6, but failed to produce 18:5n3 when 
Ot13bDES was coexpressed with plastidial Δ6-desaturases, suggesting Ot13bDES has a strict Δ4 regio
selectivity. Lipidomic analyses of stable transgenic Arabidopsis lines further showed a nearly 100 % 
conversion rate of 16:3n3 to 16:4n3 in the best-performing lines, demonstrating that Ot13bDES has a 
very high catalytic activity. Additionally, 16:4n3 was predominantly localized to monogalactosyldia
cylglycerol (MGDG). This study provides the first functional characterization of a plastidial cytochrome 
b5-fused delta-4 desaturase through heterologous expression in higher plants.

© 2025 Published by Elsevier B.V.

1. Introduction

Marine microalgae play a pivotal role in oceanic ecosystems as 
primary producers of essential lipids. In particular, they fuel the 
food web with long-chain omega-3 polyunsaturated fatty acids (n- 

3 PUFAs). These compounds are highly valued for their health 
benefits,  driving significant  research into their metabolism. 
Consequently, the biosynthetic pathways of key PUFAs such as 
eicosapentaenoic acid (EPA; 20:5n3Δ5,8,11,14,17) and DHA 
(22:6n3Δ4,7,10,13,16,19) have been extensively studied in various 
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algae [1]. While a few species developed an anaerobic polyketide 
synthase-based pathway for PUFA biosynthesis, most algae pro
duce them via the classical aerobic desaturation/elongation 
pathway [1]. This pathway starts in the plastid, where 18:0, pro
duced by the fatty acid synthase, is converted through the action of 
three successive desaturases to 18:3n3Δ9,12,15. This fatty acid is 
then exported to the endoplasmic reticulum, where front-end 
desaturases and elongases further convert it to EPA and/or DHA. 
Recently, it was found that an aerobic and an anaerobic pathway, 
producing OPA and DHA, respectively, coexist in the unicellular 
marine alga Emiliania huxleyi [2].

Fatty acid desaturases are critical for PUFA metabolism since 
they introduce carbon-carbon double bonds in fatty acyl chains. 
These oxygenases remove two hydrogen atoms using an electron 
donor for the oxidative process and activated oxygen as a co- 
substrate, yielding a molecule of water as a co-product [3]. 
Front-end desaturases insert the new double bond between the 
carboxyl end of the acyl chain and a pre-existing double bond, and 
they possess an N-terminal cytochrome b5-like domain (except in 
bacteria), which is essential for electron transfer [4]. Front-end 
desaturases from algae, plants, fungi, and animals are mostly 
located in the endoplasmic reticulum, and share the same struc
ture and topology, possessing three highly characteristic histidine 
motifs important for the positioning of the di-iron catalytic center 
[5]. Despite having very similar structures, front-end desaturases 
with different regioselectivities (Δ4, 5, 6, or 8) have been charac
terized in PUFA-producing organisms [4].

The unusual PUFA hexadecatetraenoic acid (16:4n3Δ4,7,10,13) 
has been found in high proportions in marine microalgae 
belonging to the Chlorophyceae and Mamiellophyceae (formerly 
Prasinophyceae; [6]) classes [7–10]. Recently, 16:4n3 has been 
proposed as a hallmark of the chlorophyte lineage, although it has 
been detected in some diatoms as well [11]. This PUFA is also found 
in the green seaweed Ulva pertusa, which serves as raw material for 
its purification as an analytical standard [12,13]. Its presence was 
also reported in the edible brown alga Undaria pinnatifida (also 
known as Wakame; [14]), in the star-shaped dinoflagellate Aster
odinium gracile [15], in the green algae Chlamydomonas reinhardtii 
[16], as well as in the flagellated microalga Euglena gracilis [17]. 
Detailed lipid analysis of the last three species indicated that 
16:4n3 is highly enriched at the sn-2 position of thylakoid gal
actolipids, especially MGDG [15,17,18]. For example, in 
C. reinhardtii, 16:4n3 constitutes approximately 13 % of total acyl 
chains, but accounts for as much as 67 mol% of the fatty acids at the 
MGDG sn-2 position, while digalactosyldiacylglycerol (DGDG) and 
diacylglyceryltrimethylhomo-Serine (DGTS) only contain 2 mol% 
of 16:4n3 [18]. Consequently, MGDG 34:7 (18:3n3/16:4n3) repre
sents the predominant molecular species in C. reinhardtii (67 % of 
all MGDGs; [16]). In Asterodinium gracile, MGDG 34:9 (18:5n3/ 
16:4n3) was reported to account for 65 % of all MGDGs [15], while 
in O tauri, MGDG 34:8 (18:4n3/16:4n3) and MGDG 34:7 (18:3n3/ 
16:4n3) are the most abundant (40 % and 26 %, respectively; [19]). 
The very specific  location of 16:4n3 in these algae mirrors the 
situation of 16:3n3Δ7,10,13 in higher plants, in which 16:3n3 is 
nearly exclusively found at the sn-2 position of MGDG [20]. In 
higher plants, the successive activities of three Fatty Acid Desa
turases (FAD5, FAD6, and FAD7 or 8) were shown to be responsible 
for converting 16:0 into 16:3n3 at the sn-2 position of MGDG via 
the so-called prokaryotic pathway [21]. Similarly, 16:3n3 biosyn
thesis in C. reinhardtii involves three plastidial fatty acid desa
turases (CrFAD5, CrFAD6, and CrFAD7), which convert 16:0 at the 
sn-2 position of MGDG into 16:3n3 [16]. The final  desaturation 
step, leading to 16:4n3, is proposed to rely on the unusual 
CrΔ4FAD desaturase identified  by Z€auner et al. [22]. While all 
plastidial desaturases depend on ferredoxin, ferredoxin reductase, 

and NADPH for electron transport, CrΔ4FAD was the first discov
ered plastid-located desaturase that contains the N-terminal cy
tochrome b5 domain usually found in microsomal front-end 
desaturases [22]. Interestingly, misregulation of CrΔ4FAD expres
sion in knockdown and overexpression Chlamydomonas lines did 
not affect MGDG 16:4n3 levels, but slightly impacted the overall 
16:4n3 level by altering the MGDG to DGDG ratio. This result 
suggests a link between 16:4n3 availability and MGDG abundance, 
as well as the predominant role of CrΔ4FAD in galactolipid ho
meostasis in C. reinhardtii [22]. In addition, detection of 16:4n3- 
derived oxylipins in Chlamydomonas debaryana suggests that this 
fatty acid is a potential precursor of several important signalling 
molecules [23]. Finally, it should be pointed out that the presence 
of a 16:4 isomer, 16:4n1Δ6,9,12,15, was described in Bacillar
iophyceae [9,10], and its biosynthesis tentatively elucidated in 
Phaeodactylum tricornutum [24,25].

Ostreococcus tauri, a marine pico-eukaryote belonging to the 
Mamiellophyceae (Classis nova), contains 16:4n3 as the most 
abundant PUFA, representing close to 20 % of total fatty acids [19]. 
O. tauri displays a very distinctive PUFA distribution with very- 
long-chain PUFAs, such as DHA, being exclusively present in 
extraplastidic lipids (i.e., the betaine lipid diacylglycerylhydrox
ymethyltrimethyl-β-alanine (DGTA), and the peculiar phospho
sulfolipid, phosphatidyldimethylpropanethiol (PDPT)), while 
shorter n-3 PUFAs (C16 and C18) are highly abundant in plastidial 
galactolipids, with 18:5n3 occurring only in galactolipids. Note
worthy, 16:4n3 is the most abundant PUFA in MGDG, accounting 
for 40 % of its total fatty acids, although it is restricted to the sn-2 
position. 16:4n3 is also present in all other lipid classes, particu
larly in DGTA and neutral lipids (di- and triacylglycerol, DAG and 
TAG), where it constitutes 15–20 % of total fatty acids [19]. This 
suggests that in O. tauri, 16:4n3 might be converted from 16:3n3 in 
MGDG and subsequently exported to extraplastidial lipids [26]. 
Interestingly, two plastid-localized front-end desaturases were 
recently reported in O. tauri, namely Ot05DES and Ot10DES. These 
enzymes were characterized as Δ6-desaturases involved in the 
regulation of the C18-PUFA plastidial and microsomal pools [26].

The genome of O. tauri contains 14 genes encoding putative 
fatty acid desaturases, half of which contain an N-terminal cyto
chrome b5 fused domain [26]. While five of these have already 
been characterized [26–29], none has been shown to be involved in 
16:4n3 biosynthesis. In this study, we report the identification of 
the enzyme encoded by OT_ostta13g01550 (CEG00114.1) as a 
plastidial cytochrome b5-fused delta-4 desaturase responsible for 
16:4n3 biosynthesis. Its activity and impact on PUFA metabolism 
were studied by functional characterization through transient and 
stable heterologous expression in Nicotiana benthamiana and 
Arabidopsis thaliana lines, respectively, followed by detailed lip
idomic analyses.

2. Methods

2.1. Biological material and growth conditions

Ostreococcus tauri (clonal isolate from OtH95), Saccharomyces 
cerevisiae (strain InvSc1), Agrobacterium tumefaciens (strain 
GV3101), and Nicotiana benthamiana plants were grown as previ
ously described [26]. Arabidopsis (Arabidopsis thaliana, ecotype 
Columbia-0) was used in all experiments and grown under 
controlled conditions as previously described [30].

2.2. Cloning of O. tauri desaturases

OtDES coding sequences were amplified from cDNA using Q5® 
Polymerase and the primers indicated in Table S1. The 
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corresponding PCR fragments were cloned into pDONR™221 EN
TRY vector by the GATEWAY® recombinational cloning technology 
using the attB x attP (BP) recombination sites. Fragments con
taining ORF sequences were subsequently transferred into 
pVT102-U-GW (yeast expression), pK7W2G2D (plant over
expression), or pK7YWG2 (plant overexpression and subcellular 
localization) DESTINATION vectors by LR cloning.

2.3. Sequence analyses

Amino acid sequence alignments were obtained using the 
MEGA11 program (gap opening 10, gap extension 0.05), and the 
phylogenetic tree was constructed by the neighbor-joining 
method using Tree View. Evolutionary analyses were conducted 
in MEGA11 [31], and the phylogenetic tree was generated using the 
Maximum Likelihood method and JTT matrix-based model [32]. 
Initial tree(s) for the heuristic search were obtained automatically 
by applying the Neighbor-Join and BioNJ algorithms to a matrix of 
pairwise distances estimated using the JTT model, and then 
selecting the topology with the superior log likelihood value. 
Sequence logos for Histidine boxes were drawn using WebLogo 
[33].

2.4. Heterologous expression in Saccharomyces cerevisiae

S. cerevisiae strain INVSC1 (Invitrogen) was transformed with 
the different DNA constructs using a PEG/lithium acetate protocol 
[34], and transformants were selected on minimal agar plates 
lacking uracil. Transgenic yeasts expressing desaturase genes were 
cultivated in minimal medium lacking uracil at 30 ◦C, and exoge
nous fatty acids (22:5n3) were supplied at a final concentration of 
500 μM 24 h after starting the culture. Cells were harvested by 
centrifugation (2000g for 5 min) 4 days later, and cell pellets were 
directly used for fatty acid analysis.

2.5. Transient expression in Nicotiana benthamiana

A. tumefaciens strains that have been transformed with the 
different DNA constructs (using a standard protocol for chemo
competent cell transformation) were grown overnight. The cul
tures were diluted to an OD600 of 0.1 and grown to a final OD600 of 
0.6–0.8. The cells were harvested by centrifugation (2000g for 
5 min), re-suspended in 5 mL sterilized H2O, and infiltration so
lutions were prepared. To minimize plant post-transcriptional 
gene silencing (PTGS), each solution contained the p19 strain 
(final  OD600 of 0.1). Strains containing our constructs of interest 
had a final OD600 of 0.3, 0.15, or 0.1 when expressing one, two or 
three genes, respectively. The abaxial sides of N. benthamiana 
leaves from five-week-old plants were infiltrated, and plants were 
used for lipid analysis 5 days post-agroinfiltration.

2.6. Stable expression in Arabidopsis thaliana

A. tumefaciens strains transformed with the different DNA 
constructs were used to generate stably transformed Arabidopsis 
plants using the floral-dip transformation method [35]. Repre
sentative transgenic lines were selected according to their leaf 
fatty acid profiles,  and T3 and T4 generations were used in all 
experiments.

2.7. Lipid extraction and analysis

For total fatty acyl-chain profiling, samples (leaf discs or yeast 
cell pellets) were directly transmethylated with 1 mL of methanol 
containing 2.5 % (v/v) H2SO4 for 1 h at 85 ◦C. After cooling, 1 mL of 

hexane and 1 mL of NaCl (2.5 %, w/v) were added, and samples 
were vigorously shaken and centrifuged (2000g for 5 min). The 
hexane phase containing fatty acid methyl esters (FAMEs) was 
then directly used for gas chromatography (GC) analysis.

Arabidopsis lipid extracts were prepared from six-week-old 
leaves (250–500 mg fresh weight; FW) using organic solvents 
that all contained 0.01 % butylhydroxytoluene as an antioxidant. 
Harvested leaves were weighted, immediately frozen with liquid 
nitrogen, broken into pieces, and stored at − 20 ◦C until further use. 
Lipids were first extracted with hot isopropanol (2.5 mL, 30 min, 
85 ◦C) for phospholipase D inhibition, and then twice with 2:1 (v/ 
v) CHCl3:CH3OH (2.5 mL, 1 h, room temperature). Two mL NaCl 
2.5 % (w/v) were added to the combined organic extracts, and 
samples were vigorously shaken and centrifuged (2000g for 5 min) 
for phase separation. The lower organic phase containing lipids 
was collected, evaporated under a stream of nitrogen, and the total 
lipid extracts were resuspended in 1:1 (v/v) CHCl3:CH3OH (final 
concentration 100 mg FW/ml). For thin-layer chromatography 
(TLC) separation, total lipid extracts (500 μl) were loaded on HPTLC 
Silica Gel 60 plates (Merck), and polar lipids were separated using 
chloroform/methyl acetate/1-propanol/methanol/KCl 0.25 % 
(10:10:10:4:3.6, v/v/v/v/v) as the solvent system. The different 
lipid subclasses were then scraped from the TLC plate, and their 
fatty acyl-chain compositions analysed by GC. For determining 
relative glycerolipid compositions, transmethylation was done in 
the presence of 5 μg of heptadecanoic acid, which was then used to 
normalize the quantity of total acyl-chains present in each lipid 
subclass (the total acyl-chains present in all subclasses corre
sponding to 100 %).

2.8. GC and LC-MS analyses

Separation and quantification  of fatty acyl chains were 
routinely performed by gas chromatography (7890A GC system; 
Agilent Technologies) on a 15 m × 0.53 mm x 1 μm DB-Wax col
umn (Agilent Technologies) with flame ionization detection. The 
oven temperature was programmed for 1 min at 150 ◦C, followed 
by a 5 ◦C min− 1 ramp to 230 ◦C, and maintained at this tempera
ture for 7 min (total run time, 24 min). Fatty acid identification was 
performed by gas chromatography/mass spectrometry using an 
Agilent 7890B gas chromatograph equipped with a 
60 m × 0.25 mm x 0.25 μm DB-23 column (Agilent Technologies) 
and an Agilent 5975 mass spectrometric detector (70 eV, mass-to- 
charge ratio 50–750), with helium (0.8 ml/min) as carrier gas. The 
oven temperature was programmed for 1 min at 80 ◦C, followed by 
a 65 ◦C min− 1 ramp to 130 ◦C, a 5 ◦C min− 1 ramp to 230 ◦C, and 
maintained at this temperature for 4.2 (total run time, 30 min).

For Liquid Chromatography-Mass spectrometry (LC-MS) mo
lecular profiling, lipid extracts were dissolved in 100 μL of eluent A 
(methanol/water 6:4 (v/v) with 5 mM ammonium formate and 
0.1 % (v/v) formic acid) containing PE 17:0/17:0 (Avanti Polar 
Lipids) as a synthetic internal lipid standard. LC-MS (multiple re
action monitoring mode) analyses were performed using a QTRAP 
5500 (Sciex) mass spectrometer coupled to a 1290 Infinity  II 
(Agilent Technologies) liquid chromatography system. Mass 
spectrometry analyses were performed in negative and positive 
modes. MS instrument parameters were as follows: Turbo V 
source temperature was set at 400 ◦C; curtain gas (nitrogen) was 
set at 35 psi; the nebulizing and drying gas (both nitrogen) were 
set at 40 psi, and the ion spray voltage was set at +5500 V 
or − 4500 V (positive and negative mode respectively); depending 
on the lipid classes, the declustering potential was set 
at +35, +90V, − 35V, − 50V or − 70V, and the collision energy (the 
collision gas was also nitrogen) was set at +19eV, +37 eV, 
− 43eV, − 50eV, − 55eV or − 60eV. Reverse-phase separation was 
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performed at 40 ◦C on a Supercolsil ABZ plus 2.1 ×100 mm column 
with 120 Å pore size and 3-μm particles (Supelco). The gradient 
elution program was as follows: 0 min, 20 % of eluent B (iso
propanol/methanol 8/2 (v/v) with 5 mM ammonium formate and 
0.1 % (v/v) formic acid); 11 min, 50 % of eluent B; 60 min, 85 % of 
eluent B. The flow rate was set at 0.20 mL/min, and 20 μL sample 
volumes were injected. The areas of LC peaks were determined 
using MultiQuant software (version 2.1; ABSciex) for relative 
molecular lipid quantification.

2.9. Confocal microscopy

Arabidopsis leaves were observed using a Zeiss LSM880 
confocal microscope equipped with a plan-apochromat 63X, 1.4 
numerical aperture objective, and a 488 nm laser at 3.5 % power. 
The signal from Yellow Fluorescent Protein (YFP) was collected at 
517–561 nm, and chlorophyll autofluorescence at 676–723 nm.

2.10. Statistical analysis

All statistical analyses in this study were performed using R 
software (version 4.3.1) through RStudio (2023.06.1 + 524). Group 
comparisons between each overexpression condition and the 
corresponding control were conducted using the Kruskal-Wallis 
rank sum test with Dunn post-hoc analysis. These non- 
parametric methods were selected due to the limited number of 
biological replicates (3–10) and/or the violation of assumptions 
underlying parametric tests (i.e. normality of distributions and 
homogeneity of variances). A p-value below 0.05 was considered 
statistically significant.

3. Results

3.1. Sequence and phylogenetic analysis of O. tauri Δ4-desaturases

In a previous study [26], we identified  seven front-end desa
turases in the genome of O. tauri, completed their full-length se
quences based on available RNAseq data (de novo contigation), and 
unveiled frequent N-terminal extensions in their sequences that 
were positively confirmed by PCR amplification on cDNA. Among 
them, two novel plastidic Δ6/Δ8 desaturases, Ot05DES and 
Ot10DES, as well as the sphingolipid Δ8-desaturase, have now 
been functionally characterized [26,29]. The present study focused 
on another unusual cytochrome-b5 fused fatty acid desaturase, 
encoded by OT_ostta13g01550 and thereafter referred to as 
Ot13bDES, which was putatively annotated as a plastidial Δ4- 
desaturase homologue [26].

As shown in Fig. 1A, Ot13bDES is a 534 amino acid (aa) long 
protein and contains 2 pfam domains, a cytochrome-b5 domain 
with the HPGG motif (aa 96–170), and a desaturase domain with 
the three characteristic His-boxes (HCANH, HQVSHH, and QVEHH; 
aa 228–493). The hydrophobicity plot revealed four trans
membrane domains responsible for membrane anchoring. Inter
estingly, the PredAlgo prediction software [36] predicted the 
presence of a 51 aa-long chloroplast targeting peptide (cTP) with a 
score of 2.51 (of 5). A shorter (518 aa) version starting from the 
downstream methionine was predicted to have a 37 aa-long cTP 
with a score of 3.14.

To gain insights into Ot13bDES potential activity, we first con
structed a phylogenetic neighbor-joining tree using the MEGA-11 
software (Fig. 1B). We used cytochrome-b5 fused desaturase se
quences from various algae and higher plants, including all seven 
cytochrome-b5 fused desaturases from O. tauri, as well as the 
sphingolipid Δ4-desaturase from Arabidopsis (encoded by 
At4g04930), which does not contain such a domain, for rooting. 

The resulting tree showed two major clades, a minor one with 
microsomal acyl-CoA Δ6-desaturases specific to Mamiellophyceae 
species, and a major one with front-end desaturases with various 
specificities.  In this second group, two main clusters can be 
distinguished: Δ4/Δ5-desaturases and Δ6/Δ8-desaturases, the 
latter of which includes sphingolipid Δ8-desaturases. Interest
ingly, Ot13bDES clustered with putative Δ4-desaturases from 
Monoraphidium minutum, Dunaliella salina, and Scenedesmus sp., as 
well as with the plastid-localized Δ4-desaturase from C. reinhardtii 
(CrΔ4FAD) [22]. As shown in Fig. 1B, these enzymes indeed formed 
a distinct branch separate from the functionally characterized 
microsomal Δ4/Δ5-desaturases, which is in agreement with our 
previous phylogenetic analysis that was restricted to front-end 
desaturases from Mamiellales [29]. Noteworthy, Ot13bDES was 
also close to another front-end desaturase from O. tauri, Ot01DES, 
which is highly similar (76 % identical/83 % homologous) to the 
functionally characterized microsomal Δ4-desaturases from 
Ostreococcus lucimarinus [28].

3.2. Functional characterization of Ot13bDES by heterologous 
expression

The presence of a putative transit peptide and the similarity of 
Ot13bDES to CrΔ4FAD suggested that this protein could be a 
plastidial Δ4-desaturase. However, the complete sequence of the 
putative microsomal Ot01DES (partially encoded OT_Ost
ta01g00790, see Supplemental Fig. S1A) was also predicted to 
contain a cTP with a score of 2.31 by PredAlgo [26]. Consequently, 
we first characterized the activity of both Ot13bDES and Ot01DES 
proteins by heterologous expression in S. cerevisiae. To check for 
microsomal Δ4-desaturation activity, yeast cultures were supplied 
with 22:5n3Δ7,10,13,16,19, and their fatty acid profiles were ana
lysed by GC. While the expression of Ot01DES resulted in the 
detection of 22:6n3Δ4,7,10,13,16,19, confirming that Ot01DES is a 
microsomal Δ4-desaturase, no 22:6n3 could be detected in yeast 
cells expressing Ot13bDES (Supplemental Fig. S1B). To provide an 
accurate lipidic substrate for Δ4-desaturation by the putative 
plastidial Ot13bDES, we used N. benthamiana that contains high 
levels of MGDG18:3n3/16:3n3 [37]. Both the short (518 aa) and 
long (534 aa) versions of Ot13bDES were transiently expressed in 
N. benthamiana leaves, and the fatty acid profiles of the leaves were 
analysed by GC 5 days post-infiltration. While expression of the 
short version (518 aa) of Ot13bDES resulted in a wild-type fatty 
acid profile,  two novel fatty acids, 16:4n3Δ4,7,10,13 and 
16:3n6Δ4,7,10, were unambiguously detected upon expression of 
the Ot13bDES long (534 aa) version (Fig. 2A–C; Supplemental 
Fig. S2). 16:4n3Δ4,7,10,13 and 16:3n6Δ4,7,10 comprised 5.73 mol 
% and 0.8 mol% of the total fatty acids, respectively. Meanwhile, the 
concentrations of their precursors, 16:3n3Δ7,10,13 and 
16:2n6Δ7,10, decreased to 1.39 mol% (6.13 mol% in the control) and 
0.83 mol% (2.72 mol% in the control), respectively (Fig. 2B). Glob
ally, Δ4 fatty acids accounted for 6.53 mol% of the total fatty acids 
(Fig. 2C).

In a previous study [19], we reported that O. tauri has the ca
pacity to produce a peculiar fatty acid 18:5n3Δ3,6,9,12,15. 18:5n3 
was found as a hallmark of galactolipids (plastidic lipids) and was 
assumed to be derived from 18:4n3Δ6,9,12,15 through the activity 
of a previously unidentified Δ3 desaturase. In agreement with this 
hypothesis, we recently characterized the two plastidic Δ6-DES 
from O. tauri (Ot05DES and Ot10DES), and showed that their 
expression in N. benthamiana resulted in the accumulation in 
plastidic lipids of high levels of the Δ6-desaturation products, 
especially 18:4n3 [26]. As heterodimerization of closely related 
desaturases and desaturase bifunctionality have both been re
ported, we wanted to investigate whether Ot13bDES could display 
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Δ3-desaturase activity when co-expressed with plastidial Δ6- 
desaturases in N. benthamiana. We therefore overexpressed the 
Ot13bDES long (534 aa) version together with each and both 
plastidial Δ6-desaturases from O. tauri (Fig. 2D). Consistent with 
our previous report, the transient overexpression of Ot05DES or 
Ot10DES in N. benthamiana resulted in the production of 18:3n6 
and 18:4n3 from 18:2n6 and 18:3n3, respectively, with the highest 
conversion observed for Ot05DES (Fig. 2D). Co-expression of 
Ot05DES and Ot10DES in N. benthamiana resulted in similar pro
files, with high levels of Δ6-desaturated fatty acids (Fig. 2D). Most 
importantly, while co-expression of Ot13bDES with either or both 
plastidial Δ6-desaturases systematically resulted in the appear
ance of 16:4n3, 18:5n3 could never be detected in the fatty acid 
profiles  of N. benthamiana. Altogether, our data showed that 
Ot13bDES is a plastidial Δ4-desaturase with no Δ3-desaturase 
activity.

A comparison of the three characteristic histidine-rich motifs of 
plastidial and microsomal Δ4-desaturases (Supplemental Fig. S3) 
revealed a few specific  amino acid differences in the first  and 

second motifs, whereas the third histidine motif showed a high 
degree of similarity. In particular, plastidial Δ4-desaturases 
appeared to contain a cysteine positioned directly after the first 
histidine in the first box, and a histidine directly preceding the first 
histidine in the second box. However, these specific  amino acid 
sequence features need to be confirmed  by functionally charac
terizing additional plastidial Δ4-desaturases.

3.3. Stable expression of Ot13bDES in Arabidopsis leaves

To gain more insights into Ot13bDES impact on the lipid ho
meostasis of higher plants, we also generated stable transgenic 
Arabidopsis lines expressing constitutively (using the CaMV 35S 
promoter) the Ot13bDES gene. Six lines with different levels of Δ4- 
desaturase activity were selected for further characterization 
(Fig. 3). All lines produced 16:4n3 from 16:3n3, and the best- 
performing lines (Ot13b#30, 14, and 5) also produced 16:3n6 
from 16:2n6 (Fig. 3A). The Δ4-fatty acids represented from 2.1 to 
13.3 % of the total fatty acids (Fig. 3B), with a Δ4 conversion rate 

Fig. 1. Ot13bDES amino acid sequence analysis and phylogenetic tree with related desaturases from O. tauri and other species. 
A: Ot13bDES amino acid sequence showing pfam domains, and putative targeting and transmembrane domains. Characteristic motifs of desaturase (i.e. the three histidine boxes) 
and cytochrome b5 domain (HPGG) are highlighted in red. 
B: Phylogenetic tree of related desaturases with different substrate- and regioselectivities. The tree was constructed with MEGA11 and rooted with unrelated sphingolipid 
desaturase AtSLD4. The tree with the highest log likelihood (− 29878.69) is shown. The tree is drawn to scale, with branch lengths measured in the number of substitutions per 
site. This analysis involved 32 amino acid sequences, and there were a total of 772 positions in the final dataset. Proteins which activities have not yet been confirmed are indicated 
in italics. Accession numbers and references are given in Supplementary Table 2.
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ranging from 13 to 99 % (Fig. 3C). None of these lines showed any 
growth defects or visible differences compared to wild-type 
controls.

Ot13b#10, accumulating low levels of Δ4 fatty acids, and 
Ot13b#14 and Ot13b#5, both accumulating high levels of Δ4 fatty 
acids, were then further used for detailed leaf lipidomic analyses. 
The lipid distribution of these lines was very similar to that of the 
Col-0 wild-type (Fig. 4A). In agreement with the nearly specific 
presence of 16:3n3 in MGDG, the fatty acid composition of the 
other polar lipid classes was poorly affected by the introduced Δ4- 
desaturase activity (Supplemental Fig. S4). Only phosphatidyl
choline (PC) and DGDG contained trace amounts of 16:4n3 in 

the two lines accumulating high levels of Δ4 fatty acids 
(Supplemental Fig. S4). In contrast, the MGDG fatty acid compo
sition clearly differed between Ot13bDES-overexpressing lines and 
the wild-type Col-0. In the line Ot13b#10, which accumulated low 
levels of Δ4 fatty acids, a decrease of about 4 % of 16:3n3 compared 
to Col-0 was accompanied by the appearance of 16:4n3, the pro
portion of which reached about 6 % of the total fatty acids, while 
16:2n6 levels remained unaffected (Fig. 4B). In the lines accumu
lating high levels of Δ4 fatty acids (Ot13b#14 and Ot13b#5), 
16:3n3 became barely detectable, and 16:4n3 accounted for as 
much as 20 % of the total fatty acids (Fig. 4B). Additionally, 16:2n6 
was decreased, and 16:3n6 accumulated up to 5 % (Fig. 4B). 

Fig. 2. Functional characterization of Ot13bDES by heterologous expression in Nicotiana benthamiana. 
A: Fatty acid profiles of N. benthamiana leaves expressing Ot13bDES variants and the respective control. 
B: Fatty acid composition of N. benthamiana leaves expressing Ot13bDES variants and the respective control. 
C: Proportion of Δ4-desaturated fatty acids. 
D: Fatty acid composition of N. benthamiana leaves expressing Ot13bDES, plastidial Δ6-desaturases (Ot05DES and Ot10DES) alone and in combination. 
N. benthamiana leaves were agroinfiltrated with different molecular constructions, and their fatty acid compositions were analysed by GC 5 days post-inoculation. 
The data represent means ± standard deviation of 6–8 biological replicates, and statistics were based on Kruskal-Wallis rank sum test with Dunn post-hoc analysis (*, 
0.1<p < 0.05; **, 0.05<p < 0.01; ***p < 0.001).
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Altogether, Δ4 fatty acids accounted for as much as 25 % of the total 
fatty acids in MGDG (Fig. 4C). In addition, trace amounts of 18:4 
were detected in MGDG in the lines accumulating high levels of Δ4 
fatty acids (Fig. 4B). We confirmed that this 18:4 had a retention 
time very similar to that of 18:4Δ6,9,12,15, while 18:4Δ5,9,12,15 
eluted much earlier, strongly supporting the conclusion that this 
compound corresponds to 18:4Δ6,9,12,15 and not 18:4Δ4,9,12,15 
(Supplemental Fig. S5). Nevertheless, its very low abundance did 
not allow us to determine unambiguously the exact position of the 
double bonds.

To further investigate how the activity of Ot13bDES affected the 
chloroplast glycerolipid profile, lipid extracts were analysed using 
LC-MS molecular profiling. While the most abundant molecular 
species was MGDG 34:6 (18:3/16:3) in Col-0 leaves, lines accu
mulating high levels of Δ4 fatty acids had MGDG 34:7 (18:3/16:4) 
as the major species (Fig. 5A). These lines also contained minor 
quantities of two other new MGDG species absent in the wild type 
Col-0: MGDG 36:7 (18:3/18:4), and MGDG 34:8 (18:4/16:4). 
Conversely, the levels of MGDG 34:6 (18:3/16:3) and MGDG 34:5 

(18:3/16:2) were severely reduced in these lines (Fig. 5B). In the 
line accumulating low levels of Δ4 fatty acids (Ot13b#10), MGDG 
34:7 (18:3/16:4) was detected, but MGDG 34:6 (18:3/16:3) and 
MGDG 36:3 (18:3/18:3) remained the major molecular species as 
in Col-0. LC-MS molecular profiling also showed the presence of 
minor amounts of 34:7 (18:3/16:4) and 36:7 (18:3/18:4) molecular 
species in DGDG (Fig. 5B) and PC (Fig. 5C).

3.4. Ot13bDES localizes in chloroplasts

The presence of a putative transit peptide and the fact that Δ4- 
activity was only observed in planta strongly suggested that 
Ot13bDES is a plastidial desaturase. To verify this localization, we 
generated transgenic Arabidopsis lines constitutively expressing 
Ot13bDES fused with the YFP. Two selected lines were analysed for 
their leaf fatty acid composition, revealing a significant accumu
lation of Δ4-fatty acids (Fig. 6A and B), similar to the best- 
performing lines expressing Ot13bDES alone that were charac
terized above. As the presence of the YFP protein at the C-terminal 

Fig. 3. Characterization of Arabidopsis thaliana lines overexpressing Ot13bDES. 
A: Leaf fatty acid composition of different Arabidopsis lines overexpressing Ot13bDES and Col-0 control. 
B: Proportions of Δ4-desaturated fatty acids. 
C: 16:3n3 to 16:4n3 conversion rates. 
Arabidopsis lines expressing Ot13bDES under the control of the CaMV 35S promoter were generated, and their fatty acid compositions were analysed by GC. 
The data represent means ± standard deviation of 3–5 biological replicates, and statistics were based on Kruskal-Wallis rank sum test with Dunn post-hoc analysis (*, 
0.1<p < 0.05; **, 0.05<p < 0.01; ***p < 0.001).
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end of Ot13bDES did not affect its activity, these lines were further 
used to check the subcellular localization of the enzyme. Confocal 
microscopy imaging showed a good co-localization of the YFP 
signal with chlorophyll. However, some YFP fluorescence was also 
observed outside of plastids, possibly in the endoplasmic reticu
lum (Fig. 6C). These non-plastidial signals could correspond to 
newly synthesized fusion protein on the way to the plastid, 
lumenal cleaved YFP, or protein mislocalisation due to high over
expression levels driven by the CaMV 35S promoter, as described 
in Ref. [38]. Despite potential artefacts associated with over
expression, confocal imaging nevertheless supported the plastidial 
localization of Ot13bDES.

4. Discussion

A Δ4-desaturation activity has been described in many organ
isms and several metabolic pathways, and different Δ4- 
desaturases have already been reported. The first  characterized 
enzyme of this type was a plastidial acyl-Acyl Carrier Protein (ACP) 
desaturase involved in petroselinic acid biosynthesis in the 
Umbelliferae plant family [39]. A microsomal Δ4-desaturase 
responsible for the last step in DHA biosynthesis was then 
described in the protist Thraustochytrium sp. [40]. Homologs of this 
enzyme have ever since been characterized in many microalgae [4] 
and, more recently, in teleost fishes [41]. Finally, this activity also 

occurs in sphingolipid metabolism, but in contrast to the activities 
above, with trans-stereospecificity. Enzymes responsible for Δ4- 
desaturation of the sphingoid base have been characterized so 
far in a wide range of organisms from fungi to insects, plants, and 
animals, but no homologue has been found in O. tauri [29,42,43]. 
While acyl-ACP desaturases acting on saturated acyl chains in the 
plastids are always soluble, the desaturases involved in sphingo
lipid and PUFA metabolisms are membrane-bound and, therefore, 
have a completely different structure. In particular, these enzymes 
have a conserved membrane topology with four transmembrane 
helices and a di-iron catalytic center on the cytosolic side of the 
membrane, which is associated with the presence of the three 
characteristic histidine-rich motifs [44]. PUFA and sphingolipid 
Δ4-desaturases share these key structural features but differ in 
their domain organization: while PUFA Δ4-desaturases are clas
sical front-end desaturases featuring an N-terminal cytochrome 
b5-like domain, sphingolipid Δ4-desaturases completely lack this 
domain.

While numerous microsomal front-end desaturases with Δ4- 
,5-,6- or 8-regioselectivity have been characterized to date in many 
different organisms [4], plastidial front-end desaturases represent 
a relatively new class of enzymes that remain largely unexplored. 
Indeed, only three enzymes of this type have been studied to date, 
all of them from algal species. Z€auner et al. [22] first identified a 
putative Δ4-desaturase (CrΔ4FAD) in C. reinhardtii that is involved 

Fig. 4. Lipidomic analysis of leaves from Arabidopsis thaliana lines overexpressing Ot13bDES and Col-0 control. 
A: Glycerolipid composition. 
B: Fatty acid composition of MGDG. 
C: Proportion of Δ4-desaturated fatty acids in MGDG. 
Lipid extracts were prepared from leaves of Arabidopsis lines expressing Ot13bDES under the control of the CaMV 35S promoter, and glycerolipids were separated by TLC. The 
major lipid classes (PC, Phosphatidylinositol and Phosphatidylserine (PI + PS), Phosphatidylethanolamine (PE), Phosphatidylglycerol (PG), DGDG, MGDG) were scraped off the 
plate, and GC analyses were used to determine their fatty acid compositions and relative contents. 
The data represent means ± standard deviation of 3–5 biological replicates, and statistics were based on Kruskal-Wallis rank sum test with Dunn post-hoc analysis (*, 
0.1<p < 0.05; **, 0.05<p < 0.01; ***p < 0.001).
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in 16:4n3 biosynthesis. More recently, Degraeve-Guilbault et al. 
[26] functionally characterized the first  two plastidial Δ6- 
desaturases. These enzymes had no activity when expressed in 
the heterologous system S. cerevisiae, but using three different 
photosynthetic organisms, namely N. benthamiana, Synechocystis, 
and O. tauri, the authors could demonstrate their Δ6 desaturation 
activity on specific  plastidic lipid species. Thus, in the present 
study, we report on the fourth plastidial front-end desaturase to be 
ever studied, and the first  to be unambiguously characterized 
through heterologous expression as a front-end Δ4-desaturase.

The heterologous expression experiments carried out in this 
work convincingly showed that Ot13bDES is a plastidial desatur
ase that converts 16:3n3 into 16:4n3, therefore displaying Δ4- 
activity. The detailed lipidomic analyses of our best-performing 
Arabidopsis transgenic lines further showed a 16:3n3 conversion 
rate close to 100 %, indicating a very high catalytic activity. In 

addition, our co-expression experiments with O. tauri plastidial 
Δ6-desaturases (Ot05DES and/or Ot10DES) in N. benthamiana 
convincingly show that Ot13bDES has no Δ3 activity, and therefore 
suggest that Ot13bDES has a strict Δ4-regioselectivity. While the 
detection of trace amounts of 18:4n3 in our best-performing 
Ot13bDES-overexpressing Arabidopsis lines may, in contrast, sug
gest that Ot13bDES displays a promiscuous Δ6-activity towards 
18:3n3, our preferred interpretation is that a yet-to-be-discovered 
plastidial elongating activity in Arabidopsis converts 16:4n3 into 
18:4n3. The recent report of an elongation activity converting 
16:1Δ7 into 18:1Δ9 in Synechocystis sp. PCC 6803 [45] supports the 
possibility that such activity may still be present in higher plants 
and could account for the low levels of 18:4n3 observed in our 
study. We also consider that the minor amounts of 16:4n3 detec
ted in DGDG and PC most probably originate from the synthesis of 
these lipids from 16:4-containing MGDG (or deacylation/ 

Fig. 5. Molecular profiling of major leaf glycerolipids from Arabidopsis thaliana lines overexpressing Ot13bDES and Col-0 control. 
A: MGDG molecular species. 
B: DGDG molecular species. 
C: PC molecular species. 
Lipid extracts were prepared from leaves of Arabidopsis lines expressing Ot13bDES under the control of the CaMV 35S promoter, and glycerolipids were analysed by LC-MS. 
The data represent means ± standard deviation of 4 biological replicates, and statistics were based on Kruskal-Wallis rank sum test with Dunn post-hoc analysis (*, 0.1<p < 0.05; 
**, 0.05<p < 0.01; ***p < 0.001).
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reacylation of 16:4n3), rather than from Ot13bDES acting on these 
lipids. The distribution of 16:4n3 in our A. thaliana transgenic lines 
and O. tauri [26] could therefore further suggest that Ot13bDES 
displays a very strict specificity  for lipid polar head group (i.e., 
MGDG) and the sn-position (i.e., sn-2) as previously reported for 
several microsomal front-end Δ6-desaturases [46]. It is also 
possible that the very specific  accumulation of 16:4n3 in Arabi
dopsis MGDG is due to the general nearly exclusive presence of 
16:3n3 at the MDGD sn-2 position in higher plants. Nevertheless, 
the very specific regiolocalisation of 16:4n3 in O. tauri and in our 
transgenic lines strongly suggests that Ot13bDES is particularly 
active on the fatty acid present at the MGDG sn-2 position. 
N. benthamiana leaves are very rich in MGDG 36:6 (with 18:3n3 at 
both sn-positions; [37]), and O. tauri plastidial Δ6-desaturases 
were shown to be highly efficient in converting 18:3n3 to 18:4n3 
(particularly Ot05DES; [26]). We therefore speculate that in our 
coexpression experiments, 18:4n3 was produced at the sn-2 po
sition of MGDG in N. benthamiana, but not further converted to 

18:5n3, reinforcing the strict Δ4-regioselectivity of Ot13bDES (no 
Δ3-desaturation activity despite the presence of 18:4 at Ot13b
DES's preferred MGDG sn-2 position). Finally, in the two heterol
ogous expression systems we used (N. benthamiana and 
Arabidopsis), we observed the appearance of 16:4n3 as well as 
smaller amounts of 16:3n6. This may indicate that Ot13bDES re
quires the presence of a pre-existing Δ7 double bond in its sub
strate, as already suggested for CrΔ4FAD [22] and the microsomal 
Δ4 desaturase from E. gracilis [47].

In the present study, we also used yeast as a heterologous 
system to verify the activity of Ot01DES as a microsomal Δ4- 
desaturase involved in DHA biosynthesis in O. tauri. In our 
phylogenetic tree, Ot01DES was highly similar to the functionally 
characterized microsomal Δ4-desaturase from O. lucimarinus 
(Old4p; [28]), but also closely related to Ot13bDES. Ahmann et al. 
[28] previously demonstrated in yeast that Old4p actively desa
turated supplemented 22:5n3 and 22:4n6, but also showed a low 
activity toward 16:3n3. Interestingly, Old4p was also co-expressed 

Fig. 6. Subcellular localization of Ot13bDES in Arabidopsis lines overexpressing Ot13bDES-YFP fusion protein. 
A: Fatty acid composition of the different Arabidopsis lines overexpressing Ot13bDES-YFP fusion protein and Col-0 control. 
B: Proportions of Δ4-desaturated fatty acids in Arabidopsis lines overexpressing Ot13bDES-YFP fusion protein and Col-0 control. 
C: Ot13bDES-YFP subcellular localization by confocal imaging (Bar = 5 μm). 
Arabidopsis expressing Ot13bDES-YFP fusion protein under the control of the CaMV 35S promoter were generated and used for fatty acid analysis by GC and confocal imaging. 
The data represent means ± standard deviation of 7–10 biological replicates, and statistics were based on Kruskal-Wallis rank sum test with Dunn post-hoc analysis (*, 
0.1<p < 0.05; **, 0.05<p < 0.01; ***p < 0.001).
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with an MGDG synthase from C. sativa and supplied with 16:3n3. 
Although this strategy resulted in 16:3n3 incorporation into gal
actolipids, it did not increase the Old4p activity toward 16:3n3 
[28]. Given that both Ot13bDES and Ot01DES possess PredAlgo- 
predicted chloroplast transit peptides [26], we used a similar 
approach to test whether Ot13bDES possesses microsomal Δ4- 
desaturation activity. Contrary to Ot01DES, Ot13bDES showed no 
detectable conversion of 22:5n3 to 22:6n3, indicating that these 
enzymes are functionally different.

Our phylogenetic analysis showed that Ot13bDES clusters with 
the previously described CrΔ4FAD from C. reinhardtii [22]. Like 
Ot13bDES, CrΔ4FAD was shown to contain an N-terminal cyto
chrome b5 domain and to be localized in the plastids of 
C. reinhardtii. Z€auner et al. [22] studied CrΔ4FAD through modu
lation of its expression in C. reinhardtii and reported that neither 
up- nor down-regulation affected MGDG 16:4n3 levels. However, 
their strategy modified the MGDG to DGDG ratio and consequently 
slightly impacted the total 16:4n3 and 18:3n3 levels. These find
ings highlighted a link between 16:4n3 availability and MGDG 
abundance and the predominant role of CrΔ4FAD in galactolipid 
homeostasis in C. reinhardtii. Nevertheless, Z€auner et al. [22] did 
not directly demonstrate the Δ4-activity of CrΔ4FAD through 
heterologous expression. This strategy, usually performed in a host 
lacking the activity to be verified, is recommended for unambig
uously determining the exact activity and regiospecificity of any 
putative front-end desaturase. The clear characterization of 
Ot13bDES as a plastidial Δ4-desaturase in our study, along with its 
phylogenetic proximity with CrΔ4FAD, further supports that 
CrΔ4FAD has such an activity. Plastidic desaturases usually use 
ferredoxin and ferredoxin reductase as electron donors, while 
microsomal front-end desaturases use their N-terminal cyto
chrome b5 domain and cytochrome b5 reductase as electron do
nors. Z€auner et al. [22] showed through differences in spectral 
absorbance that the recombinant cytochrome b5 domain of 
CrΔ4FAD was functional in vitro. Since, in addition, Yang et al. [48] 
reported physical interaction between ferredoxin 5 and CrΔ4FAD, 
it is highly probable that electron transfer occurs in these unusual 
plastidial front-end desaturases via ferredoxin and ferredoxin 
reductase through their N-terminal cytochrome b5 domain.

Although both C. reinhardtii and O. tauri contain high levels of 
16:4n3, the distribution of this peculiar fatty acid in these organ
isms clearly differs. In C. reinhardtii, 16:4n3 is mainly found in 
MGDG and nearly exclusively in galactolipids under optimal 
growth conditions [16]. In contrast, in O. tauri, this fatty acid is 
distributed across many different lipid classes, including plastidial 
MGDG and DGDG, microsomal DGTA and PDPT (which “replaces” 
PC in O. tauri), as well as DAG and TAG storage lipids. In addition, 
16:4n3 accumulation in C. reinhardtii was shown to strongly 
depend on growth conditions, with nitrogen deprivation resulting 
in lower amounts [49]. Detailed lipidomic analyses have further 
shown that N-deprivation and heat stress resulted in the synthesis 
of 16:4n3-containing TAG from 16:4n3-containing MGDG (via DAG 
intermediates or a lipase/transacylase mechanism; [50,51]). 
Similarly, in Chlorella sp., 16:4n3 accumulation was shown to be 
reduced by heterotrophic or low-nutrient (nitrogen) conditions 
[52,53]. A similar trend was reported in O. tauri, although the 
overall picture was less clear since 16:4n3 is present in every class 
of O. tauri glycerolipids [19]. In particular, 16:4 is a major fatty acid 
of the extraplastidial lipid DGTA, where it occupies the sn-2 posi
tion, like in MGDG. However, in contrast, 16:4 was not detected in 
the O. tauri's acyl-CoA pool, suggesting that MGDG-derived DAG 
might be exported from the chloroplasts to fuel the synthesis of 
16:4n3-containing extraplastidial lipids. Another hypothesis is 
that Ot13bDES could be located at the chloroplast envelope, 
allowing it to modify both microsomal and plastidial lipid pools 

[16,19]. However, both the precise suborganellar localization of 
Ot13bDES and the exact mechanism(s) behind O. tauri particular 
16:4n3 distribution remain to be discovered.

In summary, we characterized in this study a plastidial front- 
end desaturase with Δ4-regioselectivity involved in 16:4n3 
biosynthesis in O. tauri. Stable expression in A. thaliana showed 
that the enzyme very efficiently converted all 16:3n3 into 16:4n3 
without impacting plant development, suggesting that this rather 
novel type of desaturase may have a high biotechnological po
tential for the production of unusual fatty acids in plant biomass.
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