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Abstract 

Our understanding on the fate of terrigenous material in the coastal ocean is, in part, limited by 

a lack of mechanistic information on how diverse microbial consortia interact with organic 

substrates with varying degrees of reactivity. Here, we report results from a laboratory 

incubation experiment in seawater collected from the Gulf of Marseille, amended with 13C-

labelled terrestrially-derived particulate organic matter (TPOM), Rhône River suspended 

particulate matter (SPM) as inoculum, and the diatom Skeletonema costatum as a reactive 

substrate. We monitored 13C-labelled TPOM lipid tracers (long-chain fatty acids, n-alkan-1-ols, 

phytol, sitosterol, -amyrin and components of cutins) throughout a 42-day incubation 

experiment. Incubation treatments were amended with diatom biomass within the range of 

diatom concentrations found in estuaries bordering the Gulf to test for priming effects on TPOM 

degradation. Both DNA stable isotope probing (DNA-SIP) and 13C of microbial fatty acids were 

used to link microbes with decomposition of labelled TPOM. Comparisons with controls, 

carried out without diatom additions, showed faster decay of phytol, n-alkan-1-ols, and 

components of cuticular waxes in the presence of diatoms, while fatty acids and sitosterol were 

unaffected. Bacteria belonging to the Bacteroidota phylum (mainly Flavobacteria and 

Cytophaga) were the dominant microbes involved in priming-induced TPOM degradation in 

the incubation treatments. Sphingomonadales and Rhizobiales, capable of lignin and 

hemicellulose degradation, also contributed to the degradation of TPOM, but did not seem to 

contribute to priming effects related to increased diatom abundance. These lab-based results 

demonstrate that priming of TPOM occurred selectively via a consortium of microbes, rather 

than enhanced production of extracellular enzymes by one bacterial taxon. 
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Introduction 

Rivers export substantial amounts of terrestrially-derived particulate organic matter (TPOM) to 

the coastal ocean (e.g., Berner 1982, Hedges et al. 1997). However, there remain critical gaps 

in our understanding of the complex and dynamic mechanisms controlling the fate of this 

material along the river-ocean continuum (e.g., Ward et al. 2017). Organic molecules associated 

with higher plants such as lignocellulose have historically been considered recalcitrant to 

marine microbial decay pathways (de Leeuw & Largeau 1993; Hedges 2002; Bianchi et al. 

2013). Interestingly, early work also showed that coastal marine sediments stored less TPOM 

than predicted from global river inputs (Hedges & Keil 1995). This implied that TPOM global 

budgets were either incorrect, or that TPOM experienced greater degradation than expected in 

coastal waters, and/or was exported to offshore waters more than expected (Hedges et al. 1997; 

Burdige 2005; Bianchi 2011). More recently, this paradigm has changed showing that TPOM 

can, in fact, be substantially decomposed by microbes in coastal waters (e.g., Vonk et al. 2010; 

Bourgeois et al. 2011; Karlson et al. 2011; Rontani et al. 2014; Bianchi et al. 2018). However, 

the diversity of microorganisms and metabolic pathways responsible for TPOM decay (Pointing 

& Hyde 2000; Bjordal 2012) and their relative role in pre- and post-depositional processes that 

control TPOM stocks in the coastal ocean remain largely unexplained.  

Coastal TPOM degradation is likely carried out by a consortium of microbial 

communities with different metabolic functions and enzymes. The dynamic nature of the 

coastal zone can result in complex relationships whereby TPOM-degrading microbial 

distribution patterns are not actually linked with TPOM concentration gradients. For example, 

Gammaproteobacteria, which are abundant in TPOM-depleted saline waters, were found to be 

more efficient at degrading TPOM than Betaproteobacteria, which dominate TPOM-rich river 

waters (Newton et al. 2011; Bonin et al. 2019). The decay of TPOM may also be enhanced by 

unique interactions between different metabolic pathways across steep physicochemical 
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gradients, or aquatic critical zones (Bianchi & Morrison 2018), where turbid nutrient-rich river 

waters interface with phytoplankton-rich marine waters. Finally, although marine fungi (e.g., 

Ascomycetes) have long been recognized for their capability of decomposing TPOM in coastal 

waters (Jones & Irvine 1971; Benner et al. 1984; Mouzouras 1989), they have largely been 

ignored in coastal carbon cycling, but with some recent renewed interests (Pointing & Hyde, 

2000; Blanchette 2010; Byordal & Dayton, 2020).  

The term “priming effect” more broadly describes a suite of interactive microbial 

processes (e.g., Bengtsson et al. 2018). While well-studied and demonstrated in soils (Parnas 

1976; Kuzyakov et al. 2000; Bastida et al. 2019), priming effects are less constrained in aquatic 

systems, and are generally described as an enhanced remineralization of terrestrially-derived 

material in the presence of labile co-substrates from algal sources (e.g., Guenet et al. 2010, 

2014; Bianchi et al. 2011, 2015; Steen et al. 2016; Ward et al. 2019; Aller & Cochran 2019). 

Inconsistencies in the detection of priming in aquatic systems may, in part, be related to the 

diversity of indices used to “track” priming (e.g., change in CO2, nutrient production/uptake, 

bacterial production, enzyme assays, loss of primed substrate) and/or where the work was 

conducted (e.g., field or laboratory) (Sanches et al. 2021). Nevertheless, priming of  recalcitrant 

OM in aquatic systems is generally hypothesized to result from: (i) an increase of microbial 

biomass due to consumption of reactive substrates (algal components) (Grant & Betts 2004), or 

(ii) an enhanced microbial production of extracellular enzymes capable of breaking less reactive 

substrates (TPOM components), driven by energy obtained from the breakdown of more 

reactive substrates (e.g., amino acids and simple sugars) (e.g., Guenet et al. 2010, Ward et al. 

2016). Coastal deltaic regions, characterized by a high input of TPOM, high rates of primary 

production, and high respiration rates via microbial communities, are generally considered to 

have a high priming potential (Guenet et al. 2010; Bianchi 2011). Unfortunately, the specific 

mechanistic pathways involved in the degradation of primed TPOM in aquatic systems remains 
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poorly understood (Bengtsson et al. 2018; Sanches et al. 2021). Such knowledge may be critical 

for accurately portraying how coastal biogeochemical dynamics (e.g., carbon fluxes and 

nutrient cycling) influence global climate in next generation Earth System Models (Ward et al. 

2020; Bianchi et al. 2021).   

A recent experiment observed enhanced TPOM degradation of suspended particulate 

matter (SPM) in the Rhône River after a phytoplankton bloom dominated by diatoms based on 

specific lipid tracer analyses (amyrins, lupeol, phenolic acids, and components of cuticular 

waxes) (Bonin et al. 2019). This enhanced TPOM biodegradation might be attributed to the 

presence of diatoms, however, due to the use of distinct SPM inocula during these experiments 

this enhancement may have also resulted from the presence of a more efficient bacterial 

community during the bloom period (Bonin et al. 2019). Thus, the role of priming effects on 

TPOM degradation in this ecosystem could not be unequivocally demonstrated. Building on 

this previous work, 13C-labelled Avena sativa (“common” oat, a C3 grass - widespread 

throughout the Rhône River; Lecornu & Michel, 1986), was incubated in the dark in natural 

seawater, in the presence and absence of the marine diatom Skeletonema costatum, 

supplemented with SPM collected in the Rhône River. The seawater and SPM served as marine 

and terrestrial bacterial inoculum, respectively. Quantification of labelled lipid tracers allowed 

us to better track the priming of river-borne TPOM remineralization in the presence of marine 

diatom material. Measurement of 13C-incorporation in bacterial and fungal fatty acids, along 

with DNA-SIP analyses, allowed for the identification of the dominant microbes involved in 

the enhanced degradation of TPOM to test the hypothesis that priming-induced TPOM 

degradation involves a diversity of microbial actors.  

 

Materials and methods 
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Sampling 

Fresh SPM samples were collected using a Teflon-coated high-speed centrifuge (CEPA 

Z61) at the Arles station of the MOOSE program (43°40’44”N, 4° 37’16”E) (at 30 km upstream 

the Rhône River mouth) on 17 December 2018. SPM samples were transported in an ice box to 

the laboratory and then stored at 4°C until further analysis. Seawater samples, for lab 

incubations, were collected on 7 December 2018 at the station SOLEMIO (SOMLIT network) 

(43° 14’ 30”N, 5° 17’ 30”E) (in the Gulf of Marseille) and filtered through GF/F (0.8 µm) 

before its use. At the time of sampling, the salinity was 38 g kg−1 (measured using an ATAGO 

ATC refractometer).  

 

Substrate 

13C labelled (97% 13C) leaves of A. sativa were obtained from IsoLife (Wageningen, The 

Netherlands). Leaves were cut into small pieces and then ground in a Fast Prep-24TM 5G (MP 

Biomedicals), using metal beads (2 mm diameter). 

 

Biodegradation experiments 

Incubation experiments were performed in a growth chamber at a controlled temperature 

of 15°C – temperature of ambient coastal waters at the time of sampling. Experimental systems 

were composed of 10 mg of 13C labelled Avena sativa, 650 µL of a culture of 

Skeletonema costatum containing 1.1 x 106 cells mL-1, 150 mg of fresh SPM collected at the 

Arles station and 150 mL of seawater. The diatom concentrations used here (4.8 x 103 cells mL-

1) corresponded to the range of nanophytoplankton in the Rhône Estuary (from 2 x 103 to 3 x 

104 cells mL-1) (Obernosterer et al. 2005). To maintain aerobic conditions, Erlenmeyer flasks, 

coated with cotton plugs, were incubated in the dark on a reciprocal shaker (96 rpm, 5 cm 

amplitude). At each sampling times (0, 7, 15, 28 and 42 days), 3 flasks (triplicates) were 
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sampled for lipid analyses and 3 for SIP analyses. Control flasks without diatoms were also 

carried out in triplicate and incubated for 14 and 42 days. All samples were filtered on pre-

combusted GF/F filters (Whatman) for chemical analyses and on 0.2 µm Nuclepore filters 

(Whatman) for SIP analyses and stored at −20°C until further analysis. Chemical analyses were 

only carried out on the controls incubated for 42 days. 

 

Chemical analyses  

 

Lipid extraction 

For lipids, thawed filters were placed in methanol (20 mL) with excess NaBH4 (70 mg; 

30 min at 20°C). This process was conducted to reduce any hydroperoxides in samples (Galeron 

et al. 2015), which are known to induce autoxidative damage of some lipids during the hot 

saponification step. After NaBH4 reduction, 20 mL of water and 2.8 g KOH were added and 

directly saponified by refluxing (75°C) for 2 h. After cooling, samples were acidified with HCl 

(pH 1) and extracted (3×) with dichloromethane (DCM). The combined DCM extracts were 

dried over anhydrous Na2SO4, filtered, and concentrated by rotary evaporation at 40 °C to 

isolate the total lipid extract (TLE).  

 

Derivatization 

TLEs were taken up in 300 μL of a mixture of pyridine and N,O-

bis(trimethysilyl)trifluoroacetamide (BSTFA; Supelco) (2:1, v:v) and silylated for 1 h at 50°C 

to convert OH-containing compounds to their TMSi-ether derivatives. After evaporation to 

dryness under a stream of N2, derivatized residues were taken up in a mixture of ethyl acetate 

and BSTFA (to avoid desilylation of fatty acids) for analysis using gas chromatography-EI 

quadrupole time of flight mass spectrometry (GC-QTOF). 
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Gas chromatography–EI quadrupole time of flight mass spectrometry 

Accurate mass measurements were carried out in full scan mode using an Agilent 7890B/7200 

GC/QTOF System (Agilent Technologies, Parc Technopolis – ZA Courtaboeuf, Les Ulis, 

France) and a cross-linked 5% phenyl-methylpolysiloxane (Macherey-Nagel; OPTIMA-5MS 

Accent) (30 m x 0.25 mm, 0.25 µm film thickness) capillary column. Analyses were performed 

in pulsed splitless mode set at 270 °C, where oven temperature was ramped from 70 °C to 130 

°C at 20 °C min-1 and then to 300 °C at 5 °C min-1. The pressure of the carrier gas (He) was 

maintained at 0.69 x 105 Pa until the end of the temperature program. Instrument temperatures 

were 300 °C for the transfer line and 230 °C for the ion source; nitrogen (1.5 mL min-1) was 

used as collision gas. Accurate mass spectra were recorded across the range m/z 50–700 at 4 

GHz with the collision gas opened. The QTOF-MS instrument provided a typical resolution 

ranging from 8009 to 12252 from m/z 68.9955 to 501.9706. Perfluorotributylamine (PFTBA) 

was used for daily MS calibration. Compounds were identified by comparing their TOF mass 

spectra, accurate masses and retention times with those of 12C standards. Quantification of each 

compound involved extraction of specific accurate fragment ions, peak integration and 

determination of individual response factors using external standards and Mass Hunter software 

(Agilent Technologies, Parc Technopolis – ZA Courtaboeuf, Les Ulis, France). 

High resolution accurate mass full scans, obtained from GC-QTOF analyses, allowed for 

estimation of isotopic enrichment states of all lipids measured (Triebl & Wenk 2018).  

 

Standards 

13C-labelled lipids were quantified using GC-QTOF with external 12C-standards. 

Sitosterol, nonadecanoic acid, hexacosan-1-ol and phytol, were obtained from Sigma-Aldrich. 

Fatty acids and n-alkan-1-ols, were quantified with standards of nonadecanoic acid and 

hexacosan-1-ol, respectively. It is well-known that epoxides undergo alcoholysis to 
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methoxyhydrins, hydrolysis to diols during alkaline hydrolysis, and are converted to 

chlorohydrins during acidification with HCl (Marchand & Rontani 2001). The degradation 

products of 9,10-epoxy-18-hydroxyoctadecanoic acid thus formed and 9,16- and 10,16-

dihydroxyhexadecanoic acids were quantified with a standard mixture of 9- and 10-

hydroxyoctadecanoic acids produced from oleic acid in three steps: (i) photosensitized 

oxidation of oleic acid in pyridine in the presence of hematoporphyrin as sensitizer, (ii) NaBH4-

reduction of the resulting allylic hydroperoxyacids, and (iii) hydrogenation of the double bond 

in methanol with Pd/C as catalyst. 

 

DNA and Sequencing 

 

DNA-SIP analyses 

DNA stable isotope probing and metabarcoding sequencing were used to assess what 

bacteria were involved in 13C- A. sativa degradation in the presence of 12C- S. costatum as a co-

substrate. After the growth of microorganisms in the presence of the substrate (13C- A. sativa) 

and co-substrate (12C- S. costatum), 13C-DNA was separated from 12C-DNA by isopycnic 

density gradient centrifugation in CsCl gradients. Within the gradient from lightest to heaviest 

DNA, microorganisms that consume only 12C -S. costatum, then both 12C- S. costatum and 13C- 

A. sativa and finally only 13C- A. sativa were explored. Five fractions of increasing density were 

separated from each sample and submitted to Mi-seq sequencing. SIP analyses were carried out 

on the samples collected after 0, 7, 14, 28 and 42 days of incubation in the presence of 12C- S. 

costatum and after 14 and 42 days of incubation without 12C- S. costatum. 

 

DNA extraction and isopycnic separation 
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For each stop time, samples (individual vials) were filtered on 0.22 μm sterile filters and 

stored frozen at -80°C until further analysis. Each filter was treated with TE-Lysis buffer (20 

mM Tris, 25 mM EDTA, 1 μg mL-1 Lysozyme) followed by 1% SDS treatment. Extractions 

were performed twice with an equal volume of phenol-chloroform-isoamyl alcohol (25:24:1, 

v:v:v) pH 8, followed by a treatment with chloroform-isoamyl alcohol (24:1, v/v), DNA 

precipitation by isopropanol and resuspension in 50 µL of molecular biology grade water. 

Extracted DNA was quantified using the Qubit double-stranded DNA (dsDNA) high-sensitivity 

assay kit and a Qubit 2.0 fluorometer (Invitrogen, Eugene, OR, USA).  

The 13C-DNA was separated from community 12C-DNA by CsCl gradient centrifugation 

in the presence of EtBr (Lueders et al. 2003; Neufeld et al. 2007). To separate DNA by density, 

10 µg of DNA was added to approximately 5.4 mL of a saturated CsCl and gradient buffer (100 

mM Tris-HCl, 100 mM, KCl 0.1 M,  EDTA 1 mM) and 110 µL of a stock solution 10 mg mL-

1 EtBr in a 5.5 mL OptiSeal ultracentrifuge tube (Beckman Coulter, Fullerton, CA, USA). The 

final density of the solution was 1.725 g mL-1. The samples were spun in an Optima XPN 

ultracentrifuge (Beckman Coulter, Fullerton, CA, USA) using a Beckman ntv-90 rotor at 

127,000 g for 40 h at 20°C. After centrifugation, gradients of density-separated DNAs were 

fractionated, and ten fractions (ca. 500 μL) were collected per tube and weighed on a digital 

balance (precision 10-4 g) to confirm gradient formation. EtBr was removed by three successive 

washings with TE (10 mM Tris-HCl, 1 mM EDTA, pH 8)-butanol (50:50, v/v). The distribution 

of DNA in CsCl gradients was quantified by spectrophotometry (BioSpec-nano, Shimadzu). 

Five fractions of DNA were obtained from the heaviest (E) to the lightest (A) with BDs of ~ 

1.755–1.740, 1.740–1.730, 1.730–1.720, 1.720–1.710 and 1.710–1.700 g mL-1. DNA was 

precipitated with 800 μL polyethylene glycol 6000 (1.6 M) overnight at room temperature, 

recovered by centrifugation 45 min at 13,000 g, washed once with 500 μL 70% (v/v) ethanol, 

suspended in 20 µL sterile deionized water and then stored at -20°C.  
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Twenty-five samples of DNA 13C-SIP experiment incubated with and without 

amendment of 12C- S. costatum were sequenced. The V4 region of the bacterial and archaeal 

16S rRNA genes were amplified using universal primer sets (Caporaso et al. 2012), 515F-Y 

(5′-GTGYCAGCMGCCGCGGTAA-3′, Parada et al. 2016) and 806RB (5′-

GGACTACNVGGGTWTCTAAT-3′, Apprill et al. 2015) (0.5 µM) and 2.5 U TaKaRa 

PrimeSTAR® GXL DNA polymerase (OZYME) in reactional system of 50 µL as described in 

Garel et al. (2019). The 16S amplicons were sequenced by the MiSeq Illumina (paired end 2* 

250) platform Get of Genotoul (INRA, Narbonne France, https://get.genotoul.fr).  

 

Sequence data processing 

The program dada2 (version 1.18) (Callahan et al. 2016) using default settings to correct 

sequence errors, in the R software version 3.4.3) was used to identify unique amplicon sequence 

variants (ASVs) from raw sequence reads. Using the function filterAndTrim, forward and 

reverse primer sequences were removed, maxEE was set to 2, trunQ was set to 11, maxN was 

set to 0. The function orient.fwd was used to orient sequences in the same direction. Error rates 

of forward and reverse reads were modeled with learnerrors for 100 Million bases. Paired ends 

were merged with mergePairs and unique sequences were inferred with the function dada. 

Chimeras were removed with removeBimeraDenovo using the “consensus” method. Taxonomy 

was assigned to the output sequences through the Silva database (version 138, Quast et al. 

2012). The phyloseq package (McMurdie et al. 2013) was used to combine, analyze, and 

graphically display ASV tables. Raw sequence data were deposited to BioProject PRJ XXXX.  

To select the more differentially abundant genera, data were first converted in percentage 

with the transform_sample_count function from phyloseq package version 1.16.2 and then 

aggregated by genus with aggregate_taxa from the same package. To detect difference, another 

filter was used with Aggregate_rare function follows by the parameters of detection equal to 

https://www.frontiersin.org/articles/10.3389/fmicb.2019.00453/full#B8
https://www.frontiersin.org/articles/10.3389/fmicb.2019.00453/full#B37
https://www.frontiersin.org/articles/10.3389/fmicb.2019.00453/full#B1
https://get.genotoul.fr/
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1/100 and prevalence equal to 66/100. To visualize associations between different sources of 

data sets and reveal potential patterns ComplexHeatmap package was applied. Vizualisation 

was based on the z-score of each genus (i.e. the distance from the mean abundance, expressed 

in number of standard deviations, by row). A boxplot representing the relative abundance of 

each genus (expressed as log) was generated and included on the heatmap plot, by the 

row_anno_boxplot and rowAnnotation functions. 

 Co-occurrence networks were built from the communities incubated in the presence of 

12C- S. costatum. The network analysis used in inputs data converted in percentage with 

“transform_sample_counts” function and aggregated by Genus with “aggregate_taxa”. Only 

specific phyla were selected: Proteobacteria, Bacteroidota, Planctomycetota, Cyanobacteria and 

Verrumicrobiota. Three networks were computed, one for each density band (A; B-C and D-

E). The data were correlated with “trans_network” function from microeco version 0.4.0 (Liu 

et al. 2021). 

The calculation of the correlation was carried out with WGCNA (Langfelder et Horvath 

2008) with a threshold equal to 0.0001 and Spearman for the method of the correlation. Only 

correlations with a coefficient (rho) > |0.7| were considered for further analysis. To visualize 

the network, Gephi software version 0.9 was used (Bastian et al. 2009). Nodes represented 

genera and edges represented the significant correlations between them. The network was 

defined by weighted correlation network analysis that determined modules (cluster of highly 

co-occurring microorganisms) and network nodes with regard to module membership.  

Specific biodegradation response of the modules was assessed by Spearman’s 

correlations between module eigengenes and the rate of biodegradation of selected compounds 

eicosanoic acid, docosanoic acid, 9,10-epoxy-18-hydroxyoctadecanoic acid (constituent of 

vegetable cuticular waxes), phytol, sitosterol, isomeric dihydroxyhexadecanoic acids 

(constituents of vegetable cuticular waxes), tetracosan-1-ol; hexacosan-1-ol, octacosan-1-ol, 
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and triacontan-1-ol. To correlate the module and biodegradation rates, the package microeco 

was used again with the functions “cal_cor” to calculate and “plot_cor” to visualize. 

 

Results  

 

Lipid composition of A. sativa leaves 

The main 13C labelled lipid components detected after alkaline hydrolysis of A. sativa 

leaves were hexadecanoic (palmitic), 3-(4-hydroxy-3-methoxyphenyl)prop-2-enoic (ferulic), 

and (2E)-3-(4-hydroxyphenyl)prop-2-enoic (p-coumaric) acids (Fig. 1). Smaller amounts of 

labelled long-chain fatty acids (C20:0 and C22:0), long-chain n-alkan-1-ols (C24-C30), phytol 

(chlorophyll phytyl side-chain), sitosterol, isomeric 9,16- and 10,16-dihydroxyhexadecanoic 

acids, degradation products of 9,10-epoxy-18-hydroxyoctadecanoic acid and traces of -amyrin 

could be also detected (Supplementary Fig. S1).  

 

Incubation experiments 

13C-labelled lipids were quantified after 0, 7, 15, 28 and 42 days of incubation (Table 1, 

Fig. 1). A degradation of fatty acids, n-alkan-1-ols, phytol, sitosterol, and components of 

cuticular waxes was observed. Interestingly, this degradation occurred without the 

accumulation of any detectable intermediate catabolites, likely due to their rapid 

remineralization (e.g., Boetius et al. 1996). The degradation of phytol, C24, C26 and C28 n-alkan-

1-ols in controls (without diatoms) incubated for 42 days, appears to be significantly slower 

than in treatments with diatoms (t-test, p = 0.01, p = 0.01, p = 0.002, p = 0.03 < 0.05, 

respectively). However, the decay of C20 and C22 fatty acids, cuticular waxes and sitosterol was 

not significantly different in the presence or absence of diatoms (t-test, p = 0.19, p = 0.21, p = 
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0.19, p = 0.75 > 0.05, respectively) (Table 1, Fig. 1); there was also no detectable degradation 

of -amyrin in any of the incubations.  

 

Bacteria and degradation of A. sativa 

From 25 density fractions 1,207,563 raw reads were generated, ranging between 88,709 

and 20,773 sequences per library (Supplementary Table S1). After the quality trimming 

process, about 515,689 reads were retained (86%). The Good’s index showed that the 

sequencing depths were sufficient to cover 97.8 ± 3.3% of the microbial diversity and the 

rarefaction curves approached saturation, indicating an acceptable sequencing depth for all 

remaining samples. All good quality sequences were distributed into 5164 ASVs. The global 

species richness (observed ASV counts) ranged from 54 to 106 ASVs depending on the sample. 

 Phylum and class-level phylogenetic analysis of communities incubated with 12C- S. 

costatum (Fig. 2A) indicated that sequences affiliated with Bacteroidota were highly abundant 

in the second heaviest fractions (B and C, B-C: 1.710-1.730 g mL-1) (47.01 ± 8.5%), with 

relative abundances of 3.1−3.4 times higher than the lightest fraction (A) or the mean at T0. In 

the heaviest fraction (D and E, D-E: 1.7230-1.755 g mL−1), Bacteroidota abundance was close 

to that observed in the lightest fraction (21.2 ± 4.9 and 15.3 ± 3.8 %, respectively). The relative 

abundance of Flavobacteriales reached its highest value after 14 (B) or 28 (C) days of incubation 

(32.4 ± 5.3%), whereas Cytophagales overabundances were observed after only 7 days (18.9 ± 

5.6%). Flavobacteriales and Cytophagales abundances (10.63 ± 3.3% and 3.1 ± 2.7%, 

respectively) were clearly weaker in the D-E fractions (Fig. 2D). 

In most fractions, the relative abundance of Proteobacteria varied only slightly over the 

time (78.8 ± 6.1, 44.1 ± 9.3 and 57.8 ± 7.5% for the A, B-C and D-E fractions, respectively). 

Proteobacteria Gammaproteobacteria were dominant in the lightest fraction and thus used 

mainly the unlabeled algal substrate as a carbon source, whereas Alphaproteobacteria, mainly 
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found in the heaviest fraction, had clearly consumed the labelled A. sativa (Figs. 2B, 2C). In 

this heaviest fraction, the relative abundance of Planctomycetota and Verrumicrobiota reached 

12.8 ± 2.7% (8 fold higher than in A fraction) and 6.5 ± 1.7%, respectively, after 28 days of 

incubation. Gammaproteobacteria, bacteria affiliated to Nitrosococcales, formerly affiliated to 

Betaproteobacteria (Fig. 2B), were most abundant in the lightest fraction (A) and increased after 

14 days to reach their maximal level (55.5 ± 4.6 % of the total community). The same pattern 

was observed for the less abundant Salinisphaerales. For the other bacteria belonging to 

Alteromonadales, Burkholderiales, Cellvibrionales, and Oceanospirillales orders, no significant 

differences in their distribution within fractions or over the time was observed. In contrast, the 

relative abundance of Alphaproteobacteria (Fig. 2C) declined with time in the lightest fraction, 

but was maintained in fractions D-E. Rhizobiales and Sphingomonadales orders were 

significantly higher abundant in the heaviest fraction (D-E) with 24.4- (D-42d), 47.2- (E-42d) 

fold higher abundance than those of the unlabeled fraction for the former and 36.5- (D-14-28d), 

61.6- (E-28d) for the latter.  

To better understand the bacteria involved in the assimilation of the labeled substrates, 

13C-incorporation (%) in the main fatty acids (Fig. 3) and hydroxyacids (Fig. 4) was measured 

during the experiment including chemotaxonomic approaches (Table 2). The labelling was 

highest in the case of dodecanoic, 12-methyltridecanoic (iso-C14), 13-methyltetradecanoic (iso-

C15), hexadec-11-enoic, 2-hydroxy-13-methyltetradecanoic, 3-hydroxy-13-methyl-

tetradecanoic, and 3-hydroxy-15-methylhexadecanoic acids.  

To disentangle the effect of S. costatum as algal co-substrate on individual members of 

the community, we focused on the two main phyla (Proteobacteria and Bacteroidota) and 

identify the significantly differentially abundant genera between incubations with and without 

the diatom, S. costatum for the same sampling time 14-days and 42 -days for the A, B-C and 

D-E fractions, respectively (Fig. 5 and Fig. S2). The z-score pattern of the most discriminant 
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genera has been used to highlight the preponderant effect of S. costatum as co-substrate on 

bacterial diversity.  

Looking across the whole community, the presence of diatoms only affected the relative 

abundance of a few genera. Except Methylophaga, whose relative abundance reached up to 

45% of the total community in band A, the genera differentially abundant between incubations 

with and without diatoms were minor and their relative abundance rarely exceeded 1%. After 

14 days of incubation, in the BC band the Taeseokella, Algoriphagus and Flavobacterium 

genera belonging to the Bacteroidota were significantly more abundant in the presence of 

diatoms, while in the DE band Alteromonas and Pseudoalteromonas were dominant (Fig. 5). 

After 42 days, only Erythrobacter was more abundant in the diatom incubations.  

Recent studies show that microbial co-occurrence patterns can help to unveil ecologically 

meaningful interactions between species (Fillol et al. 2015; Horner-Devine et al. 2007; Steele 

et al. 2011). To better explore potential microbial consortia involved in the priming of TPOM 

in the presence of diatoms, we constructed a co-occurrence network based on strong and 

significant Spearman correlations. Network approaches showed that co-occurring species were 

often organized into groups, or modules, of functional significance (Barberan et al. 2012; 

Chaffron et al. 2010; VickMajors et al. 2014). Modules are groups of highly connected genera 

within the group but with very few connections outside the group. Correlations between 

modules and the rates of biodegradation of 13C- specific compounds were calculated (Fig. 6 1-

5). 

As expected, in the lightest band (A) there was no correlation between any module and 

the degradation of 13C-TPOM markers (Fig. 6-1). The intermediate fractions B-C, contained 

DNA of bacteria that assimilated both 13C-labelled A. sativa and 12C- S. costatum and thus 

played a potential role in the observed priming effects. Modules M4, M5 and M12 represented 

9.43, 8.49 and 2.83% of the nodes of the network, respectively (Fig. 6-2, Fig. S3-1), and was 
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significantly correlated with the degradation of most of the TPOM markers with the exception 

of waxes (9,10-epoxy-18-hydroxyoctadecanoic acid and Isomeric dihydroxyhexadecanoic 

acids) (Fig. 6-5). Module M4 grouped 2 genus belonging to cyanobacteria (Prochlorococcus 

and Synechococcus) and genus mainly affiliated to Alteromonadales (Alteromonas, 

Pseudoalteromonas), Rhodobacterales (Phaeobacter) and Flavobacteriales (NS marine group). 

Within M5 bacteroidota including genera belonging to Flavobacteriales order (Aquimarina, 

Mesonia and Tenacibaculum) and Cytophagales order (Pseudarcicella) were associated with 

Proteobacteria (Pseudomonas and Marinomonas). The heaviest fractions (D-E) concentrated 

the DNA of bacteria growing only on the 13C-labelled A. sativa vascular plant and not on 12C- 

S. costatum. Modules M1 and M4 represented 19.42 and 5.83% of the nodes of the network, 

respectively (Fig. 6-3, Fig. S3-2) showed very significant correlations with biodegradation of 

TPOM including cuticular waxes (Fig. 6-5). M1 also included two Cyanobacteria 

(Synechococcus and Prochlorococcus), Flavobacteriales (NS marine group) and 

Gammaproteobacteria (Alteromonas, Pseudoalteromonas, Marinobacter). M4 grouped new 

genera belonging to Bacteroidota (Balneola and Arcticiflavibacter amongst 

Flavobacteriales  order). Unexpectedly, none of the genera belonging to the Sphingomonadales 

and Rhizobiales orders that were more abundant at the end of incubation in the DE band were 

directly included in modules that correlate strongly with the rate of degradation of TPOM tracer 

compounds.   

 

Discussion 

 

Lipid composition of A. sativa leaves  

Quantification of labelled lipids allowed for the detection of A. sativa bacterial 

remineralization during the incubations (TPOM model). We excluded palmitic acid, which may 

https://www.ncbi.nlm.nih.gov/Taxonomy/Browser/wwwtax.cgi?mode=Undef&id=135622&lvl=3&lin=f&keep=1&srchmode=1&unlock
https://www.ncbi.nlm.nih.gov/Taxonomy/Browser/wwwtax.cgi?mode=Undef&id=204455&lvl=3&lin=f&keep=1&srchmode=1&unlock
https://www.ncbi.nlm.nih.gov/Taxonomy/Browser/wwwtax.cgi?mode=Undef&id=200644&lvl=3&lin=f&keep=1&srchmode=1&unlock
https://www.ncbi.nlm.nih.gov/Taxonomy/Browser/wwwtax.cgi?mode=Undef&id=768507&lvl=3&lin=f&keep=1&srchmode=1&unlock
https://www.ncbi.nlm.nih.gov/Taxonomy/Browser/wwwtax.cgi?mode=Info&id=1664383&lvl=3&lin=f&keep=1&srchmode=1&unlock
https://www.ncbi.nlm.nih.gov/Taxonomy/Browser/wwwtax.cgi?mode=Info&id=200644&lvl=3&lin=f&keep=1&srchmode=1&unlock
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be produced by bacteria growing on 13C-labelled substrates, and ferulic and p-coumaric acids, 

whose volatile TMS derivatives can be lost by evaporation, during the silylation process. 

Moreover, the production of these two phenolic acids, during biodegradation of biopolymers 

(Otto et al 2005; Fazary & Ju, 2007; Xu et al. 2018), clearly compromises these results. We 

utilized the following labelled lipids to detect A. sativa remineralization: phytol, C24-C28 alkan-

1-ols, C20:0 and C22:0 fatty acids, sitosterol, -amyrin and products of alkaline depolymerisation 

of cuticular waxes i.e. isomeric dihydroxyhexadecanoic acids (mainly 9,16- and 10,16-) and 

9,10-epoxy-18-hydroxyoctadecanoic acid (Holloway & Deas 1973; Deas & Holloway1977; 

Kolattukudy 1980), the epoxy group of the latter being converted to the corresponding 

methoxyhydrins, triols, and chlorohydrins during the treatment (Marchand & Rontani 2001) 

(Fig. S1).  

 

 Experimental degradation of A. sativa lipids  

Incubations were carried out under aerobic conditions, hence, the effects of autoxidative 

processes on TPOM degradation could not be totally excluded.  Autoxidation can operate in all 

oxic aquatic environments (Schaich 2005) and potentially affect all unsaturated lipids (Rontani 

2012; Rontani & Belt 2020). However, the decrease in concentrations of 24-ethylcholesta-

−triol and 3,7,11,15-tetramethyl-hexadec-2(Z/E)-en-1,4-diols (specific autoxidation 

products of sitosterol and phytol, respectively; Rontani & Aubert 2005; Rontani et al. 2014), 

provided evidence that observed lipid decay in the incubations were microbially-mediated with 

no autoxidative artifact. 

Examination of 13C incorporation in octadec-9-enoic (oleic) acid (main fatty acid of fungi; 

Athenaki et al. 2017) and 13-methyltetradecanoic, hexadec-11-enoic, 2-hydroxy-13-

methyltetradecanoic and 3-hydroxy-13-methyltetradecanoic acids (fatty and hydroxy acids 

specific to bacteria; Fautz et al. 1979; Harwood & Russell 1984; Blumenberg et al. 2005) (Figs. 
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3 and 4) clearly demonstrated that the primary microbes responsible for the assimilation of 13C-

labelled A. sativa were bacteria. The lack of labelled archaeol (well-known tracer of 

Archaebacteria; Sustar et al. 2012) during the incubation and SIP results (see Fig. 2 where 

Archaebacteria are in the “other” phylum) do not support the involvement of Archaebacteria in 

the degradation of A. sativa.  

Enhanced bacterial degradation of some A. sativa lipids (phytol, C24-C30 alkanols and 

cuticular waxes) in the presence of diatoms (Table 1, Fig. 1), provides possible evidence of 

positive priming effects (Guenet et al. 2010; Bianchi et al. 2011). However, it is interesting to 

note that this enhanced degradation in the presence of diatoms was not observed for C20 and 

C22 fatty acids and sitosterol (Table 1, Fig. 1). Interestingly, this shows that efficiency of a 

possible priming effect is targeted to certain compounds in vascular plants, something that will 

clearly help in resolving some inconsistencies in past priming studies (see Bengtsson et al. 

2018; Sanches et al. 2021). In particular, this selectivity may be attributed to: (i) an increase of 

the biomass of specific bacteria resulting from the consumption of reactive substrates, such as 

algal fatty acids, amino acids and sugars (Grant & Betts 2004), or (ii) an enhanced microbial 

production of extracellular enzymes, able to degrade some A. sativa components, driven by the 

degradation of algal priming components (Guenet et al. 2010, Ward et al. 2016) 

We posit these results are in good agreement with: (i) the strong degradation of TPOM 

previously observed during incubations of Rhône SPM containing a high proportion of 

freshwater diatoms in seawater (Bonin et al. 2019), and (ii) the increase of bacterial degradation 

of vascular plant material with the proportion of algal sterols, observed in SPM samples 

collected in the salinity gradient of the Rhône Estuary (Bonin et al. 2019). Observations of 

enhanced microbial respiration at the confluence of turbid and clear waters of the Amazon River 

revealed similar findings (Ward et al. 2019a). Thus, the incubation experiment indirectly 

supports previous speculations by Bonin et al. (2019), that priming may have been occurring 



20 

 

across similar steep turbidity and algal gradients in the Rhône Estuary. High rates of lipid 

decomposition are similarly observed in other dynamic settings where diverse processes occur 

such as newly deposited material at the estuarine and marine sediment interfaces (Canuel & 

Martens 1996; Sun et al. 2000), remineralization of sinking particles (Meyers & Eadie, 1992), 

and turbidity currents (Treignier et al. 2006). These are all environmental settings where 

priming effects could potentially occur (e.g. Aller & Cochran 2019), though have not 

necessarily been frequently observed based on experimental techniques applied to date 

(Bengtsson et al. 2018). 

 

Bacteria and the assimilation of A. sativa 

In the case of our observations of different relative abundances of some genera under 

different incubation conditions, we note that the addition of diatoms does not drastically modify 

microbial community structure. The most striking differences were observed in the lightest 

fraction where Gammaproteobacteria were dominant. These opportunistic copiotroph 

organisms took advantage of the fresh organic matter supply. In contrast, we did not observe 

clear modification of the biodiversity of microorganisms that assimilated 13C- A. Sativa, 

whereas the biodegradation of 13C-lipids was very strongly stimulated. Thus, the addition of 

fresh OM (diatoms) along with TPOM represents a readily available source of energy, C and 

nutrients for microorganisms, and a consecutive stimulation of enzymatic activities as it has 

generally been reported in soil (Kandeler et al. 1999; Marschner et al. 2003). The 

biodegradation of TPOM prokaryotic community in soils, limited by the energy available, 

would be activated by the addition of fresh OM, an energy source in terms of C-rich and labile 

molecules. This activation would lead to a strong release of extracellular enzymes and to an 

increase in the mineralisation of the TPOM without modifying the biodiversity of the microbial 

community. However, due to technical limitations, little is known about the role of the different 
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community members participating in TPOM biodegradation and its further assimilation. The 

use of isotopes enables linking the identity and function of microorganisms even in field studies 

(Dumont et al. 2006). In this study, we explore for the first time the stimulation of the 

mineralization of A. Sativa, as a model TPOM substrate labelled with 13C, via priming with 

marine diatoms to better elucidate the dynamics and identity of microbial populations that 

actively assimilated the carbon of residue during its degradation process.  

Flavobacteriales and Cytophagales were most abundant in the bacterial community that 

assimilated both 13C-labelled A. sativa and 12C- S. costatum and could have played a role in 

priming. After 14 days of incubation, the addition of 12C- S. costatum led to a dominance of 

Bacteroidota (Flavobacterium, Arenibacter and Taeseokella), followed by Alphaproteobacteria 

(Erythrobacter, Hyphomonas) after 42 days. These different genera, in the presence of diatoms, 

appear to have assimilated both carbon sources, but were not included in the main modules that 

had the highest correlation with the rate of 13C-lipids biodegradation. The assimilation of 13C-

A. Sativa by Bacteroidota was further supported with chemotaxonomy. For instance, bacteria 

of the Cytophagales order were characterized by a high content of iso-C15, hexadec-11-enoic, 

3-hydroxy-13-methyltetradecanoic and 3-hydroxy-15-methylhexadecanoic acids (McGraph et 

al. 1990; Nedashkovskaya et al. 2005), with the Flavobacteria genus dominated by iso-C15, 2-

hydroxy-13-methyltetradecanoic, 3-hydroxy-13-methyltetradecanoic and 3-hydroxy-15-

methylhexadecanoic acids (Moss & Dees 1978; Zamora et al. 2013). The high presence of these 

13C-labelled acids (Table 2) confirms that bacteria belonging to the Bacteroidota phylum 

strongly contributed to the remineralization of A. sativa.  Note that bacteria belonging to this 

phylum were able to grow on dead bacteria (O’Sullivan et al. 2002). Thus, the consumption of 

bacterial necromass, enriched in 13C, could bias our conclusions. However, if bacterial growth 

on 13C-labelled necromass was a significant factor, the isotopic signature of fatty acids of 
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Bacteroidetes would have increased at the end of the incubation, which was not observed (Table 

2).  

SIP results clearly showed that bacteria of the Bacteroidota phylum (more particularly 

Flavobacteria and Cytophaga) consumed both 13C-labelled A. sativa and 12C-algal material (Fig. 

2) and thus play a key role in the priming effects. These bacteria, which are particularly common 

in estuaries (Crump et al. 1999; Böckelmann et al. 2000) and in the oceans (Kirchman 2002), 

are well known for their ability to catabolize polyaromatic substances (lignin) and sugar 

polymers (hemicellulose) from higher plants (Kisand et al. 2002), due to the presence of specific 

profiles of hydrolytic enzymes. They can also utilize lipids, proteins and DNA present in dead 

organisms (O’Sullivan et al. 2002). Moreover, members of the Bacteroidota phylum exhibit 

gliding motility and are therefore thought to live primarily on surfaces (DeLong et al. 1993, 

Riemann et al. 2000). Thus, they seem to be the ideal organisms to thrive as particle-attached 

bacteria in the estuaries (Crump et al. 1999), an attribute that has been suggested to play an 

important role in priming (Catalan et al. 2015). Moreover, Teeling et al (2012) previously 

observed that such bacteria responded first to the available substrates from dying diatoms and 

increased rapidly in cell numbers. As such, bacteria belonging to this phylum should thus play 

a key role in the production of the biomass needed for carrying out priming effects. 

The part of the microbial community that primarily consumed the 13C- A. Sativa TPOM 

tracer was found in the densest band. The modules showing a strong correlation with the lipid 

tracers are composed of the same genera as the modules identified in the intermediate density 

band (Flavobacteriales (NS marine group) and Gammaproteobacteria (Alteromonas, 

Pseudoalteromonas, Marinobacter)). Bacteria belonging to these genera seem to play a major 

role in the degradation and assimilation of the lipidic fraction of the TPOM. In this fraction, a 

significant increase in the abundance of sphingomonadales and Rhizobiales was also observed 

and likely contributed to the degradation of 13C-A. sativa (Fig. 2). The lack of correlation 
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between the degradation of 13C-labelled lipid tracers and the abundance of these bacteria 

suggests that these organisms mainly grew on non-lipidic 13C-labelled components of A. sativa 

(e.g. sugars, proteins, lignocellulose and lignin). It is interesting to note that Sphingomonas 

paucimobilis SYK-6, which is one of the most well-characterized lignin-degrading bacteria 

(Masai et al. 1999), produces specific enzymes, such as β-etherases, O-demethylases, and ring 

fission dioxygenases, which are essential in the lignin metabolic pathway (Sonoki et al. 2002). 

The presence of such enzymes in Sphingomonadales makes these species particularly well 

adapted to the degradation of higher plant material. Rhizobium species, which are widely 

distributed in nature and are usually isolated from the plant rhizosphere (Yoon et al. 2010; Sun 

et al. 2013), also possess the genomic and physiological capability to metabolize lignin and 

lignin-like compounds (Jackson et al. 2017). Due to the simultaneous presence of lignin-

oxidizing and carbohydrate-hydrolyzing genes in Rhizobiales (Jackson et al. 2017), these 

bacteria are also able to efficiently degrade lignocellulose. Unfortunately, 13C-incorporation in 

fatty acids of Sphingomonadales and Rhizobiales could not be measured. Sphingomonadales 

are generally characterized by the presence of sphingolipids and 2-hydroxyacids (Busse et al. 

1999). The 2-hydroxyacids, linked to sphingosine by amide bonds, are only very weakly 

hydrolyzed during the alkaline hydrolysis step employed during the treatment. The 

preponderance of amide-linked fatty acids is also a characteristic of Rhizobiales (Russa et al. 

1995). 

These results suggest an apparent priming effect that resulted from synergistic 

interactions between different bacterial groups, each utilizing different substrates, in contrast to 

priming associated with single bacterial population utilizing both algal and higher plant 

materials (Bianchi et al., 2015). Prior incubation studies have not identified any dominant 

phylogenetic group in the Bacteroidota phylum, involved in the decomposition of low and high 

molecular weight dissolved organic matter, further supporting the notion that diverse 
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assemblages and consortia drive organic matter remineralization in the ocean (Cottrell & 

Kirchman, 2000). Similarly, another recent study has shown that the presence of algal material 

in coastal waters triggers unique genomic functions associated with aromatic carbon 

degradation, but did not demonstrate whether one or many microbial taxa were responsible for 

this response (Ward et al. 2019b). 

 

Conclusions 

Incubation of 13C-labelled A. sativa leave debris (TPOM model) in seawater (with and 

without amendments of the diatom S. costatum) with Rhône SPM as inoculum showed an 

enhancement of the decomposition of some A. sativa lipid components (phytol, n-alkan-1-ols 

and cuticular waxes) in the presence of diatoms. The lack of effect of algal amendment on the 

degradation of other lipids (fatty acids and sitosterol) supports an apparent selective positive 

priming effect. Using molecular markers, we were able to identify that bacteria of the 

Bacteroidota phylum played a dominant role in priming-induced TPOM degradation in 

estuarine waters. Priming of TPOM was carried out by a consortium of microbes (mainly 

Flavobacteria and Cytophaga) after consumption of labile substrates. Sphingomonadales and 

Rhizobiales microbes that possess enzymes needed for lignin and hemicellulose metabolism 

may also contribute to TPOM degradation in aquatic environments. However, in the case of 

this experiment their abundance was not stimulated by the presence of algal substrates. 

This study provides insight into the molecular-level chemical and biological mechanisms 

involved in priming of TPOM degradation in estuarine environments, which is a first step in 

elucidating where and when priming effects occur and how relevant this process is on 

ecosystem to global scales. Future research should further evaluate the underlying mechanisms 

by which priming effects vary along salinity and river mouth-continental shelf gradients to 

further constrain the fate of terrigenous material in the coastal zone. Likewise, it is critical to 
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explore the impact of increasing coastal eutrophication on the decomposition of TPOM both as 

it is delivered from rivers to the sea and after being stored in coastal sediments. 
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FIGURE CAPTIONS 

Fig. 1. Degradation of lipid components of 13C-labelled A. sativa during the incubations. 

Fig. 2. Taxonomic affiliation of the 5 most abundant phyla (A), amongst the class of 

Gammaproteobacteria (B), amongst the class of Alphaproteobacteria (C) and amongst 

Bacteroidota (D) obtained from the 16S rRNA gene (DNA) sequences at different sampling 

times during the incubation. The group “Other” contains all phyla with relative abundance 

lower than 1% of the total community. 

Fig. 3. TOF MS mass spectra of octadec-9-enoic (A), 13-methyltetradecanoic (B) and hexadec-

11-enoic (C) acid TMS derivatives at the end of the incubation. 

Fig. 4. TOF MS mass spectra of 2-hydroxy-13-methyltetradecanoic acid (A) and 3-hydroxy-

13-methyltetradecanoic acid TMS derivatives at the end of the incubation. 

Fig. 5. Heatmap showing the normalized abundance (Z-score by row) of differentially abundant 

genera belonging to Bacteriodota and Proteobacteria (alpha and gamma) phyla. Boxplot 

representing the distribution of Log-transformed relative abundances in different samples. 

Fig. 6. Co-occurrence network based on correlation analysis. Each node denotes a microbial 

genera. Node size is proportional to the degree (that is, the number of links from this node to 

any other node) and node color denotes taxonomic classification. Edge lines between nodes 

represent significant co-occurrences relationships. Edge size indicates the strength of Spearman 

correlation among nodes. 1, 2 and 3 represent co-occurrence network of A, BC and CE bands, 

respectively. 4 and 5 show the correlations between module eigengenes and environmental 

traits in the core community network. The color of each plot indicates the correlation between 

corresponding module eigengenes and environmental trait. Red color means highly positive 

correlation and green color means highly negative correlation. Pearson correlation matrix (Fig. 

6-4; 6-5) between module and environmental parameters. The color indicates the correlation 
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coefficient intensity (rho), the p-values are indicated in the plots and in its significance with (*): 

P > 0.05 ; * : p ≤ 0.05 ; ** ≤ 0.01; *** ≤ 0.001. 

Supplementary material 

Fig. S1. Total ion current chromatogram of the total lipid extract of A. sativa. 

Fig. S2. Taxonomic affiliation of the 5 most abundant phyla (A), amongst the class of 

Gammaproteobacteria (B), amongst the class of Alphaproteobacteria (C) and amongst 

Bacteroidota (D) obtained from the 16S rRNA gene (DNA) sequences at different sampling 

times during the incubation without S. costatum as cosubstrate. The group “Other” contains all 

phyla with relative abundance lower than 1% of the total community. 

Fig. S3. Same network as in Figure 6. Modules significantly related to environmental 

parameters are colored.  

Table S1. Data quality trimming and alpha diversity indices. 
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Table 1 

Degradation of 13C labelled A. sativa components during the different incubations. 

 

 

Compounds 

 

                            Incubation time (d) 

 

 

 

 

 

0 7 15 28 42 42 

(without diatoms) 

 

 

Eicosanoic acidb 

 

342.1 ± 110.4 

 

131.9 ± 28.7 

 

109.4 ± 34.4 

 

86.8 ± 34.3 

 

89.6 ± 11.1 

 

112.8 ± 23.2 

Docosanoic acidb 223.9 ± 78.9 114.6 ± 29.4 103.4 ± 35.3 88.8 ± 44.0 84.4 ± 6.3 104.7 ± 23.1 

Phytola 1.4 ± 0.2 0.9 ± 0.3 0.4 ± 0.2 0.6 ± 0.1 0.4 ± 0.2 1.2 ± 0.3 

Tetracosan-1-olb 34.8 ± 7.8 28.5 ± 9.0 22.3 ± 4.0 19.0 ± 6.9 13.9 ± 2.3 30.6 ± 6.0 

Hexacosan-1-ola 1.1 ± 0.2 0.8 ± 0.5 0.6 ± 0.2 0.4 ± 2.2 0.2 ± 0.1 0.8 ± 0.1 

Octacosan-1-olb 263.3 ± 56.6 168.9 ± 90.0 154.8 ± 65.5 112.0 ± 70.8 107.3 ± 42.7 167.6 ± 37.7 

9,16- and 10,16-dihydroxyhexadecanoic acidsa 3.2 ± 0.5 2.7 ± 0.6 2.5 ± 0.3 1.6 ± 0.4 1.3 ± 0.6 2.0 ± 0.9 

9,10-Epoxy-18-hydroxyoctadecanoic acida 15.5 ± 1.7 15.0 ± 4.6 10.2 ± 2.3 6.8 ± 2.3 4.6 ± 3.1 8.0 ± 2.4 

Cuticular waxesc 

Sitosterolb 

-Amyrinb 

 

18.7 ± 1.4 

193.0 ± 34.0 

5.2 ± 1.2 

17.7 ± 5.1 

163.9 ± 57.2 

6.3 ± 1.1 

12.7 ± 2.0 

87.0 ± 41.2 

5.8 ± 2.4 

8.4 ± 2.7 

92.3 ± 25.6 

5.7 ± 1.1 

5.9 ± 3.7 

63.1 ± 18.7 

5.5 ± 1.2 

10.0 ± 2.1 

57.9 ± 20.1 

5.6 ± 0.5 

a Amount/flask (µg) 
b Amount/flask (ng) 
c (Isomeric dihydroxyhexadecanoic acids + 9,10-epoxy-18-hydroxyoctadecanoic acid) 
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Table 2 
13C incorporation (%)a in the main fatty acids during the incubation with algal cosubstrate. 

 

 

 

Fatty acids 

 

Initial time 

 

Incubation for 28 

days 

 

 

Incubation for 42 

days 

 

Dodecanoic acid 

Tetradecanoic acid 

Hexadecanoic acid  

Octadecanoic acid 

12-Methyltridecanoic acid (iso C14) 

 

6.0 ± 1.0 

7.6 ± 0.6 

6.4 ± 1.1 

9.5 ± 1.0 

ndb 

 

42.3 ± 5.9 

9.4 ± 1.6 

3.9 ± 0.6 

2.3 ± 0.1 

37.3 ± 4.3 

 

9.4 ± 3.8 

7.0 ± 0.8 

4.1 ± 0.7 

2.7 ± 0.1 

39.0 ± 3.4 

13-Methyltetradecanoic acid (iso C15) 1.9 ± 0.6 64.8 ± 7.9 64.5 ± 1.1 

12-Methyltetradecanoic acid (anteiso C15) 0.9 ± 0.3 20.1 ± 3.4 22.3 ± 2.4 

Hexadec-9-enoic acid  3.6 ± 0.2 35.0 ± 4.6 26.4 ± 1.5 

Hexadec-11-enoic acid nd 80.2 ± 3.6 78.5 ± 2.4 

Octadec-9-enoic acid  

Octadec-11-enoic acid  

14.1 ± 1.4 

6.6 ± 0.8 

7.0 ± 1.5 

34.6 ± 8.0 

11.0 ± 2.0 

29.2 ± 1.9 

3-Hydroxydecanoic acid 

3-Hydroxytetradecanoic acid 

3-Hydroxy-13-methyltetradecanoic acid 

3-Hydroxyhexadecanoic acid 

3-Hydroxy-15-methylhexadecanoic acid 

2-Hydroxy-13-methyltetradecanoic acid 

 

nd 

10.0 ± 3.0 

nd 

7.7 ± 1.5 

nd 

3.4 ± 1.1 

24.1 ± 2.6 

14.7 ± 2.4 

69.6 ± 4.9 

19.4 ± 1.6 

58.9 ± 6.6 

72.4 ± 7.6 

19.8 ± 6.7 

7.3 ± 0.8 

61.3 ± 2.0 

15.3 ± 1.1 

56.3 ± 1.8 

65.9 ± 2.0 

a After correction for natural 13C abundance. 
b Not detected 
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Table S1 : 

 

 

Description imput filtered denoised merged nonchimeric 
Final_retained 

(%) 
Observed Chao1 

M1-0d-A 47338 26210 23002 16824 15379 64,98 340 345,25 

M1-0d-B 49820 34337 31942 25311 20483 82,23 430 443,54 

M1-0d-C 59977 40140 38929 33603 23512 78,40 359 360,65 

M1-0d-D 28930 18737 17838 15016 12910 89,25 253 253,10 

M1-0d-E 20273 13266 12422 10471 8830 87,11 208 208,00 

M1-7d-A 54438 31293 27377 21557 17156 63,03 257 257,59 

M1-7d-B 53136 35595 33583 30788 20310 76,45 202 210,25 

M1-7d-C 33761 23741 22348 20433 14536 86,11 191 194,11 

M1-7d-D 59192 26155 24516 20994 16275 54,99 266 269,11 

M1-7d-E 44943 30690 29405 27053 18960 84,37 243 245,57 

M1-14d-A 18642 12703 10762 9271 7265 77,94 95 95,00 

M1-14d-B 42673 28965 26847 24141 16903 79,22 216 219,00 

M1-14d-C 16057 11185 10368 9214 6752 84,10 100 100,00 

M1-14d-D 54720 36133 34592 31976 21429 78,32 281 293,36 

M1-14d-E 35746 25079 23855 20059 17204 96,26 321 324,06 

M1-28d-A 88709 58055 55889 52336 47531 107,16 353 395,37 

M1-28d-B 51938 42946 41194 38127 35123 135,25 340 366,00 

M1-28d-C 64600 51356 49443 44884 36756 113,80 247 258,50 

M1-28d-D 46563 38950 37477 34658 32376 139,06 268 293,55 

M1-28d-E 44619 34745 32997 29955 19743 88,50 218 218,17 

M1-42d-A 45136 34788 31804 28158 18984 84,12 135 138,33 

M1-42d-B 78296 51417 48674 43957 22562 57,63 186 187,75 

M1-42d-C 49959 38214 36506 33761 19989 80,02 232 232,00 

M1-42d-D 49696 37648 35735 33139 21077 84,82 233 233,00 

M1-42d-E 68401 50097 48324 44042 23644 69,13 211 211,75 

M2-0d-B 41658 32500 27028 21284 16074 77,17 264 265,75 

M2-0d-C 38269 29233 25001 20047 16097 84,13 283 287,00 

M2-0d-D 41890 32785 27986 22531 17444 83,28 307 308,65 

M2-0d-E 59649 45270 39193 30893 22139 74,23 333 335,05 

M2-21d-A 60671 44875 40804 35132 22237 73,30 239 244,00 

M2-21d-B 50551 38364 34935 31517 20293 80,29 253 255,55 

M2-21d-C 47805 36742 35000 31877 19971 83,55 199 199,33 

M2-21d-D 51622 38534 36189 33301 20310 78,69 220 221,43 

M2-21d-E 44383 35240 33043 30316 19730 88,91 231 231,67 

M2-42d-A 65970 48460 45317 39747 23701 71,85 231 231,43 

M2-42d-B 37235 29314 26706 24113 16341 87,77 226 226,75 

M2-42d-C 45738 34766 32693 29266 20050 87,67 242 244,50 

M2-42d-D 44470 34477 32354 29508 20689 93,05 262 263,50 

M2-42d-E 36716 27845 26175 24051 17942 97,73 242 243,67 
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