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Abstract

Monounsaturated fatty acids are straight-chain aliphatic monocarboxylic acids comprising a unique
carbon-carbon double bond, also termed unsaturation. More than 50 distinct molecular structures
have been described in the plant kingdom, and more remain to be discovered. The evolution of land
plants has apparently resulted in the convergent evolution of non-homologous enzymes catalyzing the
dehydrogenation of saturated acyl chain substrates in a chemo-, regio- and stereoselective manner.
Contrasted enzymatic characteristics and different subcellular localizations of these desaturases
account for the diversity of existing fatty acid structures. Interestingly, the location and geometrical
configuration of the unsaturation confer specific characteristics to these molecules found in a variety of
membrane, storage, and surface lipids. An ongoing research effort aimed at exploring the links
existing between fatty acid structures and their biological functions has already unraveled the
importance of several monounsaturated fatty acids in various physiological and developmental
contexts. What is more, the monounsaturated acyl chains found in the oils of seeds and fruits are
widely and increasingly used in the food and chemical industries due to the physicochemical
properties inherent in their structures. Breeders and plant biotechnologists therefore develop new

crops with high monounsaturated contents for various agro-industrial purposes.
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phosphoceramide; FAT, acyl-acyl carrier protein thioesterase; HEAR, high erucic acid rapeseed; KAS,
3-ketoacyl-acyl carrier protein synthase; KCS, 3-ketoacyl-coenzyme A synthase; LCB, long-chain
base; LEAR, low erucic acid rapeseed; MGDG, monogalactosyldiacylglycerol; PAD, palmitoyl-acyl
carrier protein desaturase; PC, phosphatidylcholine; PDCT, phosphatidylcholine:diacylglycerol choline
phosphotransferase; PE, phosphatidylethanolamine; PG, phosphatidylglycerol; SAD, stearoyl-acyl
carrier protein desaturase; SLD, sphingolipid long-chain base A8 desaturase; SQDG,

sulfoquinovosyldiacylglycerol; VLCFA, very long-chain fatty acid (>18C).
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1. Introduction

Land plants collectively produce a tremendous diversity of fatty acids that differ in chain length,
number and position of C-C double bonds (also referred to as unsaturations), or addition of unusual
functional groups (e.g. hydroxyl, epoxyl, ketone, acetylenic). While introduction of a first unsaturation
represents a widespread modification of saturated acyl chains, it nevertheless constitutes one of the
most fascinating and critical reaction of plant lipid metabolism. From an enzymatic point of view, the
unique ability of desaturases to oxidize unactivated hydrocarbon chains in a chemo-, regio- and
stereoselective manner has been described as “approaching the limits of the discriminatory power of
enzymes” [1-3]. Particularly intriguing is the precision with which these enzymes operate on substrates
composed of essentially equivalent methylene chains that lack distinguishing features close to the site
of dehydrogenation [4,5]. Yet, the evolution of land plants has resulted in the emergence of a variety of
desaturase enzymes, with their diversification favoring the production of an increasing array of
monounsaturated acyl chains. Importantly, location and geometrical configuration of the unsaturation,
altogether with chain length, confer specific characteristics to monounsaturated fatty acids and deeply
impact their metabolic use, leading to the biosynthesis of complex lipids with specific biological
functions. When accumulated in the oils of seeds and fruits, these monounsaturated acyl chains have
a considerable potential in the food and chemical industries due to the physicochemical properties
inherent to their structures. This has led breeders and plant biotechnologists to develop new crops that

can serve as renewable sources of carbon chains for agro-industrial purposes.

2. Diversity of plant monounsaturated fatty acids

2.1. Potential number of monounsaturated fatty acids
Monounsaturated fatty acids can be defined as straight-chain (unbranched) aliphatic monocarboxylic

acids containing a unique double bond (Figure 1A). They can be noted n:1°*"

, with n designating the
number of carbon atoms in the acyl chain, z specifying the position of the carbon engaged in the
double bond and closest to the carboxyl end (A nomenclature), while ¢ (cis, Z) and t (trans, E) labels
provide information regarding the geometrical configuration of the unsaturation. Carbon numbering
from the methyl end of the fatty acid (w nomenclature) also exists and will be adopted to discuss
certain categories of unusual fatty acids.

The potential number of monounsaturated fatty acid structures increases with the length of the acyl
chain (Figure 2A). In a first approach, we do not count cis- and frans-isomers of unsaturated fatty
acids separately and let x, denote the number of theoretically possible monounsaturated fatty acids
involving n carbons. For n = 1, the carboxyl group is linked to one hydrogen, giving rise to formic acid.
For n = 2, the carboxyl group is linked to one methyl group, making up acetic acid. None of these
chemical structures can host a C-C double bond. Thus x; = 0, x, = 0. For n = 3, the saturated fatty
acid is propionic acid, and there is the possibility to insert a double bond at position A2, yielding acrylic

acid. Thus x3 = 1. More generally, the number of monounsaturated fatty acids as a function of chain



length n for n > 1 can be calculated as follows: x, = n — 2, as the carbon atom of the carboxyl group
cannot engage in a C-C double bond, and the remaining n — 1 carbons are connected by n — 2 bonds
[6]. Importantly, when the fatty acids involve non-terminal double bonds, cis- and trans-isomers can be
distinguished. When such isomers are considered separately, the number of monounsaturated fatty

acids as a function of chain length n for n > 2 becomes x, =2 (n—-2)-1=2n-5.

2.2. Structural analysis of monounsaturated acyl chains
Fatty acids are usually analyzed by gas chromatography-mass spectrometry as methyl ester
derivatives (Figure 1B). While appropriate protocols and settings combined with the use of standards
are routinely used for efficient separation and identification of common monounsaturated acyl chains,
the structural characterization of unknown monounsaturated fatty acids (e.g. determination of the
position of the double bond in the alkyl chain) cannot be obtained by mass spectrometry alone. Double
bonds actually tend to migrate along the aliphatic chain under electron impact, making it impossible to
directly locate the unsaturation by mass spectrometry without some chemical modifications of the
molecule [7]. A first solution to this problem consists in the derivatization of the terminal carboxyl group
with a reagent containing a nitrogen atom (remote functional group modification). When the molecule
is ionized in the mass spectrometer, the nitrogen atom carries the charge, so that double-bond
ionization and migration are minimized. Radical-induced cleavage occurs evenly along the chain,
producing a series of relatively abundant ions of high mass from the cleavage of each C-C bond.
When the double bond is reached, diagnostic ions tend to occur [8]. After using N-acyl pyrrolidines
(Figure 1C), most analysts now prefer either picolinyl (3-hydroxymethylpyridinyl) esters (Figure 1D) or
4,4-dimethyloxazoline (DMOX) derivatives (Figure 1E), which both have their merits in terms of mass
spectrometry [7-10]. Preparation of DMOX derivatives is more straightforward, but the interpretation of
spectra obtained under electron-impact ionization tends to be more challenging when the double bond
is located near either end of the molecule, requiring reference mass spectra [11].

Another way to locate double bonds relies on the ‘fixation’ of the double bond before gas
chromatography—mass spectrometry analysis. Ozonolysis or oxidation/epoxidation can be used [7,12-
13]. But dimethyl disulfide (DMDS) adducts (Figure 1F), which have excellent mass spectrometric
properties and are prepared in a simple one-pot reaction, are more widely employed today by plant
biochemists [14]. Electron impact ionization of these adducts gives an abundant molecular ion, and
the cleavage between the methylthio-substituted carbons produces a set of key fragments that allows
locating the position of the original double-bond [15].

Over the last decade, advances in mass spectrometry have significantly accelerated the lipidomic
field, allowing to map the complete molecular composition of a lipidome and opening new exciting
research perspectives. In recent years, increasing attention has been paid to the biology of lipid
structural isomers, such as C-C double-bond location isomers, despite the difficulty in profiling the
whole lipidome with such location information in a high-throughput and sensitive fashion [16-18]. To
reveal the detailed structure of acyl chains comprising complex lipids, alternative tandem mass
spectrometric (MS/MS) methods have been developed, including ultraviolet photodissociation [19],

electron impact excitation of ions from organics [20], or ozonolysis [21]. Double-bond chemical



derivatization strategies have also been paired with MS/MS, including the Paternd-Blichi reaction [22]
and epoxidation [23]. What is more, imaging of lipid isomers on tissue sections has been made
possible by matrix-assisted laser desorption ionization (MALDI)-MS/MS imaging paired with
ozonolysis [24] or Paterno-Biichi reaction [25], as well as desorption electrospray ionization (DESI)-
MS/MS imaging paired with ultraviolet photodissociation [26]. These analytical techniques have not
been used so far to characterize unsaturated fatty acid isomers in plants but could provide useful
information regarding their precise location in a near future.

As for the analysis of geometrical isomers, the state-of-the-art of cis and frans fatty acid resolution
still involves intense research into finding efficient analytical methods suitable for complex biological
samples [27]. Gas chromatography remains the benchmark method allowing for a preliminary
separation of geometrical isomers of fatty acids prior to mass spectrometry analysis, the approach
requiring comparison to appropriate standards (which are not always easily available). Formation of
DMDS adducts being entirely stereospecific, with threo- and erythro-derivatives formed from cis- and
trans-isomers, respectively, it is possible to separate geometrical isomers while investigating the
location of double bonds [15]. In a few cases, mass spectrometry of monounsaturated fatty acid
methyl esters can provide some structural information regarding the geometry of the double bond
[28,29]. However, the characterization of geometrical isomers has historically relied on a number of
spectroscopy techniques including NMR, IR, UV and Raman spectroscopies [16]. In the case of
Raman spectroscopy for example, the stretching vibration of the C-C double bond for a cis-isomer is

near 1,655 cm™" and that of the trans-isomer is near 1,670 cm™ [27].

2.3. Natural structural diversity
Over 450 distinct fatty acids synthesized by land plants have been described so far and many new
structures remain to be discovered in the plant kingdom [30]. In contrast with the conservative fatty
acid composition of plant membrane lipids, tremendous fatty acid diversity exists in storage lipids, so
that triacyglycerols are often regarded as the primary source for the huge diversity in unusual fatty
acids [31]. The specific physical and chemical properties of many unusual fatty acids might explain
why they are excluded from membrane lipids, where they would perturb the integrity of the membrane
bilayer and have deleterious effects on cell biology [32]. Meticulous accumulation of datasets from
several decades of research has allowed the development of the Seed Oil Fatty Acid (SOFA)
database [33,34] and the plantFAdb.org resource, an internet-based database displaying fatty acid
composition for over 9,000 plants [30]. Examination of these databases reveals more than 50
structurally distinct monounsaturated fatty acids (Figure 2). Comparing the diversity of naturally
occurring monounsaturated fatty acid species characterized so far with potential diversity, there
appears to be an over-representation of structures with chain lengths ranging from 16 to 20 carbons
combined with a significant under-representation of odd-chain fatty acids. These biases faithfully
reflect the general diversity of plant fatty acids, since most of these exhibit even-numbered chain-
lengths up to 22 carbon atoms [6]. The prevalence of fatty acids having chain length of 16-20 carbons
most certainly derives from the characteristics acquired during the evolution by the enzymes involved

in their synthesis, these enzymatic characteristics possibly stemming from biological constraints like



the thickness of the biomembrane bilayers that often host these fatty acids in the form of glycerolipids
at some point of their biosynthesis even when their final destination consists in non-membrane lipid
pools. What is more, an additional physico-chemical constraint stems from the fact that melting point
temperatures of fatty acids increase with chain length [35], so that the biosynthesis of rigid very long-
chain fatty acids (VLCFAs) is often associated with the elaboration of highly specialized lipid pools like
the extracellular cuticular lipids [36,37]. Finally, most double bonds of plant monounsaturated fatty
acids appear to be in cis configuration.

A narrow spectrum of monounsaturated fatty acids can be found in membrane glycerolipids that

A9c ( A9c (

includes the rather ubiquitous 18:1 oleic acid) and 16:1 palmitoleic acid) fatty acids [38], as well

A3t

as a unique trans fatty acid, 16:1™, which is always esterified specifically at the sn-2 position of the

glycerol backbone of phosphatidylglycerol (PG) and is only found in thylakoid membranes. 16:1** has
been detected throughout nearly the entire plant kihngdom from green algae to land plants [39,40], but
is absent in orchids [41] and cyanobacteria [42]. Sphingolipids represent another major structural
component of membranes [43]. They share a common characteristic non-polar backbone made of a
long-chain sphingoid base that can be N-acylated to a long-chain or a very-long-chain fatty acid, thus
forming ceramides. The amide acyl residue is in a configurational position reflecting the sn-2 position
of diacylglycerolipids, whereas the alkyl chain of the long-chain sphingoid base corresponds to the sn-
1 substituent [44]. Both acyl chains can be monounsaturated. Double bonds are frequently present at
position A4 (in the frans conformation) or A8 (either in the cis or frans conformation) of long-chain
sphingoid bases [45-47]. In the plant kingdom, VLCFA components of ceramides are typically
saturated, but w9 monounsaturated acyl chains have been described in sphingolipids of Brassicaceae
and some Poaceae species, as well as in selected species from other families [14,43,46,48-49].

Monounsaturated fatty acids found in seed and fruit oils comprise, among many others, oleic acid

Alle ( A13c A15¢c

and its elongated w9 derivatives 20:1 gondoic acid), 22:1 (erucic acid), and 24:1 (nervonic

A1c A3c

acid), as well as palmitoleic acid and its elongated w7 derivatives 18:1 (vaccenic acid) and 20:1
(paullinic acid) [30,31] (Table 1). The seed oil of Limnanthes species is distinct from that of other
plants because of its high content of 20:1°° and 22:1*°° fatty acids [50,51], while 16:1°%° (sapienic

acid) accounts for more than 80% of seed fatty acids in Thunbergia alata [52] and 18:1%%° (

petroselinic
acid) for up to 85% of total fatty acids in seeds of some Apiaceae, Araliaceae, and Garryaceae
species [53,54].

With the exception of oleic acid, the biochemical characterization of monomer components of
surface lipids (e.g. cutin, suberin, cuticular waxes) has mostly failed to identify monounsaturated fatty
acids in the strictest meaning of the term. However, the occurrence of several monounsaturated fatty
acid derivatives indicates that their fatty acid counterparts are synthesized at some points before
efficient transformation. For example, monounsaturated 26:1, 28:1, and 30:1 primary alcohols having
double bonds at position w6 have been detected in the cuticular waxes of Arabidopsis thaliana
inflorescence stems [55]. In leaves of Poplar trichocarpa (poplar), odd-numbered monounsaturated
alkenes ranging in chain lengths from C23 to C31 and carrying a double bond between carbons 9 and
10 were detected [13], while longer (C33 to C37) 7- and 9-alkenes were observed in the leaf wax of

Arabidopsis [56]. Other examples include 9-alkenes observed in Agropyron intermedium, Hordeum



vulgare, and Ophrys sphegodes [57-58], 7-alkenes described in Ophrys exaltata [59] and Zea mays
[60], 12-alkenes in Ophrys sphegodes [58], 4-, 6-, and 10-alkenes in Zea mays [61].

3. Biosynthesis of monounsaturated acyl chains

3.1. Plant desaturases: one reaction mechanism, different actors
A desaturase is an oxygenase enzyme that can promote the removal of two protons linked to adjacent
carbon atoms in a hydrocarbon chain, especially in a fatty acyl residue, resulting in the introduction of
a C-C double bond in the [44,62,63]. Abstraction of hydrogens from unactivated methylene groups is
thermodynamically demanding, C-H bond representing one of the most stable bonds in living systems
with a dissociation energy reaching approximately 95 kcal.mol” [64]. This energy lying beyond the
range of reactions usually catalyzed by amino acids alone, a metal cofactor harnesses the oxidative
power of molecular oxygen to break this C-H bond and initiate the reaction [62]. It is most likely that all
of the desaturases comprise an active-site di-iron cluster. Unlike standard oxygenases, which directly
transfer oxygen to their substrate, desaturases use activated molecular oxygen to abstract hydrogens
from the substrate [5,65]. In the end, a desaturation reaction consists in an oxidation reaction requiring
two reducing equivalents (electrons) obtained from an electron transport chain to initiate the
conversion of oxygen into a metal-bound electrophilic reagent with sufficient reactivity to perform the
desired catalysis, the molecule of oxygen being completely reduced to water during the reaction
(Figure 3) [66-68].

The detailed mechanism by which desaturases carry out their selective oxygen-dependent
dehydrogenation chemistry has fascinated researchers for decades [68,69]. Despite increased
knowledge gained through the characterization of related enzymes such as the methane
monooxygenase [70-75], this mechanism remains partly speculative [76]. During catalysis, the di-iron
complex is thought to go through a reaction cycle of cleaning, loading, activation, and firing [62]. A
notable feature of this cycle is that the ligands of the di-iron complex permit substantial structural
rearrangements during the course of catalysis. This conformational flexibility allows the di-iron center
to optimize bonding interactions between metal ions and oxidant throughout the catalytic cycle [66]. In
the stable resting form, the two oxidized (diferric or Fe"-Fe") iron ions of the complex are coupled by a
bridging oxygen atom ligand forming the p-oxo-di-iron complex [77,78]. After removal of this oxygen
atom by 2-electron reduction to produce the reduced (diferrous or Fe'-Fe') form (cleaning), molecular
oxygen binds to the iron center resulting in a p-1,2 diferric(Fe"') peroxo or P intermediate (loading)
[78,79]. This intermediate may not be sufficiently oxidizing to carry out the desired substrate oxidation
and therefore must undergo rearrangement to gain catalytic competence (activation) [80]. At some
point during this sequence of molecular events, a molecule of water is formed, but the precise timing
of this step remains unknown [62]. The new rearranged P’ intermediate whose structure remains
uncertain and may vary from one class of desaturase to another is kinetically competent to attack and
cleave C-H bonds of the highest stability and represents the key oxidizing intermediate responsible for
hydrogen abstraction (firing) [66]. This activated center catalyzes the stepwise abstraction of the two

substrate hydrogens and their combination with one of the oxygen atoms to form a second molecule of



water, while the second oxygen atom is left behind as the p-oxo-di-iron complex ready to start a new
cycle [81]. Removal of the first substrate hydrogen would result in the formation of a radical
intermediate. Removal of the second hydrogen would result in the formation of a transient diradical
that would spontaneously recombine to form a C-C double bond in the substrate [62]. Importantly,
hydrogen removal occurs in a stepwise manner, but with syn stereospecificity. The lifetime of the
radical intermediate at the first carbon is indeed too short to allow a rotation of the C-C bond and the
subsequent presentation of an originally frans-oriented proton to the di-iron center [44]. Accordingly,
the stereochemical outcome of a desaturation reaction is not controlled by the actual reactivity of the
di-iron center, but instead results from the conformation adopted by the hydrocarbon chain before
reaction starts, this conformation being dictated by the geometry of the substrate hydrophobic cavity in
the neighborhood of the di-iron center.

Two unrelated classes of desaturases are present in higher plants: soluble acyl-acyl carrier protein
(ACP) desaturases and membrane-bound desaturases [82]. Both classes comprise di-iron-oxo
enzymes exhibiting a dimeric quaternary structure [83,84]. Despite the similarities existing between
the chemistry performed by these two classes of desaturases, they exhibit different rate-limiting steps.
The limiting step for membrane-bound desaturases is the initial C-H bond-breaking [69]. That of
soluble desaturases rather consists in the release of the desaturation product involving the
energetically unfavorable solvation of hydrophobic acyl-ACP as the product leaves the hydrophobic
cavity to enter the aqueous phase [5]. Then, the metal center of desaturase enzymes is kept in place
by ligand shells composed of amino acid residues like histidine, glutamine, glutamic acid, and aspartic
acid [81] and the two classes of desaturases possess distinct primary ligation spheres [2,85]. Soluble
acyl-ACP desaturases exhibit a conserved protein fold consisting of a bundle of alpha helices, with
sections of four helices providing the metal ligands required to assemble the di-iron complex [66]. In
the primary sequence of these desaturases, the amino acid residues involved in binding the di-iron
complex form the characteristic EX(-40)(D/E)EXRH-X-100)-EX(~40(D/E)EXRH dual motif [62]. In contrast
to the soluble acyl-ACP desaturases, evidence for a di-iron active site in plant integral membrane
desaturases is indirect, based on the presence of conserved histidine clusters defining the HX(3 o 4H-
XyrHX2 or 3)HH-Xn-(H/Q)X2 or 3HH motif [5,67,85]. These three histidine tracks, which are in
equivalent positions with respect to potential membrane-spanning domains, are presumed to compose
the Fe-binding active centers of the enzymes [86]. Assuming the formation of four transmembrane
helices [67], the histidine boxes come to lie on the same side of the membrane, with scattered
sequence parts not involved in the formation of the hydrophobic membrane anchor possibly building
up a membrane-peripheral domain corresponding to the catalytic site [44]. Mutation of any single
histidine residue in the motif causes complete loss of enzyme function [85]. These different motifs
represent a convergent evolution of two unrelated types of proteins that used two iron ions and
coordinated them by different ligation spheres, resulting in functionally equivalent di-iron centers able
to catalyze desaturation reactions [44].

Desaturases can be located in different cell compartments and the electron transport systems that
supply reducing equivalents to plastidial and microsomal desaturases are distinct, although comprising

functionally equivalent components (Figure 3). Pairs of electrons from NADPH or NADH coenzymes



are firstly transferred to a flavoprotein. These electrons are then supplied one at a time to intermediate
carrier proteins able to convey a single electron. Two reduced carrier proteins ultimately transfer
electrons sequentially to the desaturase, allowing the two-electron reduction required for catalysis [62].
In the plastids, desaturase enzymes depend on the soluble 2Fe-2S protein ferredoxin as electron
donor [87,88]. In photosynthetic tissues in the light, ferredoxin is reduced by photosystem | [89]. In
photosynthetically inactive tissues and during desaturation in the dark in photosynthetic tissues,
electrons are derived from NADPH via the soluble flavoprotein ferredoxin:NADP oxidoreductase [81]
(Figure 3A). The extraplastidial microsomal desaturases use the small membrane-bound heme-
binding protein cytochrome bs as an intermediate electron donor [90-92] (Figure 3B). In vitro, both
NADH-cytochrome bs reductase and NADPH-cytochrome P450 reductase have the ability to reduce
cytochrome bs and exhibit clear specificities in terms of the electron donor, NADH or NADPH,
respectively [93]. But NADH-cytochrome bs reductase is regarded as the major electron-transfer
component associated with desaturation reactions in vivo [81]. Surprisingly, genome sequencing
programs identified cytochrome bs domains in various membrane-bound desaturases [94,95]. In this
context, the NADH-cytochrome bs reductase can transfer electrons to the catalytic site of these fusion
desaturases via their cytochrome bs-like domain [96]. It was proposed that fusion of two components
of the electron transport sequence may contribute to speed up electron transfer [96,97]. The existence
of cytochrome bs fusion desaturases raises the question of the occurrence of fusions involving
ferredoxins and desaturases that might operate in plastids. To date, no such fusion has been reported.

Desaturases able to catalyze the biosynthesis of monounsaturated acyl chains have been
identified in the two known classes of plant desaturases (i.e. soluble and membrane-bound) (Figure
4). Soluble acyl-ACP desaturases all use saturated acyl-ACPs as substrates [82]. Membrane-bound
desaturases introducing a first unsaturation in acyl-CoAs or acyl groups bound to various lipids form a
common branching system split into different subgroups. The first one comprises acyl-CoA
desaturase-like (ADS) enzymes that either introduce the first A7 double bond into palmitoyl residues at
the sn-2 position of monogalactosyldiacylglycerol (MGDG) in the chloroplasts of so-called 16:3-plants,
or desaturate very long-chain acyl-CoA thioesters in the endoplasmic reticulum (ER). The second
subgroup comprises the plastid acyl-lipid desaturase FATTY ACID DESATURASE4 (FAD4) and
related FAD4-like enzymes. It should be noted, however, that the histidine clusters within these
enzymes do not correspond exactly with the consensus seen across other membrane desaturases,
leaving an open question as to their evolutionary origin. Cytochrome bs-containing desaturases from
higher plants have been assigned with different types of enzymatic activities [65] and some of these
desaturases were characterized as sphingolipid A8-desaturases that introduce a double bond on the
long-chain base (LCB) moieties of sphingolipids without requiring previous desaturation (third
subgroup) [98]. Finally, the fourth subgroup comprises sphingolipid A4-desaturases catalyzing the A4-
trans-desaturation of sphinganine. Regardless of the class they belong to, these desaturases can be
categorized according to their regioselectivity as A-counting desaturases introducing a double bond at
position x referred to from the carboxyl end of the acyl chain, or w-counting desaturases that introduce
a double bond at position y referred to from the methyl end of the acyl chain [65].



3.2. Soluble acyl-ACP desaturases
Soluble acyl-ACP desaturases catalyze the insertion of C-C double bonds within the acyl chains of
saturated fatty acids that are covalently attached by a thioester linkage to the 4'-phosphopantetheine
prosthetic group of ACP [62]. These enzymes are found in photoauxotrophic Euglena gracilis, in the
plastids of plants, and possibly in some Gram-positive bacteria and filamentous fungi [99,100]. Despite
the essentially soluble nature of acyl-ACP desaturases, proteomic analyses have suggested that they
could be associated to the thylakoids [101,102]. Such a tight association might favor efficient reductant
supply to the enzyme since ferredoxin, the electron donor for this reaction, is reduced by
photoreduction in photosynthetic organs [103]. In this context, reductant might be supplied in a form
that would not necessarily equilibrate with the stromal pool of reductant [104]. This proposed
suborganellar localization of the acyl-ACP desaturases remains to be confirmed though.

A9 stearoyl-ACP desaturases (SADs) efficiently desaturate 18:0 (stearic acid) to form 18:14%
[82,105]. A9 SADs represent the predominant isoforms of acyl-ACP desaturases in most plant tissues
and are regarded as housekeeping enzymes. Although all plants require constitutive expression of
SAD genes for the biosynthesis of oleic acid and its polyunsaturated derivatives, the exact
phylogenetic origin of these archetype acyl-ACP desaturases remains unclear [44]. Complementary
approaches have established that these desaturases are homodimeric di-iron proteins [105-107]. A
more comprehensive understanding of the three-dimensional structure of the enzymes has been
obtained by crystallization of the Ricinus communis (castor) A9 SAD more than twenty years ago
[108]. The overall shape of each subunit is a compact cylinder. The secondary structure of each 41.6-
kDa monomer is almost exclusively alpha-helical with nine helices forming an antiparallel helix bundle
while the remaining two are capping each end [62] (Figure 5A). Ligands from four of the alpha-helices
in the helix bundle coordinate the nonheme di-iron active site at the core of the monomer [108] (Figure
5C). One iron ion interacts with the side chain of glutamic acid 196 and histidine 232, while the second
interacts with the side chains of glutamic acid 105 and histidine 146. In addition, the side chains of the
glutamic acid residues 143 and 229 participate in the coordination of both iron ions [62]. The position
of the di-iron cluster in the middle of the structure results in an isolated local environment suitable for
reactive oxygen chemistry. The active site is positioned alongside a deep, bent, narrow hydrophobic
cavity extending from the surface to the deep interior of each monomer, in which the substrate is
bound during catalysis [5] (Figure 5B). The cavity bends at the di-iron cluster at a point corresponding
to the insertion position of the double bond between carbons A9 and A10. The bend places constraint
on the free rotation of the substrate during catalysis and explains the observed stereochemistry [62].
The dimer interface of the enzyme includes extensive contacts between helices and interdigitating
loops [108]. However, the significant space separating the di-iron clusters of the two subunits suggests
that each of the two monomers function independently from one another. What is more, recent
experiments have shown that while the enzymes use a half-of-the-sites mechanism, they do not use
an alternating subunit half-of-the-sites reactivity mechanism whereby substrate binding to one subunit
is coordinated with product release from the other subunit [83].
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The desaturation reaction requires the interaction of the A9 SAD with ACP bound to saturated acyl
chain on one side, and with electron-donating cofactor ferredoxin on the other side [106]. 18:0-ACP
binding precedes electron transfer, with occupation of the substrate channel by an 18:0 acyl chain
possibly leading to conformational changes that optimize the ferredoxin binding site for efficient
electron transfer [109]. Redox gating has been demonstrated in which binding of acyl-ACP substrate
increases the desaturase redox potential by 0.1 volt favoring its reduction when substrate is bound
[110]. This mechanism ensures that activation of oxygen only happens when substrate is in place.
According to available ACP structures, the conserved central helix Il of the carrier protein comprises
negatively charged residues that play a dominant role in the interaction with ACP-dependent enzymes
like A9 SADs. For this reason, this helix has been termed the ‘recognition helix’ of ACP [111]. Then,
examination of the known structures of ACP-dependent enzymes has revealed a set of predominantly
positively charged residues located near the opening of their substrate channel, which have been
implicated in an electrostatic interaction with the helix Il of ACP [3,111]. In unbound acyl-ACPs, the
hydrophobic acyl chain is positioned in a pocket formed by a four-helix bundle. Upon docking to the
desaturase, the hydrophobic segment of the acyl chain has to be released from the carrier protein to
become available for insertion into desaturase, until the methyl end reaches the bottom of the
substrate channel [81]. During transfer of the substrate, the acyl chain must overcome stabilizing
hydrophobic interactions in the ACP binding pocket [112].

The proposed position of the ferredoxin binding site as supported by biochemical, catalytic, and
computational approaches lies on the side of the desaturase monomer opposite to the ACP docking
site [109]. This preferred binding site involves surface complementarity and electrostatic interactions
between ferredoxin and desaturase. A triad of lysine residues on A9 SAD surface participates in the
formation of the catalytic complex, and the substitution of all three lysine residues abolishes the ability
of A9 SADs to recognize the ferredoxin as electron donor [109]. While two of the cysteines interacting
with the [2Fe-2S] cluster in ferredoxin are solvent exposed, all of the ligands to the di-iron center of A9
SAD are buried within the four-helix bundle, eliminating the possibility of direct transfer of electrons
from the ferredoxin to the di-iron center. Electrons therefore need to be transferred from the
ferredoxin-docking surface to the internal di-iron cluster. From the three-dimensional structure of A9
SAD, two putative pathways for electron transfer have been put forward [108]. The pathway extending
from the surface tryptophan 62 to the internal di-iron ligand histidine 146 seems the most plausible as
the three lysine residues identified for the interaction with ferredoxin cluster near tryptophan 62 [109].

Aside from housekeeping A9 SADs, several plant species possess additional paralogous acyl-ACP
desaturases exhibiting unconventional regiospecificity and/or chain-length selectivity. These additional
desaturases have often been involved in the biosynthesis of unusual monounsaturated fatty acids
used for triacylglycerol production in storage organs. For example, A9 palmitoyl-ACP desaturases
(PADs) prefer 16:0 (palmitic acid) instead of 18:0 as a substrate and catalyze the formation of 16:1A%
(Figure 6). So far, A9 PAD isoforms have been identified in Doxantha unguis-cati [113] and
Arabidopsis [114,115]. In Arabidopsis, the two genes coding for A9 PADs, named A{AAD2 and
AtAADS3, are transcriptionally activated by the endosperm-specific transcription factors AtMYB115 and
AtMYB118 [115], explaining the specific enrichment in w7 fatty acids observed in endosperm oil
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compared to embryo oil [116-118]. Another unconventional acyl-ACP desaturase has been described
in trichomes of Pelargonium x hortorum, where this A9 myristoyl-ACP desaturase uses 14:0 (myristic

acid) substrate to form 14:1%%

(myristoleic acid), a precursor in the production of compounds targeting
pests and known as anacardic acids [119,120]. Despite their functional divergence, the acyl-ACP
desaturases share a high degree of amino acid sequence similarity and a common structural fold
[121]. Limited amino acid substitutions targeting residues lining the lower portion of the substrate
channel of the enzymes were shown to be sufficient to shift chain-length selectivity while maintaining
A9 regioselectivity [44,113]. The channel structure of the archetype A9 SADs is highly conserved
among species. This channel is deep enough to accommodate 18:0 substrates. In A9 PADs, the distal
end of the substrate channel is lined by residues with bulky lateral chains that reduce its depth and
thus favor the binding of shorter substrates [113,115,122]. Notwithstanding similar enzymatic
activities, plant A9 PADs described so far exhibit variations in the distal end of their substrate
channels. These observations suggest that A9 PAD activity may have arisen independently in different
species during the evolution of acyl-ACP desaturases, the diversification of which was probably
favored by the emergence of multigene families within the genome of land plants followed by
mutations of the archetype SAD sequence [115]. Interestingly, metabolic engineering based on
combinatorial saturation mutagenesis and rational redesign of desaturases has allowed tailoring
several original A9 PAD enzymes by reducing the depth of the substrate channel of A9 SAD enzymes
[122-124]. Most of the combinations of amino acid substitutions yielding such a result involved the
replacement of a residue lining the lower part of the substrate pocket by a bulkier one. While the
molecular bases of the shift in selectivity toward shorter acyl chains have been unambiguously
addressed, the reason why the A9 SADs are more active with 18:0 than with shorter substrates
remains unclear. It has been hypothesized that interactions of the methyl end of the substrate with the
bottom of the binding pocket may enhance rates of catalysis [100,123].

The isolation of genes encoding acyl-ACP desaturases with different regiospecificities represented
an opportunity to investigate the molecular determinants of regioselectivity. For example, the seed oil
of Thunbergia alata is enriched in 16:14%° produced by a A6 PAD [125]. A4 PAD producing 16:1%°
were identified in Coriandrum sativum (coriander) [126-127] and Hedera helix (English ivy) [128].
Considering that acyl-ACP desaturases are A-counting enzymes, differences in regiospecificity may
theoretically arise from variations in the length of the substrate binding channel from the surface of the
enzyme to the di-iron cluster and/or from varying interactions between ACP and desaturase [62].
Comparative studies between the structures of the archetype A9 desaturase from Ricinus communis
in complex with ACP on one side, and that of the A4 desaturase from Hedera helix and ACP on the
other side, have paved the way for the elucidation of the remote control of regioselectivity in acyl-ACP
desaturases [3]. The structures obtained revealed variations in ACP binding orientations potentially
leading to insertion of the acyl chain into the substrate-binding cavity at different depths, yielding
distinct regioselectivities. This approach identified a signature residue located at the entrance of the
binding cavity of the desaturase that differs between the two enzymes. This residue appears to be the
seminal determinant for the different binding modes of ACP with respect to the desaturase and favors

either A9 or A4 desaturation via repulsion (asparagine with acidic side chain) or attraction (lysine with
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positively charged side chain) of phospho-serine 38 of ACP, respectively [3]. But the precise shape
and depth of the substrate channel below the di-iron cluster provide additional constraints that may
also contribute to the high fidelity of product regioselectivity observed among the acyl-ACP
desaturases.

Importantly, the acyl-ACP desaturases may not be the only determinants of monounsaturated acyl-
ACP production. It was proposed that specialized ACP isoforms may partly control the production of
unsaturated acyl-ACPs [129]. In the same vein, two general types of ferredoxins, often referred to as
photosynthetic and heterotrophic, are known to occur in higher plants [130-131]. Photosynthetic
ferredoxins are regulated by light and are predominantly found in photosynthetic tissues. Heterotrophic
ferredoxins are independent of light regulation and exhibit a more ubiquitous tissue distribution [132-
133]. It was shown that heterotrophic ferredoxin isoforms support higher rates of unusual acyl-ACP
desaturase activities when compared with photosynthetic ferredoxins. This suggests that ferredoxin
isoforms, through specific interactions with acyl-ACP desaturases, may also contribute to control the

production of monounsaturated acyl-ACPs [134].

3.3. Membrane-bound desaturases
3.3.1. Acyl-CoA desaturase-like enzymes

The ADS genes encode proteins homologous to the A9 acyl-lipid desaturases of cyanobacteria and
the A9 acyl-CoA desaturases of yeast and mammals [135-136]. While cDNAs encoding ADSs have
been identified in several dicots, no homologous genes could be found in the genome of Oryza sativa,
Brachypodium distachyon, or Zea mays, suggesting that ADS genes may be absent in monocots
[137]. The Arabidopsis ADS family comprises nine highly related members (Figure 4). Their
chromosomal location and similarity suggest that they arose through a series of gene duplication
events [137]. Eight of these genes are located in clusters on chromosomes | and lll, while the
remaining gene is present on chromosome Il [138]. Interestingly, the desaturase-like proteins encoded
by this gene family exhibit different subcellular localizations. AtADS3/FAD5 and a second closely
related homologous gene designated AfADS3.2 are predicted to encode proteins with a plastid transit
peptide. The seven remaining members of the gene family have no characteristic plastid transit
peptide and were designated as multipass membrane proteins located in the ER membrane. AtADS1
and AtADS2 contain a putative di-arginine (-RXR-) ER retrieval and retention motif [139] close to the C
terminus, and when transiently expressed as yellow fluorescent protein-fusions in Nicotiana
benthamiana leaves, they colocalize with ER membrane markers [137]. In the other five ADS proteins
predicted to be ER-localized, the di-arginine motif is atypical, with arginine replaced with lysine
residues (-KXK-) [140]. With the exception of AtADS4.2 [56], the actual subcellular localization of
these ADS isoforms has not been experimentally confirmed yet.

The enzymatic and biological functions of the AtADS are only partially elucidated. Only one of the
two plastidial isoforms has been characterized. AtADS3/FADS encodes a plastidic palmitoyl-MGDG A7
desaturase, thus representing a glycerolipid-dependent activity [138] (Figure 6). Loss of AtADS3/FAD5

function results in failure to form 16:1%7°

A7¢,19¢,13¢c
16:3

on MGDG in the pathway leading to the production of
, a predominant leaf fatty acid [141,142].
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In contrast, the seven extraplastidial AtADS gene products were proposed to have VLCFA-CoA
desaturase activity and to exhibit different regiospecificities [137], even though the exact nature of the
substrates used in planta by these desaturases often remains speculative, or even unknown.
According to functional studies carried out in Saccharomyces cerevisiae, AtADS1 and AtADS2
catalyze introduction of double bonds relative to the methyl end of the substrate molecule at w9 (w9
desaturase activity). AtADS1.3 and AtADS4.2 display w7 desaturase activity, AtADS4 displays w6
desaturase activity, while AtADS1.2 and AtADS1.4 catalyze the introduction of double bonds relative
to the carboxyl end of the substrate molecule at A9 (A9 desaturase activity). Reverse genetic
approaches have established that AtADS2 is involved in the synthesis of the w9 monounsaturated
C24 and C26 components of different seed lipids such as the membrane lipids
phosphatidylethanolamine (PE) and phospatidylserine, or sphingolipids [137] (Figure 7). Using forward
and reverse genetic approaches, it was then proposed that AtADS4/ECERIFERUM17 (CER17)
catalyzes the desaturation of C26, C28, and C30 VLCFA-CoAs, yielding w6 monounsaturated very-
long chain acyl-CoAs (Figure 7) that are ultimately converted into monounsaturated primary alcohols
by the fatty acyl-CoA reductase AtCER4 [143] before accumulation in cuticular wax of inflorescence
stem [55]. As for the product of the AfADS4.2 gene, which is highly expressed in young leaves, it
shows strong activity on acyl substrates longer than C32 and produces w7 acyl-CoAs that are then
converted into wax alkenes by AtCER1 and AtCER3 [56,144-145].

Interestingly, the subcellular localization of the ADSs was also shown to partly influence substrate
specificity and regiospecificity of the enzymes, so that ADS activity seems to be influenced by
metabolic context. It is thus possible to switch ADS enzyme specificity by alternate subcellular
targeting [136]. For example, retargeting of the cytoplasmic VLCFA-CoA desaturases AtADS1 or
AtADS2 to the plastid yields efficient desaturation of 16:0 on MGDG into 16:1%7°, so that expression of
in-frame fusions between AtADS3 plastidial transit peptide (AtADS3 1-71) and the cytoplasmic
desaturases AtADS1 or AtADS2 functionally complements the ads3/fad5 phenotype [138]. These
results suggest that AtADS3/FADS evolved from an ancestral cytosolic ADS by the addition of a
plastidial transit peptide. The observation that the enzyme can still be active in two different cell
compartments is somehow surprising considering the contrasted environments of the plastidial and
cytoplasmic membranes and the presence of different electron donors (ferredoxin in the plastid versus
cytochrome bs in the ER).

Homologs of the Arabidopsis ADS enzymes have been identified in other plant species, but very
few have been functionally characterized. The biosynthesis of the unusual monounsaturated 20:1*° in
seeds of Limnanthes species (meadowfoam) involves a presumptive ER-bound ADS identified by
random sequencing of an expressed sequence tag library prepared from Limnanthes douglasii seeds
[146]. The substrate for this reaction is thought to be a 20:0-CoA [147]. Likewise, A5 desaturase
activity on acyl chains has also been demonstrated for two ADS homologs isolated from developing
seeds of Anemone leveillei, with indirect evidence suggesting that both enzymes utilize acyl-CoA
substrates [148]. When expressed in Arabidopsis, one of these desaturases termed AL21 inserts A5
double bonds into both saturated (16:0 and 18:0) and unsaturated substrates (18:2"°%'* and

18:3A9°'12°'15°), in the latter case in a non-methylene-interrupted manner, raising the possibility that this
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desaturase may be responsible for the production of 16:1°°° and 18:1°°° detected in Anemone leveillei
seed oil [148].

Whereas three dimensional structures of plant ADS are still missing, structures of mouse [149] and
human stearoyl-CoA desaturases [150] are available. They show a fold comprising four long
transmembrane alpha-helices presumably spanning the ER membrane and capped by a cytosolic
domain. The acyl chain of the bound acyl-CoA substrate is inserted in a long, narrow tunnel buried into
the mostly hydrophobic interior of the cytosolic domain of the protein. The conformation of this sharply
kinked tunnel and the bound acyl chain provide a structural basis for the stereospecificity (induction of
a cis conformation) and regioselectivity of the desaturation reaction [149]. A di-metal cluster
coordinated by a unique spatial arrangement of conserved histidine residues sits at the kink in the
substrate tunnel adjacent to carbons where the double bond is introduced and features the active site
of the enzyme. All of the AtADS proteins display histidine clusters that are similar to those coordinating
the two metal ion co-factors in the reference structure of the mammalian stearoyl-CoA desaturase,
with almost identical spatial arrangement. Most hydrophobic amino acid residues lining the tunnel
surface of mammalian and plant ADS appear to be well conserved, suggesting a rather good
conservation of the enzyme structure. In a recent advance, the mechanism enabling ADS enzymes to
desaturate VLCFA-CoA was reported. A tyrosine with bulky side chain forming the end of the
substrate binding cavity for long chain desaturation is substituted for alanine or glycine, creating an
opening in the end of the cavity that enables the methyl end of the substrate to exit the cavity and
enter the lipid bilayer. Thus, various lengths of VLCFA-CoA can be accommodated with carbons A9
and A10 adjacent to the diiron site enabling A9 desaturation [151]. It would be equally interesting to
observe how plastid-localized ADSs interact with the head group of MGDG and to elucidate how their
acyl-lipid substrate initially buried in the lipid bilayer of a membranes accesses the catalytic domain of
the desaturase.

3.3.2. FATTY ACID DESATURASE4 (FAD4)

Ais catalyzed by FAD4, a plastid acyl-lipid desaturase involved in

In Arabidopsis, biosynthesis of 16:1
the formation of a trans double bond introduced close to the carboxyl group of 16:0, which is
specifically esterified to the sn-2 position of the glycerol backbone of PG [152] (Figure 6). Identification
and thorough characterization of this enzyme has confirmed results of labeling kinetics performed in
algae suggesting that 16:0 esterified in PG is the substrate for the biosynthesis of 16:1% [153].
AtFAD4 is rather unusual in its evolutionary lineage and structural characteristics [44]. AtFAD4 does
not appear evolutionarily related to other well-characterized FADs and is relatively smaller in size (37
kDa). Some algorithms predict four transmembrane domains for AtFAD4, but weak confidence scores,
so that AtFAD4 may not adopt a transmembrane-spanning topology [154]. Instead, AtFAD4 is
proposed to be associated with thylakoid membranes, facing the stroma, although the molecular
mechanism underpinning this association remains to be elucidated [155]. AtFAD4 is a metalloenzyme
whose protein sequence contains two histidine motifs (HAWAH and HAEHH) potentially coordinating a
metal center involved in catalysis. Sequences and spacing of these motifs are reminiscent of, but not

identical to conserved motifs in membrane-bound desaturases [85]. A third histidine motif potentially
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involved in metal binding consists of QGHH [152]. Again, its sequence diverges from the third histidine
motif present in membrane-bound desaturases. The AtFAD4 gene has two closely related paralogs in
Arabidopsis, At1g62190 and At2g22890, whose functions remain uncharacterized [152].

AtFAD4 exhibits similarity with the CarF protein of the bacteria Myxococcus xanthus, which was
initially thought to be involved in singlet oxygen signaling-mediated regulation of carotenoid
biosynthesis [156]. More recently, CarF was shown to exhibit a plasmanylethanolamine desaturase
activity which introduces the characteristic vinyl ether double bond into plasmalogen [157]. However,
production of vinyl ether lipids could not be observed with AtFAD4 or AtFADA4-like paralogues,
suggesting that these evolutionarily related enzymes have diverged in their structural and functional
characteristics.

A also requires a

Interestingly, it was recently shown in Arabidopsis that production of 16:1
thylakoid-associated redox protein termed PEROXIREDOXIN Q (PRXQ) [155]. The biochemical
relationship between AtFAD4 and AtPRXQ appears to be very specific in planta, but the exact function
of AtPRXQ remains uncertain. Despite a redox potential similar to that of plant ferredoxins, the
absence of an iron-sulfur cluster in AtPRXQ makes it unlikely that the protein acts as the electron
donor for AtFADA4. It was instead hypothesized that AtPRXQ may have a protective role for an
oxidation-sensitive AtFAD4 enzyme. Given the proposed thylakoid location of AtFAD4, the desaturase
might be susceptible to oxidation damage from photosynthesis-derived reactive oxygen species

A3t

byproducts [155]. The protective role of AtPRXQ could be all the more important that 16:1™ synthesis
was shown to be stimulated by high irradiance [158]. However, it is not clear why AtFAD4 expressed
in yeast without AtPRXQ does not show any activity, when other FAD enzymes work well in the

absence of additional redox-protective factors [155].

3.3.3. Cytochrome bs (Cbs)-containing desaturases
A plant A8 LCB desaturase was first identified in Helianthus annuus (sunflower) as a desaturase-like
enzyme containing an N-terminal cytochrome bs domain and conferring production of A8 unsaturated
LCBs, when expressed in Saccharomyces cerevisiae [159-160]. Since then, homologs have been
characterized in various species such as Brassica napus (rapeseed) [161], Borago officinalis [162],
Anemone leveillei [123], Nicotiana tabacum [163], Primula nivalis and Primula auricula [9], Ribes
Nigrum [164], Aquilegia vulgaris, Sorghum bicolor, Triticum aestivum, Ricinus communis, Vitis vinifera,
Glycine max (soybean), Populus tomentosa, Cucumis sativus, and Brachypodium distachyon [165].
Thus, it seems that all higher plant species contain A8 LCB desaturases. In Arabidopsis, two paralogs,
AtSPHINGOLIPID LCB A8 DESATURASE1 (SLD1) and AtSLD2, were identified and confirmed to be
LCB A8 desaturases through yeast and in planta studies (Figure 4), AtSLD1 being the predominant
contributor to LCB A8 unsaturation [161,166] (Figure 7). It is thought that sphingolipid A8-desaturases
mostly use saturated LCBs bound in ceramides as substrates, rather than free LCBs [98,161].
Interestingly, the enzymes are stereo-unselective and insert both cis and frans double bonds at the C-
8 position of their LCB substrates [49]. Cisltrans isomerism of the A8 unsaturation of LCBs is specific
to plant sphingolipids [167]. When 20 genes encoding different LCB A8 desaturase isoforms

originating from 12 plant species were expressed in Saccharomyces cerevisiae to elucidate the
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relationship between the biochemical function and evolution of this enzyme, the isoforms could be
divided into two groups on the basis of enzymatic characteristics: desaturase with a preference for a
trans-isomer product and desaturase with a preference for a cis-isomer product. The conversion rate
of the latter was generally lower than that of the former [165]. These cis/trans mixed stereospecificities
were proposed to arise from alternative positioning of substrates in the active site of the desaturases
[168], implying that their active site cavity is large or flexible enough to bind the substrate in two
alternative conformations [44,98].

Chs-containing desaturases from higher plants display two main types of enzymatic activities.
Whereas some of these were characterized as sphingolipid LCB A8 desaturases [98], others play key
roles in the biosynthesis of very long-chain polyunsaturated fatty acids [65]. A study of the closely
related A6 fatty acid desaturase and A8 LCB desaturase from R. nigrum showed that the N-terminal
domains which contain cytochrome bs domains could be swapped without affecting the activity and
substrate recognition of either enzyme [169]. As for substrate discrimination of the two types of
enzymes, these experiments and others suggest that substrate specificity is not controlled by a
specific stretch of amino acids but rather by residues dispersed distantly in the primary amino acid
sequence of the protein [170,171]. To date, their identity and precise role remain unknown.

An intriguing characteristic of the Cbs-containing desaturases is the replacement of the first
histidine by glutamine in their third histidine box (Figure 4), when the structure of the active site
appears rather invariant among membrane-bound desaturases [44]. The Chs-containing desaturases
are usually limited in their regioselectivity to substrate positions along the substrate chain lying
between carbons A2 and A10, that are close to the interfacial layers covering the hydrophobic core of
the bilayer [172]. The di-iron complexes of desaturases being surrounded by sequences of
intermediate polarity/hydrophobicity, it has been suggested that the active sites may be located near
the membrane surface [81]. This position represents a compromise allowing optimization of the
encounters with both the hydrophilic head of the electron donors and the hydrophobic substrate
segments occasionally emerging from the membrane interior.

Surprisingly, a new atypical Cbs-containing desaturase named PpSFD was recently described in
Physcomitrella patens that catalyzes the introduction of double bonds at the w8 position in VLCFAs of
sphingolipids and some phospholipids like PE and phosphatidylcholine (PC) [173]. This activity being
somehow reminiscent of that of the Arabidopsis AtADS2 acyl-CoA desaturase, the PpSFD gene was
ectopically expressed in the cold sensitive Arabidopsis mutant ads2, defective in a methyl-end w9
desaturase activity. The complementation of the mutant phenotype suggests that the slightly different
double-bond insertion preference (w9 in AtADS2 versus w8 in PpSFD) does not affect the functionality
of PpSFD in Arabidopsis. This remarkable convergence of sphingolipid VLCFA desaturation during
plant and moss evolution invites to deepen our knowledge of the structure-function relationships

among the Cbs-containing desaturases.

3.3.4. Sphingolipid A4-desaturases

A4t
)

In Arabidopsis, sphingosine (d18:1 is synthesized via the A4-frans-desaturation of sphinganine

(also known as dihydrosphingosine; d18:0) (Figure 7) [174]. The Arabidopsis genome contains a
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unique dihydrosphingosine A4 desaturase (DSD)-coding gene that was identified by homology to
analogous genes in mammals and filamentous fungi [174-175]. The exact nature of the substrate (i.e.
LCB or ceramide) of related A4 desaturases in other organisms remains to be clarified, so that these
enzymes are generally termed sphingolipid A4 desaturases. They define a class of desaturases
evolutionary distinct from the sphingolipid A8 desaturases, and they do not contain a cytochrome bs
domain [45,175] (Figure 4). They share only limited similarity with any other desaturases characterized
by the histidine box motifs and form a clade distinct from other microsomal lipid desaturases [176].

4. Elongation of preexisting monounsaturated acyl chains

4.1. The fatty acid elongase complex
Not all of the monounsaturated acyl chains directly derive from the desaturation of saturated
substrates. Instead, some monounsaturated fatty acids result from the elongation of shorter
monounsaturated acyl chains. This is the case for very long-chain monounsaturated fatty acids
produced by the ER-localized multienzyme fatty acid elongase complex [177]. A cycle of elongation
involving four reactions adds two carbon units to a pre-existing acyl-CoA. Condensation of malonyl-
CoA with a long chain acyl-CoA is catalyzed by a 3-ketoacyl-CoA synthase (KCS, condensing
enzyme) [178-181]. The resulting 3-ketoacyl-CoA is reduced by the action of a (-ketoacyl-CoA
reductase [182], yielding 3-hydroxyacyl-CoA that is then dehydrated to 2-enoyl-CoA by a 3-
hydroxyacyl-CoA dehydratase [183-184]. A second reduction reaction catalyzed by an enoyl-CoA
reductase reduces the enoyl-CoA, resulting in an elongated acyl-CoA [177]. The initial step in fatty
acid elongation catalyzed by members of the KCS family is not only considered as rate limiting in the
elongation process but also proposed to determine the substrate specificity and therefore the type of
VLCFA produced [185]. By contrast, the other three enzyme activities of the elongase complex are
thought to exhibit broad substrate specificities [186].

Plant genome sequencing has revealed large KCS families, with 21 AtKCS genes present in the
Arabidopsis genome for example [179]. Functional characterization of known KCSs, though
incomplete, has revealed contrasted substrate specificities applying not only to chain length, but also
to the unsaturation level of the substrate [185]. Some isoforms, like AtKCS11 or AtKCS18/FATTY
ACID ELONGASE1 (FAE1), are able to use both saturated and monounsaturated acyl chains, while
AtKCS17 appears to be specific for saturated acyl-CoAs and PotriKCS1 for monounsaturated acyl
chains [13]. The seed-specific AtKCS18/FAE1 gene [187] and orthologs from different species like
Brassica napus [188-191], Crambe abyssinica [181], Teesdalia nudicaulis [192], Tropaeolum majus
[193] are responsible for the biosynthesis of C20 and C22 fatty acids incorporated in storage lipids,
including the elongation of 18:1*% into 20:1"'° and 22:1*"*°. Arabidopsis FAE1 has more activity
toward a C18 substrate than toward a C20 substrate, whereas the Brassica napus FAE1 enzyme
exhibits similar activity toward both fatty acyl groups [185]. Hence the higher 22:1*"%t0-20:1*""° ratio
observed in Brassica napus seed oil [194]. These w9 very-long chain monounsaturated fatty acids can
be further elongated to 24:141%¢ by other KCS isoforms [195]. The KCS genes involved in the

A15¢

biosynthesis of 24:1 have been isolated from Lunaria annua [196], Cardamine graeca [197], and

Malania oleifera [195]. Importantly, AtKCS18/FAE1 and orthologs can elongate both w7 and w9
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monounsaturated substrates, as demonstrated by the concomitant loss of w7 and w9 very long-chain
monounsaturated fatty acids in fae7 mutants [114,198].

To form C-C bonds, KCS enzymes use a decarboxylating Claisen condensation mechanism relying
on a cysteine-histidine-asparagine catalytic triad in which the cysteine residue forms an acyl-enzyme
reaction intermediate with the substrate [199,200]. Acylation of the enzyme constitutes a prerequisite
for the decarboxylation of the malonyl-CoA, with the histidine and asparagine of the catalytic triade
participating in decarboxylation [201]. Despite the lack of crystal structure for KCS enzymes, several
studies aimed at gaining insights into the structural bases for KCS catalysis and substrate specificity
have been reported. Modeling studies using known structures of condensing enzymes showing
similarity to the KCSs (such as the chalcone synthases) have proposed that KCS display a triangular
shape with a prominent N-terminal arm [179]. The position, size, and hydrophobicity of this arm make
it suitable for anchoring the enzyme in the ER membrane [201]. A cavity running throughout the
enzyme then corresponds to a putative substrate-binding pocket, in accordance with bioinformatic
predictions [179]. This pocket surrounds the active cysteine residue playing the role of the acyl
acceptor in the first step of the condensation reaction [202,203]. Depending on the KCS modeled,
different shapes and sizes for the predicted binding pocket were observed. It was hypothesized that
these different topologies might be related to substrate preference [179], even though in vivo activities
of KCS enzymes expressed in yeast suggest that the substrate-binding pocket is flexible [204]. Site-
directed mutagenesis experiments have enlightened the importance of the N-terminal region of the
protein, excluding the transmembrane domain, for imparting chain-length substrate specificity [204].
This region appears to be of particular heterogeneity among the plant KCS enzymes, in good
agreement with the contrasted substrate specificities of these isoforms. The swapping of N-terminal
domains between Brassica napus and Arabidopsis KCS18/FAE1 enzymes was sufficient to modify
chain-length substrate specificity [204].

The condensation reaction of an acyl-CoA with a malonyl-CoA can also be catalyzed by elongases
of the ELO family that are found in a wide range of organisms including plants [200]. However, these
elongases that display no similarity in primary sequences or predicted three-dimensional structures
with the KCS enzymes remain poorly characterized in plants and have not been associated with the
elongation of monounsaturated acyl chains so far. In contrast, KCS-like 3-ketoacyl-ACP synthase |l
(KASII) enzymes were described in the Amazonian palm Jessenia bataua as well as in related palm
species (Elaeis guineensis and Elaeis oleifera) that lack plastid-targeting signals and may be located
in the microsomal fraction, although this subcellular location remains to be confirmed. Ectopic
expression of one of these genes in Arabidopsis suggests that the corresponding ‘KCS-like’ enzyme
may elongate both saturated and monounsaturated C18 chains [205]. Even though complementary
approaches would be necessary to further characterize these enzymes, these results invite us to
broaden the scope of the search for potential actors involved in the elongation of monounsaturated

fatty acids.

4.2. The fatty acid synthase complex
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In higher plants, de novo fatty acid biosynthesis is performed by a fatty acid synthase of type I, an
easily dissociable multisubunit complex consisting of monofunctional enzymes [103,206,207]. Acetyl-
CoA is used as the starting unit, and malonyl-ACP provides two-carbon units at each step of
elongation. Cycles of acyl-ACP elongation are similar to that of acyl-CoA elongation catalyzed by the
fatty acid elongase complex in the ER. Each cycle involves four enzymatic reactions catalyzed by
3-ketoacyl-ACP synthase (KAS), 3-ketoacyl-ACP reductase, hydroxyacyl-ACP dehydratase, and
enoyl-ACP reductase [38]. Three KAS isoforms are required to produce 18-carbon fatty acids. The
initial condensation reaction of acetyl-CoA and malonyl-ACP is catalyzed by KAS isoform Il (KASIII),
yielding a four-carbon product. Subsequent condensations (up to 16:0-ACP) require a second
enzyme, namely KASI, whereas the final elongation of 16:0 to 18:0 is catalyzed by a third condensing
enzyme, KASII [208,209]. If the fatty acid synthase complex is usually described as producing
saturated acyl chains, it has been postulated that some KAS isoforms might be able to use 16:1°%-
ACP as substrate to form 18:1*""°

activity in Escherichia coli [210-211]. While a loss of function mutation affecting the KASII gene in

-ACP. A KASII isoform was unambiguously assigned with such

Arabidopsis was shown to result in an embryo lethal phenotype [209,212], lines exhibiting decreased
KASII contents as a consequence of a leaky mutation [208] or suppression strategies [198,209] were
not sufficiently characterized to provide firm conclusions regarding the substrate specificity of this
enzyme. More generally, the elongation of unusual monounsaturated acyl-ACP species in the plastids
remains poorly characterized in plants. The only example of a KAS putatively involved in the
elongation of a monounsaturated acyl-ACP is that of a KAS from Coriandrum sativum displaying a

strong preference for the elongation of 16:1°%

-ACP in vitro, and hence regarded as a good candidate
for the biosynthesis of 18:1°°.ACP [213]. Direct proof of the function of this KAS is still missing

however.
5. Known biological functions of plant monounsaturated fatty acids

One long-standing objective of plant lipid research is to link structure to function for particular
molecular species in specific developmental and environmental contexts. Whereas the biological
functions of the most common plant monounsaturated fatty acid species have gradually emerged
through several decades of research combining biochemistry and functional genomics, the specific

functions of most unusual monounsaturated fatty acids remain elusive.

5.1. Monounsaturated acyl chains as intermediates in lipid metabolism
Some monounsaturated fatty acid species do not seem to fulfill specific biological functions per se, but
instead serve as precursors for the elaboration of further modified acyl chains. In this context, the first
desaturation reaction can constitute a rate-limiting step or selectively channel acyl chain precursors in

a given pathway. For example, 16:3"7¢'%¢1%

is one of the most abundant fatty acids in the
photosynthetic organs of so-called “16:3 plants’. This fatty acid is confined to the sn-2 position of
MGDG and results from the sequential desaturation of 16:0 [214-215]. In Arabidopsis, a three-step

desaturation pathway involving AtFAD5 [141], AtFAD6 [216], and AtFAD7 [217] or AtFAD8 [218]
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sequentially introduces the A7, A10, and A13 double bonds (Figure 6). Mutant plants in which the
initial AtFAD5-mediated A7 desaturation step is compromised exhibit growth defects and reduced leaf
chlorophyll content [138,219], while recovery of PSIl appears to be delayed after photoinhibition by
high-light stress [142]. A high degree of fatty acid unsaturation associated with MGDG is thought to
favor thylakoid assembly and constitutes a possible explanation for the fad5 phenotypes [138,220].

In striking contrast with 16:1*"°, a fatty acid poorly abundant in plant tissues and almost exclusively

A7¢,10c¢,13¢c A9c

used for synthesizing 16:3 , other monounsaturated fatty acids like 18:1™" were assigned
multiple functions as such (see below), while also constituting the entry point to a variety of
modification pathways. Oleoyl-CoA can be further elongated in the ER by the fatty acid elongase
complex [177], yielding very long-chain monounsaturated fatty acyls like 20:1*""° or 22:141% (Figure 7).
When bound to PC, 18:1°% can be successively desaturated by ER-localized FAD2 [221-222] and
FAD3 desaturases [223], yielding 18:2°%'%° and 18:3"9%'%%"%¢ polyunsaturated fatty acids (Figure 7).

A9c

An equivalent desaturation sequence catalyzed by FAD6 and FAD7/FAD8 uses 18:17 bound to

plastidial glycerolipids to also produce 18:3*%%'**'°¢ [224] (Figure 6). This is but brief overview of the

very large array of fatty acid species derived from 18:14%

that play multiple roles in plants as
components of structural and storage lipids [31,225] or as signaling molecules [120,226].

Just like 18:12%, 18:1%"'° can be further elongated by the fatty acid elongase complex to produce
20:1%"° and 22:14'%° [114,227], while the double bond present at position A11 prevents further
desaturation of the acyl chain by FAD2 or FADG, therefore significantly reducing the number of
18:1°"' derivatives. Interestingly, the first unsaturation introduced in acyl chains not only determines
the type of further modifications that could target these acyl chains but, in some cases, also influences
the channeling of unsaturated products during the elaboration of complex lipids. It was thus shown
that LCB structure dictates downstream partitioning and ultimately determines the composition and
content of specific sphingolipid classes [47]. Arabidopsis sld1 sld2 double mutant lacking long-chain
base A8 unsaturation exhibits a 50% reduction in glucosylceramides and a proportional increase in
glycosyl inositol phosphoceramides (GIPCs), possibly due to the substrate specificity of
glucosylceramide synthase [166]. Similarly, Arabidopsis mutants for the LCB A4 desaturase exhibit a
50% glucosylceramide reduction in pollen [174]. Altogether, these results exemplify how
monounsaturation of LCBs contributes to metabolic partitioning of ceramides between

glucosylceramide synthesis in the ER and GIPC synthesis in the Golgi.

5.2. Oleic acid - 18:1%%
Classical biochemical analyses, complemented over the last decade by lipidomic analyses, have
unambiguously designated oleic acid as one of the most ubiquitous fatty acid in plants [38,228].
Apparently occurring to some extent in all plant oils [30] (see below), oleic acid is also a common
component of membrane glycerolipids, including PC, PE, phosphatidylinositol, PG, MGDG,
digalactosyldiacylglycerol (DGDG), and sulfoquinovosyldiacylglycerol (SQDG) [38]. As such, oleic acid
is found in every cell membrane and every cell compartment. Moreover, oleic acid can be present
outside of certain cell types as a minor component of cutin and suberin polyester barriers [38]. Despite

the ubiquitous presence of oleic acid and its derivatives in plants, and possibly due to this widespread
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distribution among different lipid categories, the specific functions of oleic acid as a structural
component of the plant cell have never been clearly elucidated. The characterization of simple and
multiple mutants affected in A9 SAD-coding genes has revealed the importance of 18:1%
biosynthesis during vegetative development and seed formation. Nevertheless, the rather large fatty
acid and lipid remodeling occurring in these mutant backgrounds has often prevented the authors from
attributing the severe developmental phenotypes observed to precise biochemical modifications [229-
231]. A specific function of 18:1
the crosstalk between salicylic acid and jasmonic acid signaling pathways during pathogen infection
makes exception to this rule [232]. By physically interacting with NITRIC OXIDE ASSOCIATED1

(NAO1), plastid 18:14% represses its activity, leading to the regulation of defense signaling via

4% as a signaling agent involved in plant immunity and participating in

suppression of NO production [233]. This aspect has been extensively reviewed elsewhere
[120,234,235].

5.3. 3E-Hexadecenoic acid - 16:1*

The apparently universal occurrence of 16:1%%

in the thylakoid membranes of green algae and higher
A3t

-PG in photosynthetic

A3t

plants has invited considerable speculation about a potential role of 16:1
membrane organization or function conferring some selective advantage [39,40,236]. Because 16:1
PG is absent in etiolated tissues and accumulates in thylakoid membranes during light-induced
chloroplast development, a specific role associated with the light reactions of photosynthesis was
proposed [237]. Together with the galactolipids MGDG and DGDG, and the sulfolipid SQDG, PG
indeed establishes the backbone of thylakoid membranes and is a structural component of the
photosynthetic complexes. Approaches of X-ray crystallography have established that PG is present in
photosystem | and Il [238,239]. The lipid is essential for the stabilization of photosystem | trimers and
photosystem |l core dimers, which represent the functionally active forms of the photosystems in
planta [240-244]. What is more, PG, which also contributes to the assembly and stabilization of light-
harvesting complex Il [245], might play a role in non-photochemical quenching of excess light [158].

A3t

However, Arabidopsis fad4 mutants devoid of 16:1™ appear to grow normally under standard

laboratory conditions. They show no obvious differences in grana development or in any major
ultrastructural features of the chloroplast. Only minor effects of the fad4 mutation on photosynthesis

could be observed when compared with mutations affecting the biosynthesis of other chloroplast lipids

A3t

[246]. These observations rule out the hypothesis of an obligatory involvement of 16:1™" in the

development of thylakoid structure or in the light reactions of photosynthesis under normal growth

A3t

conditions. Instead, the role of 16:1""-PG in photosynthetic tissues might be more subtle than

previously suggested or manifest only under particular environmental conditions [246].

“3LPG in leaves has remained elusive, a possible

Surprisingly, whereas a specific function of 16:1
role in seed triacylglycerol production has recently been attributed to this lipid species in Arabidopsis
[247]. In essence, 16:1%% uniquely labels a small but biochemically active plastid PG pool in
developing embryos, which is specifically recognized by a thylakoid-associated phospholipase A
termed PLASTID LIPASE1 (PLIP1). AtPLIP1 activity results in the release of polyunsaturated sn-1

A3t

acyl groups from 16:177-PG for incorporation into triacylglycerol via the extraplastidic membranes,
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thereby contributing a small fraction of the polyunsaturated fatty acids present in seed oil. Similar to
the plip1 mutants, the fad4 mutants exhibit a nearly 10% reduction in total seed fatty acid content
[247].

5.4. Monounsaturated acyl chains and membrane fluidity
While several environmental parameters, especially temperature, exert major effects on various
physical properties of biological membranes and influence membrane fluidity, maintaining the integrity
and fluidity of membranes is generally agreed to be of fundamental importance for plants to survive
under extreme environmental conditions [248,249]. Temperature-induced changes involve membrane
permeability to water, solutes, and protons [250], but also impacts the activity of membrane-
associated proteins [251]. Plants were shown to balance these changes by regulating the level of
saturation of membrane glycerolipids, as the introduction of an appropriate number of unsaturated
bonds into the acyl chains of membrane glycerolipids decreases the phase-transition temperature
from the gel (solid) to the liquid-crystalline phase and maintain the integrity and optimal fluidity of these
membranes [67,252,253]. Unsaturated fatty acids display a lower transition temperature than their
saturated counterparts because the steric hindrance imparted by the rigid kink of the double bond
results in decreased packing of the acyl chains [63]. Interestingly, the biggest shift in melting
properties occurs with the first double bond. When considering non-esterified C18 fatty acids for

A9c

example, the transition from 18:0 to 18:1™" yields a 50°C decrease in melting temperature, whereas

the downward shift accompanying the 18:1°%-to-18:2"°>"% transition is less than 20°C. The addition of

a third unsaturation, yielding 18:3%9%"%%"%

, has almost negligible impact on melting properties (-5°C).
Biophysical studies have established that the transition temperature of membrane lipids also depends
on the position of the double bonds in the acyl chains as documented by the transition temperatures of
PC molecules comprising two 18:0 (58°C), 18:1*°° (10°C), 18:1*% (-20°C), or 18:1*"* groups (0°C)
[44,254]. In cold acclimated plants, the most saturated fatty acid species are therefore depleted
[255,256], following the saturation grade principle, whereas high temperatures result in a reduction in
the degree of unsaturation of fatty acids [252]. In photosynthetic tissues, galactolipids, which are the
dominant component of thylakoid membranes, are major contributors to membrane unsaturation [257].

In these membranes, levels of 16:3%7¢19%13¢ gng 18349 12¢.15¢

trienoic acids play a role of the utmost
importance in maintaining membrane fluidity [256,258]. Monounsaturated C24 fatty acids comprised in
various classes of membrane lipids may also play a role in membrane adaptation to varying
temperatures, as suggested by the slower growth rate of Arabidopsis ads2 mutants lacking
monounsaturated C24 fatty acids [137]. In agreement with this hypothesis, AIADS2 gene exhibits
increased expression level in response to cold treatment [135].

But glycerolipids are not the only lipid components of cell membranes. Sterols and sphingolipids
together form lipid raft microdomains that are important for recruiting receptor and signaling proteins
[259], and small changes in sphingolipid content can have drastic effects on the formation of these
microdomains. Whereas A8 unsaturation of LCB moieties of sphingolipids is not critical for growth
under optimal conditions, a role for LCB unsaturation in chilling and freezing tolerance has been

proposed [260-261]. The Arabidopsis sld1 sld2 double mutant grown at 0°C develops a chlorotic
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appearance and senesces prematurely with respect to wild-type plants [166], suggesting that LCB A8
desaturation contributes to the structural properties of the plasma membrane under environmental
extremes [47]. These extremes not only include cold temperatures, since experimental approaches

have shown that increasing the proportion of £18:1%

LCB in sphingolipids was accompanied by
improved tolerance towards elevated aluminum and gadolinium concentrations [262,263]. Cis-
unsaturated glucosylceramides were proposed to maintain the membrane fluidity specifically

associated with aluminum tolerance [167].

5.5. Monounsaturated acyl chains in surface lipids
Overall, the cuticle layer coating most aerial surfaces of land plants plays a major role in coordinating
interactions between the plant and its environment, protecting the plant against adverse biotic and
abiotic factors [144,264]. This hydrophobic barrier limits nonstomatal water loss, scatters UV
radiations, and plays key roles in defense against insects and pathogens [265]. The cuticle is a
composite structure comprising two lipid classes, the cutin polyester, a scaffold of long-chain fatty acid
derivatives [266], and the non-polymerized cuticular waxes typically dominated by VLCFA derivatives
like alkanes, alkenes, aldehydes, primary alcohols, secondary alcohols, ketones, and esters
[56,267,268]. The use of monounsaturated fatty acids, in the strictest meaning of the term, for cuticle
biosynthesis is rather limited [38]. By contrast, their monounsaturated derivatives can be fundamental
components of cutin and cuticular waxes in certain plant species [38,55]. For example,
monounsaturated alkenes have been described in the cuticular waxes of diverse plants [56,269,270].
Two complementary pathways contribute to the biosynthesis of different types of alkenes: one
involving acyl-ACP desaturases, with desaturation of long chains occurring before elongation and
removal of the carboxyl head group, the other involving acyl-CoA desaturases, with desaturation of
very long chains occurring between elongation and head group removal. It seems likely that the
presence of these alkenes affects the physical (texture and fluidity, as a function of temperature) and
biological properties of the cuticular wax mixtures, even at relatively low concentrations, suggesting
that they fulfill specific ecophysiological roles [271-273]. For example, the presence of wax alkenes in
leaves of Poplar trichocarpa was associated with modified cuticle functions, such as enhanced
resistance to leaf spot disease caused by an ascomycete [13]. Then, alkenes produced in the flower of
some species of the Mediterranean orchid genus Ophrys participate in the chemistry of sexual
deception, favoring plant pollination by hymenopterans [120]. Bioassays have emphasized the
importance of the alkene unsaturation position for controlling pollinator preference [274]. Modeling
approaches have illustrated how variations in acyl-ACP desaturase paralogs associated with alkene
structure variations can drive evolutionary divergence between orchid species, with subsequent
reproductive isolation allowing for rapid sympatric speciation by pollinator shift [120,275]. These
examples emphasize the importance of initiating further studies to elucidate the ecological significance

of monounsaturated compounds in surface lipids.

6. Monounsaturated fatty acids in storage lipids
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Many land plants accumulate storage lipids, usually in the form of triacylglycerols, in seed and fruit
tissues. Triacylglycerols stored in seeds are remobilized to fuel post-germinative seedling
establishment, a period of the plant life cycle playing a crucial role in plant fitness [276]. During this
process, and prior to initiation of photosynthesis in the seedling, nearly all nonparasitic angiosperms
rely exclusively on reserves stored in seeds to meet two critical requirements: a source of carbon
skeleton precursors and an energy source to assemble these precursors. Storage lipids efficiently
fulfill these two requirements [118,277-279]. As for triacylglycerols stored in the oily mesocarp of
certain fruits, they typically serve in the attraction of animals that consume these nutritious fruits, thus
favoring seed dispersal [118,280,281]. Plants collectively display huge variation in the fatty acids they
synthesize and store into seeds and fruits, including an array of common and unusual
monounsaturated fatty acids. Many of these fatty acids have a great potential for food and chemical

industries due to the particular physicochemical properties inherent in their structure [31].

6.1. Omega-9 monounsaturated fatty acids
6.1.1. Oleic acid - 18:1"%

Oleic acid is very common in vegetable oils. QOils rich in oleic acid are desirable in the food industry for
their considerable cooking and health benefits. Notably, oleic acid is oxidatively stable in comparison
with its polyunsaturated derivatives [282]. For this reason, oils rich in oleic acid are more shelf-stable
and their higher heat tolerance makes them optimal for deep-fat frying [283,284]. Moreover, oleic acid,
the main fatty acid in olive oil, has been ascribed a number of health-beneficial properties. Noticeably,
it reduces the risk of cardiovascular diseases [285] while suppressing tumorigenesis of inflammatory
diseases [286]. Monounsaturated fatty acids like oleic acid also have significant industrial potential
due to their higher thermal-oxidative stability and viscosity relative to other common fatty acids
[287,288]. There is an increasing interest in the use of plant oils with high oleic acid as a renewable
raw material in the production of biolubricants and biodiesel [289]. Finally, chemical cleavage of
monounsaturated fatty acids at their double-bond yields monomers in high demand by the chemical
industry. Oleic acid can thus be processed to yield azelaic acid (C9) monomers for nylon production
[290].

For all these reasons, conventional breeding programs and biotechnological approaches have
been implemented to increase the oleic acid content of oils in various oleaginous crops [290].
Characterization of the genetic diversity and mining of cultivar collections and lines developed by
chemical mutagenesis have revealed the high degree of variability of oleic acid content in the fatty
acid composition of oils. For example, Olea europaea (olive) cultivars exhibit an important phenotypic
plasticity, with oleic acid accounting for 55 to 83% of total fatty acids in fruit mesocarp [291]. These
approaches have contributed to identify germplasms of interest for conventional breeding programs
aimed at developing high-oleic compositions. Characterization of lines with contrasted oleic acid
content has also paved the way for the development of DNA markers linked to the loci determining
oleic acid content that are useful for marker-assisted breeding [292]. Numerous linkage and
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association mapping studies were implemented [293-303]. The 18:1 content appears to be a

polygenic trait, and no stable quantitative trait loci have been reported except for FAD2, that encodes
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the A12 desaturase catalyzing the conversion of 18:1°% to 18:22%'2° [221] (Figure 8). To date, most of
the high oleic acid germplasms available carry fad2 knockout or mild alleles [301,304,305]. While
genetically improved oils exhibiting 75 to 85% oleic acid levels are ideal for food uses, significant
residual levels of polyunsaturated fatty acids cause problems in industrial and oleochemical
applications [290]. Germplasms producing oils with high 18:1% and low 18:3"9%'%*"*¢ were therefore
developed [292,304]. Unfortunately, the lines obtained by manipulating the FAD2 gene family and
exhibiting an extremely high oleic acid content (>80%) have revealed lower agronomic performance
including lower seedling establishment and vigor, delayed flowering, reduced plant height at maturity,
and reductions in total seed oil content under field conditions [306,307]. These poor agronomic
characteristics are most noticeable when plants are grown at lower temperatures. They may be the
consequence of an undesirable reduction in the levels of polyunsaturated fatty acids in cell
membranes [306].

Aside from these breeding programs, biotechnological approaches have allowed the development
of high-oleic oilseed crops by suppression of FAD2 gene(s) through targeted genome mutagenesis by
means of TALENs [308], CRISPR/Cas9-mediated gene editing [309-316], or TILLING [317]. However,
these techniques potentially impact fatty acid metabolism in all parts of the plant so that very high oleic
acid phenotypes are usually associated with undesirable pleiotropic effects on crop performance
[310,316]. Alternatively, more targeted transgenic approaches relying on seed-specific silencing
constructs have been developed by means of antisense RNA [318-321], RNA.I strategies [322-327], or
a combination of these technologies [328]. If some promising achievements were thus obtained, it
should be noted that these technologies have disadvantages, such as instability, variability, and
incomplete knockdown of target genes, yielding incomplete removal of polyunsaturated fatty acids that
contribute to poor oxidative stability of seed oils.

Other actors of lipid metabolism were suppressed, most of the time together with FAD2, within the
frame of biotechnological approaches aimed at developing high oleic lines (Figure 8). FAD3 was thus
suppressed concomitantly with FAD2 in Glycine max [329-330]. REDUCED OLEATE DESATURASE1
(ROD1) encodes a phosphatidylcholine:diacylglycerol choline phosphotransferase (PDCT), that
transfers a phosphocholine head group between PC and diacylglycerol. ROD1 acts as a gatekeeper

A9c

enzyme by directing 18:1™" molecules for further desaturation occurring on PC and catalyzed by
FAD2 and FAD3 [331,332]. Knockout mutations of ROD71 and FAD2 were efficiently combined in
Thlaspi arvense to increase oleic acid content [333]. Mutation or suppression of the seed-specific
KCS18/FAE1 component of the fatty acid elongase complex, by impairing or limiting the production of
very long-chain monounsaturated acyl-CoAs, can also contribute to increase the overall oleic acid
content of seed oils [333]. Simultaneous down-regulation of KCS18/FAE1 and FADZ2 proved to be an
efficient strategy to obtain high levels of oleic acid in seed oils of Camelina sativa [334], Crambe
abyssinica [335], Brassica napus [336], Lepidium campestre [337], or Thlaspi arvense [333]. Finally, a
particularly successful approach aimed at developing superhigh oleic lines of Glycine max [338,339]
and Carthamus tinctorius (safflower) [326] consisted in the concomitant suppression of FAD2 and
FATB, the latter preventing 16:0 release from the fatty acid synthase complex and subsequent

accumulation of saturated fatty acids. No apparent adverse effects on agronomic performance were
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associated with these modifications of fatty acid metabolism. What is more, the very low amounts of
polyunsaturated remaining in the oils obtained and the stability of the constructs used over several
generations seem to permit commercial release and open the way for new industrial applications of

oleic acid as a chemical feedstock.

6.1.2. Erucic acid - 22:1%"*°

Oilseeds of Brassicaceae species represent major sources of oil for nutritional purposes on a global
scale. In the past, these oils often displayed high contents of erucic acid [340]. Presence of high erucic
acid in edible oil makes it nutritionally undesirable for human and animal consumption. For instance,
erucic acid consumption has been associated with myocardial lipidosis (triacylglycerol accumulates in
the heart due to insufficient oxidation), in turn resulting in reduced contractility of the heart muscle
[341,342]. To avoid potential public health issues, the erucic acid content in edible oils was regulated
in many countries, with maximum levels set to 2% of total fatty acids [343,344]. Thus, reducing erucic
acid content has become a major goal for rapeseed breeding programs in particular. The
KCS18/FAE1 component of the fatty acid elongase complex controls erucic acid production in seeds
of Brassicaceae. The diploid Brassica species (Brassica nigra and Brassica rapa) have one copy of
KCS18/FAE1 gene while the amphidiploid species (Brassica napus and Brassica juncea) have two
copies with additive effect [345-347]. In Brassica napus, erucic acid is genetically controlled by two
additive alleles, E1 and E2, corresponding to the structural genes encoding BnFAE1.1 and BnFAE1.2
[348,349]. Elimination of erucic acid was therefore achieved by genetic limitation of acyl chain
elongation due to variations in the sequence or expression level of the KCS-coding gene(s)
KCS18/FAE1 [346,350-353]. After the discovery of low erucic germplasms with naturally occurring
mutations affecting KCS18/FAE1, major breeding efforts in the 1960s have led to the development of
low erucic acid rapeseed (LEAR) varieties also termed Canola [354]. Nowadays, double zero (00)
Canola cultivars with a low erucic acid content and a low glucosinolate content are predominantly
being grown in most parts of the world [355]. More recently, biotechnological approaches such as the
RNAIi knockdown of KCS18/FAE1 have provided alternative means for the development of LEAR lines
[356].

On the other hand, plant oils rich in erucic acid are of interest for industrial purposes, so that high
erucic acid types have retained some attention in a context of increasing demand for biodegradable
and environmentally safe oil products. A major derivative of erucic acid is erucamide, which is used as
slip agent for manufacturing plastic films like polyethylene. Aside from this role in the production of
biodegradable plastics, erucic acid containing oils can be used for the production of high temperature
lubricants, soaps, inks, emulsifiers, or surfactants [357,358]. Finally, high erucic oils have a high
energy potential [359] that makes them desirable substrates for biofuel [360] and biodiesel production
[361,362]. Today, the main feedstocks for erucic acid are high erucic acid rapeseeds (HEAR; Brassica
napus) and mustards (Brassica juncea), that produce seed oils comprising 45-50% erucic acid.
Crambe abyssinica represents a promising alternative feedstock with seed oil comprising 55-60%
erucic acid and its inability to cause genetic cross-overs with edible oil crops [363,364]. Research

aimed at maximizing erucic acid content in seed oil has been conducted. It was estimated that every
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10% increase in the relative proportion of erucic acid in seed oil could theoretically reduce the
production costs of erucamide by half. Conventional breeding in the Brassica genus relying on
interspecific hybridizations allowing for the transfer of useful adaptive traits between species was
extensively conducted to obtain varieties rich in erucic acid. For example, Brassica carinata lines with
erucic acid levels close to 60% were developed through interspecific hybridization [365].

However, improvement of erucic acid content through conventional breeding is limited in the
Brassicacae species because of the inability of endogenous lysophosphatidic acid acyltransferases
(LPAATS) to use erucoyl-CoA as an acyl donor [366]. The exclusion of erucic acid from the sn-2
position of triacylglycerol sets up a threshold of 67% erucic acid in the seed oil that cannot be crossed
by hybridization among the existing Brassica species. Biotechnological approaches relying on the
expression of a gene from Limnanthes douglasii (LALPAAT) encoding a lysophosphatidic acid
acyltransferase able to insert erucic acid into the sn-2 position were thus implemented [366,367]. A
gene stacking strategy has been applied in Brassica napus [355] and Crambe abyssinica [368]
through overexpressing LdLPAAT and BnFAE1 in a context where endogenous FAD2 activity was
limited (using either a mutant background or a RNAi strategy), allowing to reach 73% erucic acid in
seed oil of the best lines. Further research will be necessary to identify the bottlenecks that still limit

the accumulation of trierucin in these lines [369].

6.1.3. Nervonic acid - 24:1*">°

First discovered in the brain of sharks, nervonic acid, also known as selacholeic acid, is very abundant
in nervous system and brain tissues of vertebrate animals, where it is bound to sphingosine via amide
linkage to form nervonyl sphingolipids [370]. These sphingolipids are the principal components of
white matter and the myelin sheath of nerve fibers [371-373]. Nervonic acid therefore plays a vital role
in developing and maintaining the brain [374] and is a natural component of maternal milk, that
promotes infant growth during nervous system development [375,376]. In humans, abnormal nervonic
acid levels are closely associated with a high risk of developing neurological disorders or mental
illnesses such as psychosis, schizophrenia, or attention deficit disorder [377-380]. Dietary therapies
with nervonic acid-containing fats and oils have met growing interest for preventing and treating neuro-
degenerative diseases including X-linked adrenoleukodystrophy, Parkinson’s disease, and multiple
sclerosis [374,384], while the manufacture of supplement formulations for improving infant nutrition
has developed. In addition, nervonic acid also functions as a non-competitive inhibitor of human
immunodeficiency virus type-1 reverse transcriptase (HIV-1 RT) in a dose-dependent manner [385],
further increasing the interest in production of nervonic acid for pharmaceutical and nutraceutical
applications.

Animal nervonic acid mostly originates from marine organisms, where it is found in very low
amounts. International ban on shark fishing has resulted in shortages of nervonic acid resources,
therefore increasing the need for plant sources of nervonic acid to satisfy a strong market demand
[373]. Nervonic acid is found in the seed oils of many plant species, although it usually represents less
than 5% of total fatty acids. High levels of nervonic acid have been detected in relatively few species,

as in Malania oleifera (40-67%) [386], Tropaeolum speciosum (40-45%) [387], or Cardamine graeca
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(54%) [388]. However, long life cycles, narrow geographic distribution, or poor agronomic performance
have hindered the use of these species as plant sources. Lunaria annua (14-24%), beyond its
ornamental status, has been considered as a niche crop for future development and its oil has been
used on a small scale as an industrial lubricant [197,389]. Breeding programs have even been
intermittently ongoing in Europe to develop Lunaria annua accessions but only met little success [390].
The seed yields of this biennial herbaceous species vary greatly and harvesting difficulties due to seed
shattering represent long-standing problems. What is more, due to its high erucic acid content (up to
50% of total fatty acids), Lunaria annua oil does not meet the nutraceutical and pharmaceutical
requirements [373]. Acer species were also proposed as natural sources for commercial production of
nervonic acid, despite the low abundance of this monounsaturated fatty acid in seed oils (5-6 % in
Acer truncatum) [391,392].

Genetic engineering approaches have been implemented to obtain microorganisms, microalgae,
and plants producing oils rich in nervonic acid suitable for nutraceutical and pharmacological
applications [196,370,393]. Improvement of existing plant sources, especially in the Brassicaceae
family, was considered to generate new elite cultivars. The adopted strategies all relied on the seed-
specific overexpression of KCS genes selected chiefly from donor species naturally exhibiting high
nervonic acid levels like Lunaria annua (LaKCS) [196,393], Cardamine graeca (CgKCS) [197], or
Malania oleifera (MoKCS11) [195]. The host species were either cultivated Brassicaceae species
accumulating high levels of erucic acid in their seed oils (Brassica carinata or Brassica napus), or
related low-erucate species like Arabidopsis or Camelina sativa. While the majority of these
approaches yielded significantly increased nervonic acid levels in seed oils, the nervonic acid levels
attained varied considerably. These results illustrate the diversity of the KCS isoforms tested that
obviously display contrasting enzymatic characteristics. The highest nervonic acid contents were
obtained in transgenic Brassica carinata offspring expressing either LaKCS (30%) [196] or CgKCS
(44%) [197]. Both KCS isoforms exploit the strong erucate production capacity of Brassica carinata to
synthesize important amounts of nervonic acid, although not with the same efficiency. While Brassica
carinata lines transformed with LaKCS produce oils still containing 29% of erucic acid, those
transformed with CgKCS produce oils with significantly reduced erucid acid level (5.6%). By contrast,
MoKCS11 overexpression yielded low nervonic acid levels, with the highest concentrations obtained in
low-erucate Arabidopsis and Camelina sativa seeds, suggesting a substrate preference of MoKCS11
for 20:1*"'° [195].

When systematically evaluating the combinatorial effects of LaKCS with Arabidopsis sequences
coding for the three other enzymatic components of the fatty acid elongase complex on nervonic acid
production in Camelina sativa seeds, it was observed that the nervonic acid contents from the LaKCS,
AtKCR and AtHCD co-expressing lines were significantly higher than that of the LaKCS transgenic
lines during the course of seed maturation [393]. However, the ultimate nervonic acid content

measured in mature dry seeds did not change significantly.

6.2. Omega-7 monounsaturated fatty acids
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A9c AM1c

Plant oils enriched in w7 monounsaturated fatty acids like 16:1™" and its elongation products 18:1
and 20:1%"*° have a number of potential applications [31,394]. First, w7 fatty acids have considerable
insterest as a feedstock for the production of 1-octene by metathesis chemistry [395]. Olefin
metathesis constitutes a powerful tool for polymer chemistry, and ethenolytic metathesis of w7 fatty
acids could potentially provide a competitive source of 1-octene to make linear low-density
polyethylene [396]. In addition, w7 monounsaturated fatty acids are attractive for biodiesel
formulations with superior functional properties [397]. Last, w7 monounsaturated fatty acids have been
ascribed a number of beneficial health properties. In animals, adipose tissues use palmitoleic acid to
communicate with distant organs and regulate systemic metabolic homeostasis [398]. Increasing
evidence suggest that palmitoleic acid plays a key role in the pathophysiology of insulin resistance in
humans, increasing muscle response to insulin [399]. Pharmaceutical companies therefore develop
foods and nutraceuticals for health purposes enriched in w7 sourced from vegetable oils. Aside from
these nutritional aspects, palmitoleic acid also displays antioxidant, antimicrobial, and antiaging
properties [394] that make it attractive for nonfood uses by the skin care industry.

Vegetable oils displaying high w7 contents are infrequent. Foods and nutraceuticals enriched in w7
monounsaturated fatty acids are often sourced from the berries of Hippophae rhamnoides, whose pulp
496 1400]. Seed oils enriched in w7 fatty
acids have also been described in Doxantha unguis-cati (75%) [401], Entandrophragma cylindricum
(55%) [402], Macadamia integrifolia (35%) [403], Roureopsis obliquifoliata (30%) [404], or Asclepias

syriaca (25%) [405], among others. However, these plants exhibit low yields and poor agronomical

oil contains up to 50% w7 fatty acids, mostly in the form of 16:1

performances that preclude their use for industrial purposes.

Over the last decade, some biotechnological approaches have been implemented to develop
specialized high-yielding cultivars through the metabolic engineering of oilseed crops. Species in the
Brassicaceae family like Camelina sativa or Brassica napus often served as production platforms,
owing both to their widespread cultivation and to the natural occurrence of w7 monounsaturated fatty
acids in their seed oils: w7 fatty acids are poorly abundant in embryo oil but highly concentrated in
endosperm oil [114,116,194,406]. The most efficient strategies described so far all rely on the seed-
specific overexpression of PAD sequences either cloned from species producing w7 fatty acids
(Doxantha unguis-cati, Arabidopsis) or obtained through the engineering of archetypal SAD to achieve
desired substrate specificity while retaining its stability and turnover characteristics [123]. Seed-
specific overexpression of transcription factors (e.g. AtMYB115) able to activate the expression of
endogenous PAD-coding genes in Arabidopsis also proved to significantly stimulate w7 accumulation
in seed oil, although not as efficiently as the direct overexpression of PAD sequences [227]. An
elegant strategy initially validated in Arabidopsis [198], then adapted to Camelina sativa led to the
production of seed oils comprising levels of w7 fatty acids comparable with the highest levels found in
natural plant sources [397] (Figure 9). This result was attained thanks to the use of an assembly of
multiple seed-specific cassettes for co-expression of an engineered A° PAD coding-sequence and a A°
16:0-CoA desaturase gene from Caenorhabditis elegans, plus concomitant RNAi suppression of
genes coding for CsKASII and CsFatB aimed at enhancing substrate availability for the PADs. RNAI

suppression of CsFAET allowed a further, though limited, increase in w7 production. A similar
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approach was implemented with Glycine max but the amounts of w7 monounsaturated fatty acids
accumulated were considerably lower than that achieved in Camelina sativa seeds with the same

transgene cassettes, yielding 16.5% w7 fatty acids at most [397].

6.3. Delta-5 monounsaturated fatty acids
The close position of the double bond to the carboxy terminus in A5 monounsaturated fatty acids
results in original chemical and physical properties. In particular, these monounsaturated fatty acids
are more oxidatively stable than the widespread A9 monounsaturated fatty acids [407]. These
properties make them interesting as industrial feedstocks. They can serve as chemical precursors for
the synthesis of estolides and &-lactones that can be used in turn for a range of industrial applications,
including surfactants, lubricants, and plasticizers [408,409]. Oils rich in A5 monounsaturated fatty
acids are also desirable for uses in cosmetics [410]. Seed oil of Limnanthes alba comprises 63%
20:1*°° and 4% 22:1**° [411] and represents the richest known source of A5 monounsaturated fatty
acids and presently the sole commercial source of A5 unsaturated VLCFAs. Domestication and
breeding programs recently established meadowfoam as an oilseed rotation crop on limited acreage in
the Pacific Northwest of the United States, despite a rather low seed oil content (20-25%) [412,413].
However, the relatively high price of meadowfoam oil limits its commercial use to primarily cosmetic
applications [414]. Biotechnological approaches have been implemented to partially reconstruct the

Abc

biosynthetic pathway of 20:1™" in established oilseed crops. Co-expression of Limnanthes douglasii
cDNAs encoding specialized acyl-CoA desaturase (LimDes5) and KCS (LimFAET), first in somatic
embryos of Glycine max [146], then in seeds of Glycine max and Brassica carinata [414], resulted in

the accumulation of 20:1%%

to approximately 10% of the total fatty acids, failing to reproduce the high
20:1%%° phenotype of meadowfoam oil [415]. It is very likely that other specific enzymes are required
for high levels of synthesis and accumulation of this fatty acid, such as acyl-ACP thioesterases

A5c

generating a large pool of 16:0 and acyltransferases efficiently acylating 20:1™" to the glycerol

backbone of triacyglycerol.

6.4. Delta-6 monounsaturated fatty acids
A6c

In Thunbergia alata, a A6 PAD produces 16:17", a major component of seed oil [52]. A A4 PAD

Adc A6c

identified in Coriandrum sativum produces 16:17"" that is further elongated to 18:1™"" by a specialized
KAS isoform [126,213]. Because of their A6 unsaturation, sapienic and petroselinic acids are of
potential industrial significance. Their chemical cleavage by ozonolysis yields hexanedioic acid (adipic
acid) and 10:0 (capric acid) or 12:0 (lauric acid), respectively. Adipic acid is one of the building blocks
in 6,6-nylon. Lauric acid is a component of detergents and surfactants. Petroselinic acid has many
prospective applications in functional foods and for the nutraceutical and pharmaceutical industries as
well [416]. The melting point of petroselinic acid elevates to 33°C, when oleic acid melts at 12°C,
meaning that petroselinic acid might provide the means to produce an unsaturated vegetable oil that is
also a solid at room temperature and could therefore represent a healthy substitute for margarine and
shortening in the food industry [417]. However, species storing a high percentage of these unusual

monounsaturated fatty acids in their seed oils display low oil yields per hectare so that high-yielding
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crops designed to produce these fatty acids would represent an economically favorable alternative
[418]. Despite the identification of the acyl-ACP desaturases involved in the biosynthesis of these
monounsaturated fatty acids, classical approaches of metabolic engineering by overexpression of the
corresponding coding sequences yielded only low levels of the fatty acids of interest in seed oils [419].
More elaborated strategies will be required to efficiently channel these unusual fatty acids into

triacylglycerol [416].

7. Conclusion and perspectives

While past research initiatives have already contributed to identify a broad range of plant
monounsaturated fatty acids, many other structures remain to be discovered in the plant kingdom.
This is firstly because plant oils, which have thus far constituted the primary source for the huge
diversity in unusual fatty acids, have not been exhaustively characterized. It was estimated that 15%
of plant orders and 40% of plant families were yet to be analyzed for fatty acid composition [30]. Then,
steady progresses in analytical chemistry linked to advances in mass spectrometry have considerably
improved the sensitivity of analyses, lowering detection limits and allowing the identification of
molecular species poorly abundant in plant tissues or accumulated in very specific cell types.
Lipidomic analyses of plants grown under various adverse environmental conditions will undoubtedly
further increase the spectrum of known structures.

Approaches of functional genomics combined with structural analyses of desaturases have
considerably improved our comprehension of monounsaturated fatty acid biosynthesis within the
broader framework of plant lipid metabolism. Further knowledge in our understanding of the structure-
function relationships of plant desaturases will certainly arise from the determination of the three-
dimensional structures of membrane desaturases [5]. The structures of animal acyl-CoA desaturases
already available [149,150] constitute a promising advance in this direction. In contrast, and despite
recent progresses into the elucidation of the biological functions of some monounsaturated fatty acid
species in specific developmental and environmental contexts, there remains a real lack of knowledge
regarding the particular functions of many unusual monounsaturated fatty acids. Interdisciplinary
research efforts now need to focus on the exploration of the links existing between molecular
structures and biological functions. The knowledge gained will certainly improve our comprehension of
fundamental physiological and developmental processes, and of plant interactions with a challenging

environment.

Accession Numbers

Arabidopsis sequence data from this article can be found in the EMBL/GenBank data libraries under
accession numbers: AtAAD2, At3g02610; AtAAD3, At5g16230; AtADS1, At1g06080; AtADS1.2,
At1g06090; AtADS1.3, At1g06100; AtADS1.4, At1g06120; AtADS2; At2g31360; AtADS3/FADS5,
At3g15850; AtADS3.2, At3g15870; AtADS4, At1g06350; AtADS4.2, At1g06360; AtDSD, At4g04930;
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AtFAD2, At3g12120; AtFAD3, At2g29980; AtFAD4, At4g27030; AtFADG, Atdg30950; AtFAD?,
At3g11170; AtFADS, At5g05580; AtKASI/FAB1, At1g74960; AtKCS11, At2g26640; AtKCS17,
Atdg34510; AtKCS18/FAE1, At4g34520; AtMYB115, At5g40360; AtMYB118, At3g27785; AtPLIP1,
At3g61680; AtPRXQ, At3g26060; AtSLD1, At3g61580; AtSLD2, At2g46210.
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Figure legends

Figure 1. Structure of 9-octadecenoic acid and some derivatives used for structural analyses
(A) Structure of two 9-octadecenoic acid isomers differing by the configuration of their C-C double
bond. Carbon atoms are numbered according to the delta nomenclature, in green, and to the w
nomenclature, in blue.

(B-F) Fatty acid derivates used for structural analyses. The figure displays the structure of a methyl

ester derivative of (9E)-octadecenoic acid, commonly used for gas chromatography analyses (B).
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Structures of pyrrolidine (C), picolynil (D), 4,4-dimethyloxazoline (DMOX) derivatives (E), and dimethyl

disulfide (DMDS) adducts (F) used for structural characterization are presented too.

Figure 2. Structural diversity of plant monounsaturated fatty acids

A. Table of monounsaturated fatty acids. All possible structures of monounsaturated fatty acids
ranging from C3 (top) to C34 (bottom) are displayed as squares. Squares corresponding to
monounsaturated fatty acid structures already identified in land plants are highlighted in purple, with
their C-C double bond configuration specified as c¢ (cis) or t (trans). For a given chain length, a yellow
square at the left end of the row means that no monounsaturated fatty acid has been identified so far,
while a pink color indicates that at least one structure has been characterized. The data displayed in
this table mostly originate from the PlantFA database (https://plantfadb.org/).

B. Partitioning of characterized monounsaturated fatty acids according to the length of their acyl chain.
Dark green, odd-numbered (all cis) fatty acid; light green, even-numbered and cis fatty acid; orange,
even-numbered and trans fatty acid.

C. Venn diagram presenting the partitioning of characterized monounsaturated fatty acid structures
according to carbon number and configuration of the C-C double bond. Same color code as in B.

Figure 3. Enzymatic reaction catalyzed by desaturases and associated electron transport
chains

For the formation of a C-C double bond in the acyl chain of a fatty acid, two electrons are required to
initiate the conversion of oxygen into a metal-bound electrophilic reagent. Reducing equivalents are
supplied by different electron transport chains depending on the subcellular location of the enzyme.

(a) In the plastids, the electron transport chain involves a ferredoxin-NADP reductase (FNR) and
ferredoxins (Fdx). In photosynthetic tissues in the light, reducing equivalents arising from photosystem
| can be directly transferred to ferredoxin, bypassing the FNR.

(b) In the endoplasmic reticulum, the flavoprotein is cytochrome bs reductase, and the electron carrier

is cytochrome bs (Cyt bs).

Figure 4. Diversity of plant desaturases using saturated acyl chains as substrates in
Arabidopsis thaliana

The different classes of desaturase enzymes catalyzing the biosynthesis of monounsaturated acyl
chains are displayed, together with their subcellular location and enzymatic characteristics. They
belong to two distinct categories of unrelated proteins: the soluble and membrane-bound desaturases.
In the case of soluble acyl-acyl carrier protein desaturase, conserved amino acid residues involved in
binding the di-iron complex have been unambiguously identified and are presented on the schematic.
In the case of membrane-bound desaturases, conserved histidine clusters presumed to compose the
Fe-binding active centers of the enzymes are schematized. Vertical yellow bars represent putative ER
retrieval and retention motifs.

AAD, acyl-acyl carrier protein desaturase; ADS, acyl-CoA desaturase-like; Cbs, cytochrome bs
domain; cTP, chloroplast transit peptide; FAD4, FATTY ACID DESATURASE4 and related proteins;
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LCB, long-chain base; MGDG, monogalactosyldiacylglycerol; PG, phosphatidylglycerol; SLCB,
sphingoid long-chain base; SLD, sphingolipid long-chain base A8 desaturase; DSD,

dihydrosphingosine A4 desaturase; Stereo., stereospecificity.

Figure 5. Structure of the A9 acyl-acyl carrier protein desaturase from Ricinus communis

(a) Three-dimensional structure of the protein dimer viewed along different axes. The two subunits are
colored blue and green, and red spheres represent irons.

(b) Internal view of a monomer. In this mesh surface model, the substrate binding pocket is highlighted
in yellow, with a black arrow pointing the entry of the cavity. Red spheres represent irons.

(c) Stereo view of a di-iron center with ligands. The lateral chains of the six labelled amino acid
residues coordinating the di-iron center are presented as sticks with carbon atoms as green, oxygen
as orange, and nitrogen as blue. Red spheres represent irons.

All figures were produced using PyMol and were adapted from [108]; Protein Data Bank 1AFR.

Figure 6. Overview of fatty acid and acyl lipid metabolism in the plastids of Arabidopsis
thaliana

The scheme depicts the different pathways involved in the biosynthesis of fatty acids and the
elaboration of membrane lipids in the plastids of A. thaliana. Production of monounsaturated acyl
chains by desaturases is highlighted. Unless otherwise specified, the C-C double bonds of the acyl
chains presented are all in the cis configuration. Symbols on the right side of the schematic represent
connections with the metabolic pathways depicted in figure 7.

ACP, acyl carrier protein; CDP-DAG, cytidinediphosphate-diacylglycerol; DAG, diacylglycerol; CDP-
DAGS, cytidinediphosphate-diacylglycerol synthase; DGDG, digalactosyldiacylglycerol; DGDGS,
digalactosyldiacylglycerol synthase; FAD, fatty acid desaturase; G3P, glycerol-3-phosphate; FAT,
acyl-acyl carrier protein thioesterase; GPAT, glycerol-3-phosphate acyltransferase; KAS, fatty acid
synthase complex comprising a 3-ketoacyl-ACP synthase; LPA, lysophosphatidic acid; LPAAT,
lysophosphatidic  acid  acyltransferase; MGDG, monogalactosyldiacylglycerol; MGDGS,
monogalactosyldiacylglycerol synthase; NEFA, non-esterified fatty acids; PA, phosphatidic acid; PAP,
phosphatidic acid phosphatase; PAD, A9 palmitoyl-acyl carrier protein desaturase; PG,
phosphatidylglycerol; PGP, phosphatidylglycerol-phosphate; PGPP, phosphatidylglycerol-phosphate
phosphatase; PGPS, phosphatidylglycerol-phosphate synthase; SAD, A9 stearoyl-acyl carrier protein
desaturase; SQD2, UDP-sulfoquinovose:diacylglycerol  sulfoquinovosyltransferase;  SQDG,

sulfoquinovosyldiacylglycerol.

Figure 7. Simplified overview of extraplastidial acyl lipid metabolism in Arabidopsis thaliana
Production of monounsaturated acyl chains by desaturases is highlighted. Unless otherwise specified,
the C-C double bonds of the acyl chains presented are all in the cis configuration. Symbols on the
right side of the schematic represent connections with the metabolic pathways depicted in figure 6.
ADS, acyl-CoA desaturase-like; Cer, ceramide; CoA, coenzyme A; CPT, cytidine diphosphate-

choline:diacylglycerol choline phosphotransferase; CS, ceramide synthase; d18:0, sphinganine; Dn

61



DAG, de novo synthesized diacylglycerol; DGAT, acyl-coenzyme A:diacylglycerol acyltransferase;
DSD, dihydrosphingosine A4 desaturase; FAD, fatty acid desaturase; FAE1, fatty acid elongase
complex comprising the 3-ketoacyl-CoA synthase FATTY ACID ELONGASE1; FAH, fatty acid a-
hydroxylase; GIPC, glycosyl inositol phosphoceramide; GlcCer, glucosylceramide; G3P, glycerol-3-
phosphate; GPAT, glycerol-3-phosphate acyltransferase; KCS, 3-ketoacyl-coenzyme A synthase;
KSR, 3-ketosphinganine reductase; LACS, long-chain acyl-coenzyme A synthetase; LCB, long-chain
base; LPA, lysophosphatidic acid; LPAAT, lysophosphatidic acid acyliransferase; LPC,
lysophosphatidylcholine; LPCAT, acyl-coenzyme A:lysophosphatidylcholine acyltransferase; NEFA,
non-esterified fatty acid; PA, phosphatidic acid; PAP, phosphatidic acid phosphatase; PC,
phosphatidylcholine; PCd DAG, phosphatidylcholine-derived diacylglycerol; PDAT,
phospholipid:diacylglycerol acyltransferase; PDCT, phosphatidylcholine:diacylglycerol choline
phosphotransferase; PLA2, phospholipase A2; PLD, phospholipase D; SBH, sphingobase C4-
hydroxylase ; SLD, sphingolipid long-chain base A8 desaturase; SPT, serine palmitoyltransferase;

t18:0, 4-hydroxysphinganine; TAG, triacylglycerol; VLCFA, very long-chain fatty acid.

Figure 8. Production of oleic acids in seeds of transgenic lines

The scheme depicts the main pathways comprising fatty acid, acyl-CoA, and acyl-lipid metabolism in
seeds of transgenic lines engineered to produce oils rich in oleic acid. For the sake of clarity, different
pathways have been omitted such as the production of w7 fatty acids or the biosynthesis of
triacylglycerol by phospholipid:diacylglycerol acyltransferases. Red arrows linked with sight symbols
represent metabolic steps that have been down-regulated, alone or in combination, to increase oleic
acid content in seed oil. Metabolites under accumulated in transgenic lines with respect to the wild
type appear in red, those over accumulated in green. The C-C double bonds of the acyl chains
presented are all in the cis configuration.

ACP, acyl carrier protein; CoA, coenzyme A; CPT, cytidine diphosphate-choline:diacylglycerol choline
phosphotransferase ; DAG, diacylglycerol; DGAT, acyl-coenzyme A:diacylglycerol acyltransferase;
FAD, fatty acid desaturase; FAE1, fatty acid elongase complex comprising the 3-ketoacyl-CoA
synthase FATTY ACID ELONGASE1; FAT, acyl-acyl carrier protein thioesterase; G3P, glycerol-3-
phosphate; GPAT, glycerol-3-phosphate acyltransferase; KAS, fatty acid synthase complex
comprising a 3-ketoacyl-ACP synthase; LACS, long-chain acyl-coenzyme A synthetase; LPA,
lysophosphatidic acid; LPAAT, lysophosphatidic acid acyltransferase; LPC, lysophosphatidylcholine;
LPCAT, acyl-coenzyme A:lysophosphatidylcholine acyltransferase; NEFA, non-esterified fatty acid;
PA, phosphatidic acid; PAP, phosphatidic acid phosphatase; PC, phosphatidylcholine; PDCT,
phosphatidylcholine:diacylglycerol choline phosphotransferase; PLA,, phospholipase A;; SAD, A9

stearoyl-acyl carrier protein desaturase; TAG, triacylglycerol.

Figure 9. Production of omega-7 fatty acids in seeds of transgenic lines of Camelina sativa
The scheme depicts the different pathways comprising fatty acid and acyl-CoA metabolism in seeds of
transgenic Camelina sativa lines engineered to produce oils rich in w7 fatty acids [397]. Blue arrows

represent exogenous enzymes introduced into the metabolic system: the mutant A9 16:0-ACP
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desaturase (PAD) Com25 and the Caenorhabditis elegans A9 16:0-CoA-specific desaturase (ADS)
Fat5. Red arrows linked with sight symbols represent endogenous down-regulated metabolic steps.
The identity of the 3-ketoacyl-ACP synthase responsible for the elongation of 16:1°% into 18:1%%
remains unclear. Metabolites over accumulated in transgenic lines appear in green, those under
accumulated in red. The C-C double bonds of the acyl chains presented are all in the cis configuration.
ACP, acyl carrier protein; ADS, acyl-coenzyme A desaturase; CoA, coenzyme A; FAE1, fatty acid
elongase complex comprising the 3-ketoacyl-CoA synthase FATTY ACID ELONGASE1; FAT, acyl-
acyl carrier protein thioesterase; KAS, fatty acid synthase complex comprising a 3-ketoacyl-ACP
synthase; LACS, long-chain acyl-coenzyme A synthetase; NEFA, non-esterified fatty acid; PAD, A9

palmitoyl-acyl carrier protein desaturase; SAD, A9 stearoyl-acyl carrier protein desaturase.
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Table 1. List of monounsaturated fatty acids found in seed oils and described in this review

A Notation w  Systematic name Common name Examples of plant sources
16:1°%° 10 (6Z)-Hexadecenoic acid  Sapienic acid Thunbergia alata
6:1°% 7  (9Z)-Hexadecenoic acid Palmitoleic acid Doxantha unguis-cati
18:1°%° 12 (62)-Octadecenoic acid Petroselinic acid Coriandrum sativum, Hedera helix
18:1%° 9  (9Z)-Octadecenoic acid Oleic acid Carthamus tinctorius, Olea europaea
18:1°"1° 7  (112)-Octadecenoic acid  Vaccenic acid Hippophae rhamnoides, Doxantha unguis-cati
20:1%% 15  (52)-Eicosaenoic acid - Limnanthes alba, Limnanthes douglasii
20:14""° 9  (112)-Eicosaenoic acid Gondoic acid Simmondsia chinensis
20:14'% 7  (13Z)-Eicosaenoic acid Paullinic acid Paullinia elegans
22:1%%° 17  (52)-Docosenoic acid - Limnanthes alba, Limnanthes douglasii
22:14'% 9  (13Z)-Docosenoic acid Erucic acid Tropaeolum majus, Brassica rapa
24:14"% 9  (5Z)-Tetracosenoic acid Nervonic acid Cardamine graeca, Lunaria annua, Malania oleifera

64



1 A9
HO N w?
18:149¢
1
18:149¢
(o]
y‘\/\/\/\/A(?\/\/\/\/\
N
HO w9 1
9-Octadecenoate
B o

\O)‘\/\/\/\/\/\/\/\/\

Methyl 9-octadecenoate

C o

I NN NP NN
Co

N-Octadec-9-enoyl pyrrolidine

D o)
()/\O)‘\/\/WW\/\/\
X
N
3-Pyridylcarbinyl 9-octadecenoate
E >F N
O)k/\/\/\/\/\/\/\/\

DMOX derivative of methyl 9-octadecenoate

F o SCHs

SCHs

DMDS adduct of methyl 9-octadecenoate

Figure 1



(o}

\ -?3 14 - _
A2 || a3 Sg 12
AR B
A2 | A3 | A4 2% 101
NN E:)‘.-g 8 |
A2 |83 ||nd |5 5§ a
A — £ 'g 6 1
a2 |83 || a4 a5 | a6 B9 4] [
(S 5 B
A2 | A3 || a4 | B5 || a6 | A7 -g £ 2 H
(S G S S — 3 0 [1 Ml [ [

A2 ||A3 || A4 | A5 | A6 || A7 || A8 4 6 8 10 12 14 16 18 20 22 24 26 28 30 32 34

\ | S SN )
a2 || a3 m a5 || a6 | a7 | a8 | a9 Chain length
NN \ \ \

N\ N\
A2 A3 A4 | A5 A6 A7 A8 A9 ||A10
N\ N\ \S S \
(4
\ N\ N N\ N
A2 A3

A9 A10 ||A11 || A12 C

A4
N N N AN
A2 3 “AG HAS ‘mo A11 | A12 || A13
N N\ N AS N

A10 A11 | A12 ||A13 || A14

-

B

A12 || A13 || A14 | A15
N\ \ AS N AS AN

c c c
A8 || A9 (|A10 | A11 | A12 ||A13 ||A14 | A15 | A16
AS || A6 A9 | A10 ||AM1 A12 A13 | A14 || A15 || A16 A17 A18
N N \c
A2 || A3 || A4 | AS m
N N S N N e
A2 || A3 || A4 m A6 || A7 || A8 | A9 | A10 m A12 % A14 @ A16 A18 || A19 | A20 | A21
AN N N A N N\ N N N N N N N N\
A2 || A3 | A4 A5 | A6 || A7 | A8 | A9 ||A10 A11 | A12 ||A13 ||A14
A17 | A18 | A19 | A20 | A21 | A22 | A23 | A24
N N N N N N N N N AN N N N \
A2 || A3 | A4 A5 || A6 || A7 | A8 | A9 ||A10  A11 | A12 ||A13 ||A14  A15 | A16 || A17 | A18 | A19 | A20 | A21 || A22 | A23 | A24  A25  A26
AN N N AN N N AN N AN N N N AN AN N AN N AN \ N\ N\ N\
A2 || A3 | A4 | A5 | A6 || A7 || A8 | A9 ||A10 A11 A12 ||A13 ||A14  A15 | A16 ||A17 | A18 | A19 | A20 A22 || A23 | A24 | A25  A26 || A27 | A28  A29
N N N N N AN AN N N AN N AN N N N AN N N AN AN A N N N N N N
A2 || A3 | A4 | A5 || A6 || A7 | A8 | A9 ||A10 A11 | A12 ||A13 ||A14  A15  A16 | A17 | A18 | A19 | A20 | A21 | A22 | A23 | A24 | A25 A26 || A27 | A28  A29  A30  A31 A32
AN N N U N N N N N U U U N N N N N N N N N N N NN N XN X XN\

NN NN NN
c c c c c

A2 & a4 ||85,|lne, | A7 ||a8 || A9, 10 @@ A14 || A15 | A16 || A17

\ —A A \

c
Even Odd
A7 A12 A16 | A17 | A18 || A19

A Carbon number

A2 |[A3 | A4 || A5 | A6 | A7 | A8 A10 A1 A12 ||A13 | A14 ||A15 || A16 || A17 || A18 | A19 | A20 || A21 | A22
\
e e e A A
NN NN
A2 |[A3 | A4 | A5 | A6 | A7 || A8 || A9 ||A10 ||A11 ||A12 || A13 || A14 || A15 | Ate A18 || A19 | A20 E A22 || A23 || A24 | A25
N

e O S N NN
A2 |[A3 | A4 | A5 | A6 | A7 || A8 | A9 ||A10 ||A11 ||A12 | A13 || A14 |[A15 | A6 | A17 |A18 | A19 @ A21 || A22 | A23 || A24 | A25| A26 | A27| A28

A e T T e N NN NN NN
A2 |[A3 | A4 | A5 | A6 | A7 || A8 || A9 ||A10 ||A11 ||A12 |A13 || A14 |[A15 | A16 | A17 || A18 | A19 | A20 || A21 | A22 || A23 ||A24 | A25| A26|| A27| A28| A29 | A30| A31

A N NN N NN

W % Y W % % % Y R Y e % % Y Y Y Y Y Y Y Y Y Yy % % e % % Y % % Y

N \ AN N AN

A2 || A3 || A4
A2 || A3 | A4 | A5 || A6 || A7 A9 |A10 ||A11 ||A12 | A13 | A14 ||A15 || A16 | A17 | A18 | A19 | A20

N N N N N N N N N N

A16 HA“} lAZO A21 || A22 || A23

A2 ||A3 | A4 A5 || A6 | A7 | A8 | A9 ||A10  A11  A12 |A13 | A14 | A15

N AS N N N N AN N N N N\ N N N N N A N N N N
A2 || A3 | A4 | A5 || A6 || A7 || A8 | A9 ||A10 A11 | A12 ||A13 ||A14  A15  A16 ||A17 | A18 | A19 | A20 || A21 | A22 A24 | A25| A26  A27

N N N N N N N AN N AN N N N AN N N N N AN \ N N N N N
A2 || A3 | A4 | A5 | A6 || A7 || A8 | A9 ||A10  A11  A12 ||A13 ||A14  A15  A16 ||A17 | A18 | A19 | A20 || A21 A23 || A24 | A25  A26| A27 || A28 A29  A30

AN AN N S N N N AN AN N AN N AN N N N AN N\ N AN N N N N N N A N N N\
A2 || A3 | A4 A5 | A6 || A7 | A8 || A9 ||A10 A11 | A12 ||A13 ||A14 | A15 | A16 || A17 | A18 || A19 | A20 | A21 | A22 | A23 | A24 @ D26 A27 | A28 | A29 | A30  A31| A32| A33

4 7

Figure 2



Oxidized Reduced Oxidized Reduced Oxidized Saturated

NADP* FADH, Fell Fe! 0+ H H
Hin L H
Plastidial
FNR 2 Fdx
desaturase
Hin,=—uuH
NADPH + H* FAD Fel Fell 2HO0 + T N
Reduced Oxidized Reduced Oxidized Reduced Monounsaturated
Oxidized Reduced Oxidized Reduced Oxidized Saturated
NAD* FADH;, Fell Fell 0, + H H
Hin L H
Cyt bs 2Cyt by Microsomal
reductase desaturase
NADH + H* FAD Fe! Fell 2H0 + —
Reduced Oxidized Reduced Oxidized Reduced Monounsaturated

Figure 3



Location Substrate Counting Stereo.

Soluble

Membrane-bound

GE, a4 T
- 2 28 = 3
18333 $ist
Class Genes a s & & & g8 5 & &
| R\
AAD 7 cTP () . ® ®
i 1 1 ! N
TR 1 : | MGDG ;
2 cTP HH HHH HHH o ) ® ®
T 1l ! !
ADS nm 1]
7 HH HHH HHHI o ) o°e ©
T | I
[] 1 m PG
FAD4 3 cTP HH HHHHH ) o o -
[T T
[T n SLCB &
SLD 2 HH HHH QHH o o o o0
T | 1l
i n LCB
DSD 1 HH HHH HHH I o o @ O=
T | 1l ;
J

Figure 4



Figure 5



ICD P-DAG

CDP-DAGS

G3P
L

GPAT k—

LPA
e |

FAT

r—b NEFA

-

SAD

<+—— 18:.0-

1
KASII

18:1
LPAAT 1r

A9
PA
L

T 1 -~
16:0 18:1
A9
PGPS 1

PGP

PGPP 1

PG

16:0 18:1

.

PG

FAD4

SQD2

T 1
16:0 18:1

A9
PP l

. DAG

| SQDG . DGDG

9
DGDGS FAD5 l
v

T 1
16:0 18:1
A9
MGDGS l

MGDG

16:0 18:1

. MGDG

T 1
16:1 18:1
At A9

R 1 """"""" l """"""" l v

PG

T 1
16:0 18:1
A9

T 1
16:0 18:1

T 1
16:1 18:1
AN

'y

KASI

18:1 - ACP
A

ACP

A

PAD

16:0- ACP ——— 16:1 - ACP

A9

©

Acyl - ACP pool

\

DAG

PA

T 1
18:2 18:2

A9,1

l

DGDGS

< T
18:2

2 A912 A9,12

1
18:2
9,12

. SQDG . DGDG . MGDG

. . SQDG . DGDG
T 1
16:1 18:2
Mt 19,12

1 L ™ L
16:0 18:2 16:2 18:2 18:2 18:2 18:2 18:2
79,12 A7,00 M912 9,12 A9,12 9,12 A912

e e e e

PG , SQDG , DGDG , MGDG , SQDG , DGDG , MGDG

T 1
16:0 18:2
19,12

FAD7
FAD8

T 1
16:1 18:3
A3t A9,12,15

T 1
18:3 18:3
£9,12,15 A9,12,15

T 1
18:3 18:3
£9,12,15 A9,12,15

T 1
18:3 18:3
£9,12,15 A9,12,15

T 1
16:3 18:3
A7,10,13 £9,12,15

T 1
16:0 18:3
£9,12,15

T 1
16:0 18:3
£9,12,15

Prokaryotic pathway Eukaryotic pathway

Figure 6



-

16:1 - CoA 16:0 - CoA
a9
l -------------- i FAE1
18:3 - CoA 18:2 - CoA 18:1 - CoA 18:1 - CoA 18:0 - CoA
£9,12,15 9,12 X3 AN
l -------------- l -------------- 1 -------------- 1 FAET
20:2 - CoA 20:1 - CoA 20:1 - CoA 20:0 - CoA
A1,14 A1 NE
1 -------------- il FAE1
22:1 - CoA 22:1 - CoA 22:0 - CoA
m3 A15
I KCSs
ADS2 v
24:1-CoA «——————— 24:0-CoA [EIEL
26:1 - C)oA ¢———— 26:0-CoA ——» 26:1-CoA
) 28:0-CoA ——» 28:1-CoA
30:0-CoA ——» 30:1-CoA
32:0- CoA s = Wex
34:0-CoA —— 30:1-CoA
36:0-CoA —— 28:1-CoA
38:0 - — 30:1-CoA
Acyl - CoA pool 0-CoA 3m7 e
ADS4.2
Yy
LACS G3P Serine
SPT 18:0 - CoA —/
©— NEFA GPAT
[ LPC LPA -
PLA, > —T—1 <« LPCAT e
16:0 16:0
LCB
| LPAAT y—/ SBH (' 160 \
/ \ PA LCB LCB
L
PC pool 18:1 16:0 t18:0 d18:1
A9 a4t
PAP 1 H ------- Ccs ------- l(—/
PC CPT Dn DAG Cer Cer
—
18:1 16:0 N/ 181 160 VLCFA 118:0 16:0 d18:1
i A9 N4t
FAD2 l PDCT l ------- SLD iR 1
PLD PCd DAG Cer Cer
PC
Pe— el
A . -~/ 18:2 16:0 VLCFA t18:1 16:0 d18:2
lgﬁ ifea 79,12 AB/t DAtBc/t
k—’ ------- FAH -------
72 l PDAT DGAT l l
PC TAG Cer Cer
N —— S L
18:3 16:0 18:2 18:2 16:0 hVLCFA t18:1 h16:0 d18:2
£9,12,15 v 912 M2 ABc/t MtBst
* i i
1 1
v v
g J GIPC GlcCer

Figure 7




FATA
18:1 - ACP ———> NE - 18:1

A9 A9
4

SAD

KASII

FATB
16:0- ACP —@—> NE-16:0

A

KASI

@ Plastid

-

Acyl - CoA pool

18:3 - CoA 18:2 - CoA

29,1215 29,12

18:1- CoA 18:0 - CoA

A9

16:0 - CoA

? FAE1

\

20:2 - CoA
M1,14

20:1 - CoA 20:0 - CoA

Al

22:1 - CoA 22:0 - CoA

A13

e
b g

-a A
LACS G3P
L=
NEFA GPAT k—’
[ LPC LPA
PLA, > —T—1 < LPCAT —_—
18:1 18:1
A9 A9
LPAAT 1(_/
v
4 ) PA
PC pool 18:1 18:1
A9 A9
PAP 1
PC CPT DAG TAG
> L T 1 S > ) T 1
181181 18:1 181  DGAT 18:118:1 18:1
A9 its A9 A9 its A9 A9
FAD2 ? PDCT
PC DAG
e | >
18:2 18:2 18:2 18:2
A9,12 A9,12 A912  A9,12
FAD3 <t>
PC
18:3 18:3
N79,12,15 A9,12,15
- J

Figure 8



/ ADS \
Acyl - CoA pool h

16:1 - CoA 16:0 - CoA
A9

18:3 - CoA 18:2 - CoA 18:1 - CoA 18:1- CoA 18:0 - CoA
79,1215 A9,12 9 A1

¢ ¢ ¢ o

20:2 - CoA 20:1 - CoA 20:1 - CoA 20:0 - CoA
A11,14 Al JNE]

¢ ¢ p

22:1- CoA 22:1- CoA 22:0 - CoA

k A13 A15 /

T LACS

NEFA

FATA Plastid
NE- 18:1 <—— 18:1-ACP
A9 A9

T <A FATA

18:0 - ACP 18:1-ACP ——» NE-18:1
Al A1

4) KASII T ?
PAD FATA

NE- 160 «—@®— 16:0-ACP —— 16:1-ACP —— NE-16:1
FATB PAD 27 A7

KASI

Figure 9



