
HAL Id: hal-03457585
https://hal.science/hal-03457585

Submitted on 30 Nov 2021

HAL is a multi-disciplinary open access
archive for the deposit and dissemination of sci-
entific research documents, whether they are pub-
lished or not. The documents may come from
teaching and research institutions in France or
abroad, or from public or private research centers.

L’archive ouverte pluridisciplinaire HAL, est
destinée au dépôt et à la diffusion de documents
scientifiques de niveau recherche, publiés ou non,
émanant des établissements d’enseignement et de
recherche français ou étrangers, des laboratoires
publics ou privés.

How to best estimate the viscosity of lipid bilayers
Vladimir Adrien, Gamal Rayan, Ksenia Astafyeva, Isabelle Broutin, Martin

Picard, Patrick Fuchs, Wladimir Urbach, Nicolas Taulier

To cite this version:
Vladimir Adrien, Gamal Rayan, Ksenia Astafyeva, Isabelle Broutin, Martin Picard, et al.. How
to best estimate the viscosity of lipid bilayers. Biophysical Chemistry, 2022, 281, pp.106732.
�10.1016/j.bpc.2021.106732�. �hal-03457585�

https://hal.science/hal-03457585
https://hal.archives-ouvertes.fr


Journal Pre-proof

How to best estimate the viscosity of lipid bilayers

Vladimir Adrien, Gamal Rayan, Ksenia Astafyeva, Isabelle
Broutin, Martin Picard, Patrick Fuchs, Wladimir Urbach, Nicolas
Taulier

PII: S0301-4622(21)00215-5

DOI: https://doi.org/10.1016/j.bpc.2021.106732

Reference: BIOCHE 106732

To appear in: Biophysical Chemistry

Received date: 16 August 2021

Revised date: 19 October 2021

Accepted date: 19 November 2021

Please cite this article as: V. Adrien, G. Rayan, K. Astafyeva, et al., How to best estimate
the viscosity of lipid bilayers, Biophysical Chemistry (2021), https://doi.org/10.1016/
j.bpc.2021.106732

This is a PDF file of an article that has undergone enhancements after acceptance, such
as the addition of a cover page and metadata, and formatting for readability, but it is
not yet the definitive version of record. This version will undergo additional copyediting,
typesetting and review before it is published in its final form, but we are providing this
version to give early visibility of the article. Please note that, during the production
process, errors may be discovered which could affect the content, and all legal disclaimers
that apply to the journal pertain.

© 2021 Published by Elsevier B.V.

https://doi.org/10.1016/j.bpc.2021.106732
https://doi.org/10.1016/j.bpc.2021.106732
https://doi.org/10.1016/j.bpc.2021.106732


How to Best Estimate the Viscosity of Lipid Bilayers 

Vladimir Adrien
1,2,3

, Gamal Rayan
1,1,*

 gamal_rayan@hotmail.com, Ksenia Astafyeva
1
, Isabelle 

Broutin
2
, Martin Picard

4
, Patrick Fuchs

5,6
, Wladimir Urbach

1,7
 & Nicolas Taulier

7
 

1
Laboratoire de Physique de l’École Normale Supérieure, ENS, Université PSL, CNRS, Sorbonne 

Université, Université de Paris, F-75005 Paris, France. 

2
Université de Paris, CNRS, Laboratoire CiTCoM, 75006, Paris, France. 

3
Sorbonne Université, AP-HP Department of Psychiatry, Hôpital Saint-Antoine, Paris FR 

4
Université de Paris, Laboratoire de Biologie Physico-Chimique des Protéines Membranaires, 

CNRS UMR 7099, F-75005 Paris, France & Institut de Biologie Physico-Chimique, Fondation 

Edmond de Rothschild pour le développement de la recherche Scientifique, F-75005 Paris, 

France. 

5
Sorbonne Université, Ecole Normale Supérieure, PSL University, CNRS, Laboratoire des 

Biomolécules (LBM), 75005, Paris, France. 

6
Université de Paris, UFR Sciences du Vivant, 75013, Paris, France. 

7
Sorbonne Université, CNRS, INSERM, Laboratoire d’Imagerie Biomédicale, LIB, F-75006 

Paris, France. 

*
Corresponding  author. 

 

ABSTRACT 

The viscosity of lipid bilayers is a property relevant to biological function, as it affects the 

diffusion of membrane macromolecules. To determine its value, and hence portray the 

membrane, various literature-reported techniques lead to significantly different results. Herein 

we compare the results issuing from two widely used techniques to determine the viscosity of 

membranes: the Fluorescence Lifetime Imaging Microscopy (FLIM), and Fluorescence 
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Recovery After Photobleaching (FRAP). FLIM relates the time of rotation of a molecular rotor 

inserted into the membrane to the macroscopic viscosity of a fluid. Whereas FRAP measures 

molecular diffusion coefficients. This approach is based on a hydrodynamic model connecting 

the mobility of a membrane inclusion to the viscosity of the membrane. 

We show that: 

- The first method is very sensitive to local changes in viscosity; however, most often it would 

only provide the viscosity of the hydrophobic part of the membrane. 

- The membrane viscosity is adequately estimated when the hydrodynamic model approach is 

applied to the mobility of micrometric size membrane inclusion but not for nanometric size 

inclusions such as lipids or proteins. In this case, the calculated value extracted from the same 

hydrodynamic model characterizes the interaction of the given nano-inclusion with the bilayer 

instead of the bilayer viscosity. 

This article emphasizes the pitfalls to be avoided and the rules to be observed in order to obtain a 

value of the bilayer viscosity that characterizes the bilayer instead of interactions between the 

bilayer and the embedded probe. 

Key words: lipids; bilayers; viscosity; diffusion; fluorescence; FLIM; FRAP. 

 

INTRODUCTION 

Lipid bilayers are two-dimensional fluids, forming the basic architecture of cellular membranes. 

They provide support to numerous membrane proteins, which need to move within this two - 

dimensional medium to fulfill their function [1]. Protein diffusion strongly depends on the 

membrane viscosity and variations in this parameter have been implicated in several diseases [2]. 

While there is no easy experimental technique to directly measure the bilayer viscosity, various 

methods provide estimation in an indirect, yet simple manner. 

A first approach combines fluorescence lifetime imaging microscopy (FLIM) with the use of 

specific fluorescent rotors [3-5] to derive bilayer viscosity. These molecular rotors consist of two 

parts rotating around a simple atomic bond [5-7]. They experience two types of fluorescence 
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mechanisms: the one corresponding to the standard fluorescence observed for common 

fluorophores while the second one is due to the rotor movement triggered by the absorption, then 

the release of a photon. This rotating movement derived from the measurement of the 

fluorescence decay [6, 7] can generally be fitted by a single exponential decay characterizing a 

fluorescence lifetime. When a rotor is solubilized into a fluid, the viscosity of this fluid can be 

correlated to the fluorescence lifetime of the rotor, due to its interaction with local environment 

[7-9]. Thus using liquids of known viscosities one can correlate different fluorescence lifetimes 

of a molecular rotor to different viscosity values. Once this is established, by simply measuring 

the fluorescence decay time, τ, one can derive the macroscopic viscosity of the medium in which 

the rotor is inserted. In other words, the viscosity value can be derived theoretically from local 

interaction of a molecular rotor with its environment. Moreover, for some molecular rotors the 

fluorescence lifetime also depends on other parameters such as temperature [10]. 

A second, more popular, method connects molecular diffusion coefficients to bilayer viscosity. 

Such hydrodynamic approach models the membrane as a two-dimensional Newtonian fluid of 

viscosity µm and thickness h embedded in a three-dimensional Newtonian solution (Figure 1). 

 

Figure 1. Hydrodynamic model. A cylindrical particle of radius ap and height h 

embedded in a lipid bilayer (viscosity μm) surrounded by aqueous phases of 

viscosity μm. The system is characterized by the dimensionless constant 

𝜀 = 2𝑎𝑝 × 𝜇𝑤 (ℎ𝜇𝑚)⁄ . 

Jo
ur

na
l P

re
-p

ro
of

Journal Pre-proof



 

The Saffman-Delbrück model [11] considers an inclusion as an object of lipophilic lateral radius 

ap, and length h equal to the membrane thickness. This model is valid as long as the reduced 

radius 𝜀 = 2𝑎𝑝 × 𝜇𝑤 ℎ𝜇𝑚⁄ ≪ 1. Hughes et al. [12] have developed a model without this 

limitation, but due to its complexity it was scarcely employed. In 2008 Petrov and Schwille [13] 

provided a tractable equation representing a highly accurate approximation of the model of 

Hughes et al. The measurement of diffusion coefficients is straightforward and uses fluorescence 

techniques such as single particle tracking (SPT) [14], fluorescence correlation spectroscopy 

(FCS) [15] or fluorescence recovery after photobleaching (FRAP) [16, 17]. There are a few other 

and less popular methods that will not be described here [18-21]. It is still unclear how reliable 

these are in the derivation of membrane viscosities, in particular if they lead to the same 

viscosity value or at least to the same order of magnitude for a given system. 

In the present article, we used literature data that we have completed with our own experimental 

values to stress out the existing discrepancy in viscosity values for DOPC membranes, also 

observed in other lipid membranes. We discussed the reasons of these discrepancies based on the 

two most common methods of measurements: FLIM and FRAP. We further used liposomes 

composed of DPhPC/DPPC to create micro-domains [22, 23] and compared the diffusion of 

these micro-domains with the diffusion of a small probe. Overall, we showed that FRAP 

experiments and the hydrodynamic model provide a correct membrane viscosity but only when 

applied to the mobility of micron size inclusions, whereas FLIM experiments are reproducible 

and very sensitive to small changes in bilayer properties but do not provide the exact value of the 

bilayer viscosity. 

Finally, we emphasized the traps to be avoided and the rules to be observed in order to obtain a 

value of the bilayer viscosity, the one that characterizes the bilayer rather than interactions 

between the bilayer and the embedded probe. 
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MATERIALS AND METHODS 

Lipids and probes. 

The lipids: 

18:1-DOPC [1,2-dioleoyl-sn-glycero-3-phosphocholine] 

16:0-DPhPC [1,2-diphytanoyl-sn-glycero-3-phosphocholine] 

14:0-PE-NBD [1,2-dimyristoyl-sn-glycero-3-phosphoethanolamine-N-(7-nitro-2-1,3-

benzoxadiazol-4-yl) (ammonium salt)]; 

14:0-6-PE-NBD [1-myristoyl-2-{6-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]hexanoyl}-sn-

glycero-3-phosphoethanolamine] 

DID-C18 [1,1'--dioctadecyl-3,3,3',3'- tetramethylindodicarbocyanine, 4-

chlorobenzenesulfonate salt] 

DIL- C18 [1,1’-dioctadecyl-3,3,3’ ,3’-tetramethylindocarbocyanine perchlorate] 

were purchased from Avanti Polar Lipids (Alabama, USA) and used as received. 

The molecular rotor, BODIPY-C10 [meso-alkoxyphenyl-4,4-difluoro-4-bora-3a,4a-diaza-s-

indacene] was generously provided by Dr. M. K. Kuimova [24]. 

Transmembrane Proteins  

Alexa 488-labeled TolC and OprM are trimeric 12-stranded α/β barrels, comprising an α-helical 

periplasmic tunnel embedded in the outer membrane of Escherichia coli and Pseudomonas 

aeruginosa, respectively, by a contiguous β-barrel channel [25]. OprM was purified according to 

Daury et al. [26] and the same protocol was applied to TolC in order to end in the same detergent 

quantity for both proteins (0.9% w/v β-OG). In all of our experiments the lipid to dye ratio was 

around 1000:1 for proteo-GUVs or BODIPY-C10 GUVS and of 200:1 for GUVs with labelled 

lipids. 

Formation of Giant Unilamellar Vesicles. 

GUVs were electroformed on indium-tin oxide coated glass slides (Delta-Technologies) of sheet 

resistance 20-25  as described previously [27-30]. The fluorophore was introduced in the lipid 

mixture, which was dried under vacuum prior to electroformation. In order to avoid dimer 
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formation of dyes, the lipid to dye ratio was set at about 1000:1 (mol/mol). GUVs were either 

made of pure DOPC, or a mixture of DPhPC/DPPC 1/1 (mol/mol). GUVs with embedded 

membrane protein were formed by osmotic shock [31]. DPhPC/DPPC GUVs were filled with an 

aqueous solution containing 300 mM of sucrose and were observed in an equi-osmolar aqueous 

solution containing 225 mM of glucose and 75 mM of sucrose, following the protocol of Petrov 

et al [23]. DOPC GUVs containing a small dye or a protein were filled respectively, with 200 

mM and 100 mM of sucrose while the outer aqueous solution contained 220 or 100 mM of 

glucose. The inside and outside solution also contained 100 mM NaCl and 50 mM Tris buffer 

(pH 8) when the protein was TolC. 

Fluorescence Lifetime Imaging Microscopy (FLIM) 

We have used BODIPY-C10 to measure the viscosity of the bilayers by FLIM [30]. Two-photon 

excitation was performed at 800 nm with a Vision II femtosecond laser (Coherent Inc.) on a 

Leica SP8 SMD system with an inverted DMI6000 microscope and a 63 x NA 1.4 objective. We 

evaluated the data only if the GUV remained in the analyzed frame during acquisition. The 

fluorescence decays, measured by time-correlated single-photon counting (TCSPC), were 

recorded at 515 nm using a band-pass filter (500 – 550 nm). The image format was set to 512 x 

512 pixels to get images of an entire GUV while keeping the pixel size small. A typical FLIM 

fluorescence decay curve, of a BODIPY-C10 inserted into a GUV made of a DPhPC/DPPC 

bilayer, is displayed in Figure 2. Some authors have reported a bi-exponential decay, either in the 

gel phase or in a fluid phase composed of several lipid species [9, 32]. In this study only a mono-

exponential decay was observed for all fluid phases. Thus, all the fluorescence decays were fitted 

by a mono-exponential model with a characteristic decay time, τ, using the Levenberg-Marquardt 

algorithm in TRI2 Software Version 2.7, provided by the Gray Institute for Radiation Oncology 

and Biology [33]. Hosny et al. [34] have established a calibration curve relating the fluorescence 

lifetime, τ, of BODIPY-C10 to the bulk viscosities, μ, of different liquid mixtures of ethanol and 

glycerol, in which BODIPY-C10 was solubilized. In the range of 7.7 – 1140 mPa.s this 

calibration was well fitted by the Förster-Hoffmann equation [6, 35, 36]. 
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𝑙𝑛(𝜏) = 𝛼𝑙𝑛(𝜇𝑚) + 𝑙𝑛(𝑧 𝑘⁄ )        (1) 

where k is the radiative rate constant, α and z are constants. According to the fit of Wu et al. [9] α 

≈ 0.5403 and ln(z/k) ≈ 4.55. Furthermore, Vyšniauskas et al. [10] determined that this linear fit is 

valid in the temperature range 278 - 334 K. 

To determine the bilayer viscosity, µm, we used Equation 1 where τ was the average of 

fluorescence decay time measured on about 10 GUVs for each GUV system. 

 

Figure 2. The BODIPY-C10 molecular structure and, in semi-log, the typical 

decrease of the FLIM intensity in the fluid phase of GUV DPhPC/DPPC. The 

red line is an adjustment to the experimental results confirming the 

monoexponential decay with the fluorescence lifetime τ = 1.84 ± 0:04 ns. The 

viscosity of the bilayer, μm = 243 ± 10 mPa.s, was derived using Equation 1 

after averaging fluorescence lifetimes obtained on 10 GUVs for two different 

samples. 

 

In all experiments dye aggregation was prevented by using a lipid/BODIPY-C10 molar ratio of 

1000 [9]. The absence of aggregation was further confirmed by the facts that fluorescence 

lifetime was independent of the emission wavelength and that the emission spectrum was 

centered on 520 nm. It would have been 650 - 700 nm in the presence of aggregated BODIPY-

C10 [9]. 
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Fluorescence recovery after photobleaching (FRAP) 

Diffusion coefficients of BODIPY-C10 in GUV bilayers were measured by FRAP at T = 296 ± 1 

K using a confocal microscope enclosed in a protective box to minimize air convection which 

would otherwise induce water flow within the sample. For these measurements we only used 

GUVs with a diameter of at least 25 µm. During each measurement, the GUV was slightly 

aspirated and manipulated by a micropipette in order to keep it motionless, away from the 

bottom of the Petri dish and entirely surrounded by solvent [37]. 

The focus was kept on top of the GUV and the bleached region of interest (ROI) was circular 

with a radius r. We made sure that the GUV radius was at least 5 µm larger than the r. To 

measure a diffusion coefficient, D, we used at least 15 GUVs varying the r from 5 to 20 µm, with 

a 2.5 µm increment. The scanning frequency was set at either 400 or 700 Hz depending on the 

signal-to-noise ratio. In the case of DPhPC/DPPC GUVs, the fluorescence recovery curve was 

excluded from analysis if a non-fluorescent gel domain was observed to cross the ROI during the 

measurement. The fluorescence recovery curves, f(t), were fitted with the equation [38]: 

𝑓(𝑡) =
𝐼(𝑡) − 𝐼0

𝐼𝑝 − 𝐼0
= 𝑒

−2𝑡
𝜏 [𝐽0 (

2𝑡

𝜏
) + 𝐽1 (

2𝑡

𝜏
)]       (2) 

Where I(t) is the fluorescence intensity at time t, I0 the minimal intensity just after the bleach, Ip 

the intensity at the stationary state once the fluorescence has recovered, and J0 and J1 the Bessel 

functions of the first kind. The characteristic mean recovery time, <τ>, was the average of 

fluorescence decay times, τ, measured on about 10 GUVs for each r value. 

The resulting <τ> values were plotted versus r
2
. Finally, the D value was deduced from the slope 

of a linear regression (Figure 3) following the equation: 

𝐷 =
𝑟2

4 < 𝜏 >
       (3) 

The observed linear variation of <τ> versus r
2
 confirmed that the diffusion was Brownian. It also 

showed that artifacts due to GUV curvature are negligible [38]. 
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Figure 3. Typical FRAP results. Intensity recovery due to the diffusion of 

BODIPY-C10 in a GUV made of 1:1 (mol:mol) DphPC/DPPC bilayer. Here the 

GUV radius rGUV = 25 μm and the ROI radius r = 5 μm. The fit of experimental 

data by Equation 2 (black solid line) led to the characteristic decay time of τ = 

4.0 ± 0.2 s. Inset: the variation of r
2
/4 versus the averaged characteristic decay 

times <τ> determined on 15 GUVs. The linear behavior is the proof of the 

Brownian motion of the probe, and the slope of the linear fit (red line) yielded 

the diffusion coefficient D = 6.4 ± 0.4 μm
2
/s. 

 

Knowing the D value, the bilayer viscosity µm is derived using either the Saffman-Delbrück (SD) 

[11] equation: 

𝐷 =
𝑘𝐵𝑇

4𝜋ℎ𝜇𝑚
[𝑙𝑛 (

2

𝜀
) − 𝛾]       (4) 

where γ = 0.577 is the Euler constant, 𝜀 = 2𝑎𝑝 × 𝜇𝑤 (ℎ𝜇𝑚)⁄ , ap is the radius of the hydrophobic 

part of diffusing probe, h is the length of the hydrophobic part of the probe (which can be 

different from the membrane hydrophobic thickness) and μw the viscosity of the surrounding 

aqueous phase. Equation (4) is valid if 𝜀 ≪ 1, whereas the equation of Petrov and Schwille [13] 

is valid for all ε values: 
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𝐷 =
𝑘𝐵𝑇

4𝜋ℎ𝜇𝑚
×

𝑙𝑛 (
2
𝜀) − 𝛾 +

4𝜀
𝜋 −

𝜀2

2 𝑙𝑛 (
2
𝜀)

1 −
𝜀3

𝜋 𝑙𝑛 (
2
𝜀) +

𝑐1𝜀𝑏1

1 + 𝑐2𝜀𝑏2

       (5) 

where the values of constants are: c1 = 0.73761, c2 = 0.52119, b1 = 2.74819, and b2 = 0.61465 

[16]. 

We would like to emphasize that in Equations (4) and (5) µm represents the 3D viscosity of the 

bilayer (in Pa.s). Indeed, in their seminal paper Saffman and Delbrück [11] considered a 

cylindrical inclusion, of radius ap and of length h, embedded within a bilayer of same thickness. 

Even though since then several authors [39-41] preferred to use η = hµm, the so-called “2D 

viscosity” of the bilayer, we stick to the bulk value, µm, which can be directly compared to the 

viscosity of common fluids. 

 

RESULTS AND DISCUSSION 

Since the value of a bilayer viscosity is characteristic of the membrane it should be independent 

of inclusion size, and it should not be affected by the addition of a fluorescent probe. The later 

has been corroborated by molecular dynamics simulations [42, 43], which show that the addition 

of a probe has a minimal effect on bilayer viscosity. An identical value should be derived for a 

bilayer viscosity regardless of the size of a diffusing inclusion embedded into this bilayer. 

Clearly, this is not what is observed when considering results taken from the literature as well as 

from our experiments (see Table 1). In order to simplify the discussion that follows, we will 

consider only the viscosities of GUVs prepared from two different types of bilayers: pure DOPC, 

and DPhPC/DPPC. 

 

Table 1. Viscosities of the GUV bilayers of DOPC (of membrane thickness h = 3.7 ± 

0.2 nm and of hydrophobic thickness 2.7 nm) extracted from the literature as well as the 

results obtained in this work. The first column lists the probes used. The second column 

gives the values of the diffusion coefficient of the probe in the bilayer; μ(x) indicates the 

value of the viscosity according to whether one fixes x = h or h/2. ap indicates the radius 
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of the equivalent cylinder used in Equation 4. For lipids the values are extracted from 

[49]; the h values were roughly estimated by authors; Ihydrophobic is the maximum length 

of the hydrophobic part of the probe. FLIM: Fluorescence Lifetime Imaging; FRAP: 

Fluorescence Recovery After Photobleaching, (2f)-FCS: (dual-focus)-Florescence 

Correlation Spectroscopy; TRFA: time-resolved fluorescence anisotropy. 

 

PROBE 
D μ(h/2) μ(h) ap lhyrophobic T Method Year Reference 

(µm
2
s

-1
) (mPa.s) (mPa.s) (nm) (nm) (K)    

BODIPY-
C12 

— — 222* 0.6   295 FLIM 2013 9 

BODIPY- 
Cholesterol 

— — 232 0.5   295 TRFA 2009 44 

BODIPY-
C10 

— — 214 0.6   295 FLIM 2020 This work  

14:0-6-PE-
NBD  

7.9 127 65 0.5 1.75 295 FRAP 2020 This work  

14:0-PE-
NBD 

7.4 137 75 0.5 1.75 295 FRAP 2020 This work 

18:0-PE-
NBD 

8.6 115 56 0.5 2.25 295 FRAP 2020 This work 

DOPC 9.3 104 51 0.5 1.85 296 NMR 2003 45 

BODIPY-
C10 

10.5 90 42 0.5 1.25 293 FCS 2015 32 

BODIPY-
C12 

14.6 60 27 0.5 1.5 ROOM 2fFCS 2013 9 

BODIPY-C8 7.8 130 63 0.5 1 298 FCS 2006 46 

DiD-C18 10 137 69 0.8 2.25 296 FCS 2012 47 

Dil-C18 6.5 237 118 0.8 2.25 ROOM FCS 2006 48 

TolC-Alexa 
488 

2.4 — 255 2 3.4 295 FRAP 2020 This work  

OprM-
Alexa488 

1.1 — 630 2 3 295 FRAP 2020 This work  

 (*) This value was estimated at T = 295K using experimental determination by FLIM 

of µm variation with temperature in reference [9]. 

 

1) Viscosity of DOPC bilayers. 

a) Results from our FLIM experiments and from literature using lipid-like probes 

DOPC is a widely used lipid as witnessed by more than 200 publications over the past several 

years, in which this model lipid has been used. Since a DOPC bilayer exhibits a gel-liquid 

transition at Tm = 256 K [50], it exists in a liquid-phase at room temperature. A quick inspection 

of values in Table 1 reveals a large dispersion of the viscosity values. 

Our FLIM measurements, performed at 295K on DOPC GUVs containing embedded BODIPY-

C10, exhibited only one characteristic time τ = 1.72 ± 0.04 ns, that led to a DOPC bilayer 
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viscosity value of µm = 214 ± 9 mPa.s. This value is in good agreement with µm = 222 ± 9 mPa.s, 

deduced from Wu et al. results [9] who used the same technique. These values are of the same 

order of magnitude as those determined by Ariola et al. [44] who used time-resolved 

fluorescence anisotropy (TRFA) to measure the rotational diffusion of BODIPY-cholesterol. 

From the observed rotation times, they derived viscosities of 232 ± 7 mPa.s. From the above 

values the mean viscosity value of DOPC bilayer is <µm> = 223 ± 6 mPa.s. 

In the rest of the Table, the viscosity values that are deduced from diffusion measurements of 

membrane objects are much more dispersed, varying from 27 to 630 mPa.s. 

b) Possible reasons for the dispersion of experimental values of µm deduced from diffusion of 

lipid-like probes. 

The first reasons to be considered are the correct choice of h and ap values as well as the 

reproducibility of GUVs properties. Indeed Equation 4 was obtained by considering the diffusion 

of a cylinder of radius ap and height h in a bilayer. The parts outside the bilayer can be neglected 

as long as µwlw < µmh where lw is the height of the cylinder in the solvent. When using Equation 

4 for a molecular object, it is, therefore, a question of modeling the diffusing molecule by an 

equivalent cylinder. Thus a lipid will be modeled by a cylinder of radius ap ≈ (average area per 

lipid/π)
0.5

 while a protein will be, as a first approximation, modeled by a cylinder whose lateral 

area (the one on which the viscous force is exerted) is equal to the hydrophobic surface of the 

protein. 

The h value can be another reason explaining the dispersion of viscosity values. One of the 

problems encountered in deriving the viscosity from the mobility values is the choice definition 

of the "h” value (see Figure 1). For lipid-like dyes, there is often a low dependence of the 

translational diffusion coefficient on the length of the lipids [51-54]. According to different 

authors [55] this could be due to the fact that when the probe moves in a monolayer of a bilayer 

and if the inter-monolayer friction strongly couples the movement of the probe to the adjacent 

monolayer, then for all practical purposes, the probe can be treated as a cross-layer particle. 

Consequently, authors cited in Table 1 considered that the dimensionless radius, ε, must be 
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specified with h equal to the thickness of the bilayer. 

However in vitro and in silico studies have shown the possibility of chain folding, i.e. finding the 

methyl group of a given chain near the head group region of the same monolayer [56]. Thus, by 

generalizing, one could suggest that whatever the length of the carbon chain, h/2 instead of the 

membrane thickness h should be used for ε, even if the hydrophobic length of the lipid tracers 

exceeds the thickness of a DOPC monolayer (1.8 nm) [57]. 

In Table 1 we calculated the viscosity values for h and h/2. In both cases a large error (30%) is 

observed in the µm values obtained from the mobilities of objects; for instance in the sixth row of 

Table 1 the corresponding mean values are <µm (h)> = 56 ± 18 mPa.s  and  <µm (h/2)> =115 ± 

34 mPa.s. 

The dispersion of D values could also be due to the fact that, even if they are made by a single 

method, GUVs are rarely identical and some of them may be slightly more floppy than others. 

Experiments have however shown that the mobility of molecules of quasi-cylindrical shape does 

not depend on the tension of the membrane [58]. 

Before ending this paragraph let us make clear that two different approaches model the 

mechanism of diffusion of lipids in bilayers: the theory of free volume [59], where lipids diffuse 

by thermally activated jumps if there is a sufficiently large free volume adjacent to the lipid; and 

a model which proposes that the diffusion is due to collective lipid movements. Recent 

experimental work [60, 61] and computer simulations [62] are in favor of the classic lipid 

movement and the use of Equation 4. However it could still be argued that further research, both 

experimental and theoretical, is needed to settle this point definitively. This is not the goal of this 

article. That is why we present below the results obtained from the diffusion of membrane 

proteins, a system for which most authors accept that Equation 4 applies. 

c) Viscosity values deduced from transmembrane protein diffusion 

In DOPC GUVs we measured by FRAP the diffusion constants of two transmembrane proteins 

TolC [63] and OprM [64] (Figure 4). The TolC hydrophobic part consists of a ß-barrel of height 

h ≈ 3 nm with hydrophobic residues oriented toward the exterior where they contact the 
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surrounding lipids. The ß-barrel radius, depending on whether or not to take into account the 

lateral loops, is between 1.5 and 1.9 nm leading, using equation (4), to viscosity values of  

µm ≈ 260 and 250 mPa.s respectively, i.e. an average value of < µm > ≈ 255 ± 5 mPa.s. 

While the hydrophobic part of TolC is almost cylindrical, that of OprM appears rather triangular, 

constituted, in the first approximation, of three adjacent planes of height h = 3 nm. Including the 

curved parts connecting the planes, the total hydrophobic surface in contact with the lipids is  

S = 10.2h. The radius of a cylinder having the same lateral surface would be ap = 1.6 nm, leading 

to µm ≈ 650 mPa.s. Taking into account the lateral loops then the hydrophobic part of the protein 

must be enclosed in a cylinder of radius ap = 2.0 nm. This value, certainly overestimated, leads to 

µm = 630 mPa.s. In order to verify this point, we measured the values for the hydrophobic 

surface of OprM and TolC (see Supporting Information). The values of the corresponding 

surfaces, embedded in the bilayer are for OprM and TolC S = 60 and 54 nm
2
 respectively leading 

to µm = 650 and 265 mPa.s therefore on the same order of magnitude as the "naive" approach 

outlined above". 

Whereas the diffusion coefficient of TolC leads to a µm value of the same order of magnitude as 

that obtained by the FLIM experiment, the values extracted from the diffusion coefficient of 

OprM appear significantly different. This could be due to the difficulty, when the hydrophobic 

part of the protein is too far from the cylindrical model, of correctly defining the radius of an 

equivalent cylinder, needed in Equation 4. It appears, therefore, when the hydrophobic part is not 

too far from that of a cylindrical structure, that FLIM and protein diffusion provide similar 

values of µm. 

d) Difficulty of choosing a protein radius. 

The choice of the radius value does remain questionable. Numerical simulations suggest that one 

should rather consider the diffusion of a complex made of a protein with neighboring lipids [65] 

i.e. an effective protein radius, aeff. It is reasonable to postulate that the number of lipids diffusing 

with a protein should depend on its hydrophobic domain i.e. the "smoother" the hydrophobic part 

the smaller the effective radius. Contrary to the TolC hydrophobic part, modeled by a cylinder, 
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OprM presents a more irregular shape with the three apexes of the triangle and an additional 

lipid linked to the membrane, originating from the posttranslational modification of its N-

terminal cysteines. This additional anchoring, together with the triangular shape of its 

membrane-embedded domain, could favor a larger lipid-associated corona explaining the lower 

mobility of OprM. Thus the ap value of 1.6 nm is probably underestimated. However, the values 

of aeff
 

remain open questions since, to the best of our knowledge, the structural data indicating 

the values of the corona radius (i.e. representing the lipids around the protein that are perturbed 

by the protein) for such proteins remain unavailable. We know however that for aquaporin-0 

(AQP0) with a smooth square-like hydrophobic part, the estimated corona radius is of the order 

of 4 nm [66, 67]. 

Finally if one assumes that the effective radius of each protein should lead to an average 

viscosity value determined above from lipid diffusion, <µm(h/2)> ≈ 110 mPa.s, then it will 

reciprocally lead to an effective radius for TolC of aeff = 18 nm and for OprM of aeff = 65 nm. 

Simulations of the even more irregular hydrophobic part of voltage-gated channel Kv1.2, suggest 

that lipids diffuse with the protein up to 4 nm from the lipid-protein interface with an irregular 

distribution following the protein shape [65]. If applied to OprM this would result in an aeff
 

no 

larger than 6 nm. Thus the above values for aeff appear unlikely. 

 

Figure 4. Structures of OprM (left, PDB code3D5K) and TolC (right, 2VDD) 

viewed from the extracellular side. Their respective ß-barrel presents a 

different shape, being triangular for OprM and round for TolC. Red and purple 

circles illustrate the smallest and the largest hydrophobic part as discussed in 

Jo
ur

na
l P

re
-p

ro
of

Journal Pre-proof



the text. 

 

An alternative vision would be to consider that even if the neighboring lipids are not strongly 

bound to the protein, their diffusion is slowed down. The diffusion of proteins would, therefore, 

probe a local viscosity that differs from that of the bilayer. 

The above discussion favors the idea that the “viscosity” of DOPC bilayers extracted from the 

mobility values of molecular size probes does not characterize the membrane, but rather reflects 

the interaction of the nano-object with the membrane into which it diffuses and thus depends on 

the characteristic of the nano-object as well. 

Thus, all the results cited suggest abandoning the determination of viscosity using hydrodynamic 

models, at least as far as nanometric probes are concerned. In the next paragraph, we suggest that 

the viscosity of membranes could still be estimated correctly by studying the diffusion of 

micrometric size transmembrane probes using the convenient system of DPhPC/DPPC 

liposomes. 

 

2) Viscosity of DPhPC/DPPC bilayers. 

In what follows we compare the results obtained with the diffusing molecules to those obtained 

by studying the diffusion of membrane micrometric inclusions. In the temperature range of 153 

K up to 393 K DPhPC forms a liquid phase bilayer [68], while DPPC exhibits a gel-liquid 

transition at Tm = 314 K [69]. Below 308 K an equimolar mixture of DPhPC/DPPC shows 

coexistence of a gel phase and of a liquid phase mainly composed of DPPC and DPhPC, 

respectively [22]. 

After the insertion of BODIPY-C10 in GUVs consisting of an equimolar mixture of 

DPhPC/DPPC, we observed on the GUV surface the presence of several non-fluorescent, 

diamond-shaped, micrometric regions, while the rest of the surface was fluorescent. According to 

different authors [22, 23] the overall fluorescent region corresponds to a liquid bilayers phase 

(mainly composed of DPhPC), whereas non-fluorescent regions are gel phase domains (mainly 
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composed of DPPC), as described in the cartoon of Figure 5. Consequently, the micrometric 

diamond-shaped regions and BODIPY-C10 are both inclusions moving in the liquid-phase of the 

GUV.  Thus, we should derive the same the viscosity using the same hydrodynamic model. 

Petrov et al [23] already measured the diffusion of the gel-phase domains (dark micrometric 

regions) and obtained a value of 580 mPa.s. 

 When performing FLIM measurements on the latter, we only observed monoexponential decay 

(such as seen in Figure 2), and therefore concluded that BODIPY- C10 is moving inside the large 

liquid phase region of a GUV. 

 

 

Figure 5. Cartoon (not in scale) of a GUV made of DPPC / DPhPC 1:1 

(mol/mol) bilayer. The large fluorescent region (in green) is in liquid phase, 

whereas the small non-fluorescent domains (in black) are in gel-phase. We 

followed the diffusion of BODIPY-C10 (in yellow, with a diameter of ≈ 1.2 nm) 

in the liquid phase bilayer, while Petrov et al [23] followed the diffusion of the 

gel-phase domains (dark micrometric regions).  

 

Our FLIM measurements led to an average fluorescence lifetime τ = 1.84 ± 0.04 ns for BODIPY-

C10, which in turns lead to a bilayer viscosity of µm = 243 ± 10 mPa.s. Using FRAP, we measured 
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the lateral diffusion coefficient for BODIPY-C10 equal to 6.4 ± 0.4 µm
2
/s. Considering the 

viscosity of the surrounding solution to be μw = 0.905 mPa.s at 297 K (see Supporting 

Information), the lateral radius of BODIPY-C10 ap ≈ 0.62 nm [32], and hBODIPY = 1.9 nm [70], 

Equation 4 or 5 leads to the viscosity of the liquid phase of the DPhPC/DPPC bilayer µm = 150 ± 

10 mPa.s. 

Petrov et al. [23] optically monitored the Brownian movements of the non-fluorescent 

micrometric domains in the gel phase using single raft tracking. From their experiments, the 

authors obtained a surface viscosity of the liquid phase DPhPC / DPPC bilayer hµm = (2.2 ± 0.1). 

10
-6

 m.Pa.s, which corresponds to a viscosity of µm = 580 ± 30 mPa.s, twice as large as the FLIM 

value. This difference could be due to the localization of BODIPY. In DOPC bilayers molecular 

dynamics simulations have located BODIPY-C10 in the hydrophobic part of the bilayer [32]. 

Thus, if in DPPC membranes, BODIPY-C10 also only probes the hydrophobic part of the bilayer, 

the FLIM experiments would underestimate the viscosity of the bilayer as a whole. 

In addition, using the viscosity value they determined, Petrov et al. [23] showed that the 

theoretical value of the rotational diffusion of microdomains correctly matches their 

experimentally determined value. The difference of 6% was on the order of the experimental 

error in their study [23]. In our opinion, these results validate the use of the hydrodynamic model 

for the determination of membrane viscosity once the mobility of an object of microscopic size is 

known. While the results obtained with the nanometric probe remain, as indicated above, 

questionable. 

Our observations, as well as the results gathered from the literature, indicate that the information 

extracted from the diffusion of nanometric objects (using Equation 4 or 5) relates the interaction 

of the marker/diffusing probe with the bilayer rather than the viscosity of the bilayer itself: each 

nanometric marker "feels" a different viscosity. This is in contrast with Vaz and Hallmann [71] 

who suggested that the hydrodynamic model does not apply to lipids but works with nanometric 

transmembrane objects. 
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3) Biological relevance of membrane viscosity 

Beyond resolving the latter controversy, our results bear biological significance because 

modulation of hydrophobic mismatch and local membrane deformation [72], lateral organization 

[73], curvature [74] or membrane viscosity critically modulate the function of membrane 

proteins. A most recent and relevant example, is the case of rhomboid intramembrane proteases. 

They regulate the activity of many key targets by performing enzymatic cleavage within the lipid 

membrane during interaction with their substrate upon lateral diffusion. Protein-induced 

membrane deformations can generate new hydrodynamic stresses on the protein-membrane 

complex leading to a shift in their mobility [75] and it has been suggested that the irregular shape 

of the transmembrane segments of rhomboid proteases reduces local viscosity, hence 

accelerating protein diffusion to maximize their catalytic efficiency [76]. 

 

4) Suitability of nanometric and micrometric probes for determining membrane viscosity 

It seems from the above that biophysical approaches will hardly allow for a universal way to 

measure viscosity based on the mere diffusion of nanometric probes. Does this consequence 

make the use of nanometric markers totally inoperative? It depends on the purpose. Often the 

intrinsic value of the viscosity of a bilayer has little interest. What we may want to determine are 

variations of the viscosity of a membrane upon imposition of an external stimulus. In this case, it 

is the relative variation of the diffusion coefficient that is relevant, and the measurements are of 

interest, provided that the stimulus does not affect the interaction between the nanometric probe 

and the membrane. On the other hand, it is advisable to be very careful when it is proposed to 

compare the viscosities of two bilayers made from distinct lipids. The dispersion of the results 

observed in Table 1 strongly suggests that a variation of 30 % could be insignificant. 

For inclusions with a radius significantly larger than the structural details of the membrane (i.e. 

lipids or proteins) the bilayer can be considered as a continuous liquid slab of viscosity µm and 

the hydrodynamic approach relating the probe mobility to the viscosity of bilayer is then fully 

justified. For this reason, the viscosity value deduced from the mobility of the gel domains of 
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micrometric size could more correctly reflect the viscosity of the bilayer even if the boundary 

conditions are not those of the model. Indeed molecular exchanges between two phases are very 

likely to occur at the gel-phase interface. On the other hand, one should be sure that multiple 

domain presence does not increase bilayer viscosity. However for surface fractions of the order 

of 2 %, the overestimation of the viscosity does not exceed 15 % [77]. 

In FLIM experiments the characteristic time of fluorescence decay of a molecular rotor is related 

to the viscosity of the medium in which it is dissolved. This raises the question of precise 

localization of molecular rotor in lipid bilayers where the physical properties of hydrophobic and 

hydrophilic parts differ. For example, since the lateral pressure varies significantly between the 

lipid heads and tails [78] one should expect that the resistance to rotation of a molecular rotor 

will be different in the hydrophobic region of the lipid bilayer compared with the hydrophilic 

one. BODIPY-derived moieties have been shown to prefer the polar region of the bilayer [79]. 

BODIPY probes in tail-labeled lipids have, therefore, a tendency to loop back to the surface 

perturbing the local lipid order and increasing the area required for a tracer molecule [80]. 

 

5) How far can we trust viscosity values determined by FLIM and FRAP? 

Each technique has its pros and cons and it is important to bear in mind their limitations when 

interpreting viscosity values. In this last section we discuss some limitations of viscosity 

determination using both FLIM and FRAP techniques. 

First, there might be a dimensionality issue in FLIM experiments. Indeed, one usually deduces 

viscosity of a lipid bilayer from a bulk viscosity calibration curve.  If the relaxation time of a 

molecular probe gives the same value in a lipid bilayer as it does in a 3D liquid of some 

viscosity, then it does not follow that both have the same viscosity. Suppose we decrease the 

thickness of the fluid in which a FLIM probe is embedded down to molecular scales, like a lipid 

bilayer, so that the environment can be modeled in two dimensions, it is not obvious that the 

lifetime will be unchanged. Knowing that decay time gives a value without calibration of what 

being in a bilayer-like environment means, it is not sure that this value can be mapped to the drag 
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coefficient in the bilayer. Israelachvili [81] showed that the viscosity of thin films of long alkanes 

does not depend on their thickness (down to 5 nm or less). However, it is not clear whether this 

conclusion holds for thin films made of amphipathic molecules such as lipids, which are 

intrinsically more anisotropic. To the best of our knowledge, there is no experimental answer to 

this question and nonetheless articles have been published that relate the 3D viscosity calibration 

curve to the “viscosity” of the bilayer. Second, the BODIPY- C10 is sensitive to the polarity of 

the solvent and therefore an accurate determination of the viscosity would only be possible if the 

BODIPY-C10 were calibrated in the same polarity environment as in the sample of interest [82]. 

It could thus be that the ethanol glycerol mixture mentioned here is not the best suited for 

estimating the viscosity of the bilayers. Anyway our contribution shows that the results extracted 

from FLIM do not match the viscosity values extracted from the diffusion of microscopic 

entities, which we believe are the correct viscosites of the bilayer since the hydrodynamics 

approach makes sense for such mesoscale objects. This discrepancy could be due either to the 

position of BODIPY in bilayers and/or to the above objection. 

Regarding FRAP experiments, there might also be an issue due to mixing different scales. The 

relationship between the diffusion coefficient and viscosity provided in Equation 4 comes from 

continuum hydrodynamics; there is no reason to expect it to hold at the molecular level. It is 

therefore questionable to use a molecular diffusion coefficient determined by FRAP in those 

equations. One can of course calculate a viscosity, but it remains to be proved if the latter is 

identical to the viscosity felt by a macroscopic object (for example a lipid domain). The 

differences between the viscosity values determined using the diffusion of molecules or lipid 

domains do not mean that the theory or the methods are wrong, but rather that we are examining 

different properties at different scales. 

 

CONCLUSION 

In the literature, there is considerable confusion regarding both the concept of "viscosity" and the 

interpretation of results obtained from different methods. We believe that this manuscript helps 
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to clarify some questions related to fluorescence-based techniques. 

When one is interested in the transport of nanoprobes, the hydrodynamic approximation is no 

longer valid and the use of the Saffman Delbrück or Stockes Einstein equations remains 

questionable. We show in this article that instead of measuring an intrinsic property of the 

bilayer, the use of nanoprobes tends to characterize the interaction between the bilayer and the 

diffusing molecule. It is only when the probe is micrometric that the hydrodynamic 

approximation becomes justified and the use of the Saffman Delbrück or Stockes Einstein 

relation in deducing the viscosity becomes legitimate. 

From the discussion in the last section we conclude the following points: 

• The “viscosity” extracted from the mobility of molecular probes does not characterize the 

membrane, but rather reflects the interaction of the molecule with the membrane and thus 

depends on the characteristic of the nano-object as well. 

• Consequently, only the mobility of objects of micrometric size should be used to obtain the 

correct value of the bilayer viscosity. 

• The “FLIM approach” most probably does not provide the exact value of bilayer viscosity. This 

is due to the fact that molecular rotors, such as the BODIPY-C10, mainly probe the viscosity of 

the hydrophobic part of the bilayer. Despite this, the FLIM technique is reproducible and very 

sensitive even to small changes in bilayer properties induced for instance by an external stress 

[34] or a change in bilayer composition [44]. Thus, whenever the absolute value of the bilayer 

viscosity is not required, it appears that FLIM measurements coupled with the use of molecular 

rotors is the most robust method to assess a variation in bilayer viscosity. 
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Highlights 

 FLIM measurements most likely do not report the exact bilayer viscosity. 

 Molecular probes in FRAP lead to erroneous viscosity values. 

 Micrometric-sized probes in FRAP lead to correct viscosity values.  
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