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Abstract

Nanosized metal-organic frameworks (nanoMOFs) have emerged as a new class of

biodegradable and non-toxic nanomaterials of high interest for biomedical applications thanks to



the possibility to load large amounts of a wide variety of therapeutic molecules in their porous
structure. The surface of the highly porous nanoMOFs is usually engineered to increase their
colloidal stability, tune their interactions with the biological environment and allow targeting
specific cells or organs. However, the atomic-scale analysis of these complex core-shell materials
is highly challenging. In this study, we report the investigation of aluminium-based nanoMOFs
containing two fluorinated lipids by solid-state NMR spectroscopy, including 2’Al, 'H and F
MAS NMR. The ensemble of NMR data provides a better understanding of the localization and

conformation of the fluorinated lipids inside the pores or on the nanoMOF surface.

Introduction

Nanosized metal-organic frameworks (nanoMOFs) have emerged as a new class of
biodegradable and non-toxic nanomaterials of high interest for biomedical applications thanks to
the possibility to load large amounts (within the 20-70 wt% range) of a wide variety of therapeutic
molecules in the porous structure of MOFs.!-> The surface of the highly porous nanoMOFs is
engineered to increase their colloidal stability, tune the interactions with the biological
environment and allow targeting specific cells or organs.®’

Poly(ethylene glycol) (PEG) is a well-known coating material shown to drastically increase
the stealth behavior of the NPs towards the immune system.®-1° In 2015 Agostoni et al.!!
investigated the possibility to directly coat the surface of the MIL-100(Fe) nanoMOFs (MIL stands
for Material of the Institute Lavoisier) with PEG chains. Despite, reaching around 17 wt% PEG
contents in the nanoMOFs, it was found that the BET surface area of the nanoMOF dramatically
decreased, from 1350 + 100 m%.g"! to around 350 m?.g! after incubation with PEG solutions. A

partial filling and/or blocking of the pores by PEG chains was suspected as PEG chains can



penetrate into the pores by reptation, since their section (3.1 A) is smaller than the size of the
windows of the nanoMOF. This partial filling/blockage of the pores was detrimental to drug
incorporation. Further studies by the same groups demonstrated that bulky coating materials, with
rigid sections larger than the nanoMOF windows, could be firmly attached at their surface without
reducing the surface areas. For instance, stable coatings were achieved with a series of modified
cyclodextrins, >3

More recently, FDA-approved lipids and PEG-lipid conjugates were used to coat the
surface of nanoMOFs by a rapid and convenient solvent-exchange deposition method.!* It was
shown that nanoMOF surface modification with lipids affords a better control over drug release
and particle degradation. Moreover, nanoMOFs acted as “Trojan horses” carrying anticancer drugs
inside cancer cells to eradicate them. Most interestingly, in vitro investigations showed that the
PEG-coated nanoMOFs escaped the capture by macrophages. The nanoMOF surface area was not

affected by the presence of the coating, suggesting that PEG chains did not penetrate inside the

pores. However, no direct evidence was given on PEG location.

9F-labeled PEG-lipid conjugates are also interesting as they might be considered as a way
to confer magnetic resonance imaging (MRI) properties to the nanoMOFs, allowing the direct
detection of labelled cells, for unambiguous identification and quantification, and circumventing
some drawbacks related to the commonly used metal-based contrast agents.!>!7 Good efficiency

requires the fluorinated moieties to be loaded in the pores of the nanoMOFs.

In all the mentioned systems, knowledge about the localization of the fluorinated PEG-
lipid conjugates or coatings is still to be uncovered and of utmost importance. Therefore, the
present study aims at addressing this topic by using state of the art magic-angle spinning (MAS)

solid-state NMR spectroscopy (ssNMR). Numerous examples indeed show the efficient use of



ssNMR as a tool to characterize MOFs '8! and MOF-based drug delivery systems.?°-24 In
particular, two-dimensional (2D) MAS NMR experiments can be useful to obtain information

about the localization of molecules in the pores or the interactions at play in these systems.?>2

The materials under study are MIL-100(Al) nanoMOFs, which were selected because they
are the diamagnetic analogues of MIL-100(Fe). These nanoparticles named here nanoMIL-100(Al)
were impregnated with two different F-labeled lipid conjugates (Figure 1): methyl
perfluorooctanoate (FO), supposedly small enough to enter in the pores of the MOF, and 1-
palmitoyl-2-(16-fluoropalmitoyl)-sn-glycero-3-phosphocholine (FP), supposedly too large to

enter in the pores of the MOF.

In a first step, 2’Al MAS NMR spectroscopy was considered to probe the localization of
the F-lipids because the ?’Al is present only in the MOF and F only in the lipid, which could
provide good bulk/surface selectivity as was shown for the 2’Al-3!'P spin pair in the case for
cyclodextrin phosphate-coated nanoMIL-100(Al). %7 It is nowadays easy to determine 2’Al
chemical shifts and quadrupolar parameters (quadrupolar coupling constant and asymmetry
parameter) from a single-pulse or a multiple-quantum MAS (MQMAS) or satellite transition
(STMAS) NMR spectrum. Valuable information about connectivity between 2’Al nucleus and
other neighboring nuclei can also be available using through bond (J-based experiments) or
through space (D-based experiments), either as heteronuclear (*’ Al-X) or homonuclear (2’Al-2"Al)
28-35 experiments can be performed in porous solids. In principle, 2’Al is therefore an ideal probe
for numerous solids,*® including MOFs (list of reference not exhaustive).?”##4 However, we found
some limits of 2’Al double-resonance spectroscopy in our samples, which could be circumvented

using two-dimensional (2D) 'H-'H and '""F-'H NMR correlation. These experiments provide

unambiguous localization of both lipids inside and outside the MOF.
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Figure 1. (a): chemical structure of methyl perfluorooctanoate FO (middle) and 1-
palmitoyl-2-(16-fluoropalmitoyl)-sn-glycero-3-phosphocholine FP (right). (b): Structure of MIL-
100(Al) based on the association of BTC linker and Al triclusters. The pore openings are shown
on the right part. (c): Schematic structure of nanoMIL-100(Al) (left) and hypothesized
localization of FO (middle) and FP (right) inside and outside the nanoMOFs, respectively.



Experimental section
Materials

1,3,5-benzenetricarboxylic acid (trimesate, 95%, Sigma-Aldrich, France) aluminum nitrate
nonahydrate (98%, Sigma-Aldrich, France), trimethyl trimesate (98%, Sigma-Aldrich, Saint-
Quentin-Fallavier, France) and absolute methanol (99%, Carlo Erba, France) were used for the
synthesis of nanoMOFs. FO and FP were purchased from Sigma-Aldrich (France) and Avanti
Polar Lipids (France), respectively. Absolute ethanol (99%, Carlo Erba, France) was used for

FP@nanoMIL-100. Water was purified by a Millipore MilliQ system.

Synthesis and Characterization

Synthesis of nanoMIL-100(Al). MIL-100 (Al) nanoMOFs were synthesized as previously
reported.*® Briefly, aluminum nitrate nonahydrate (1.43 g) and trimethyl trimesate (1.21 g) were
dissolved in 20 mL of water and then mixed with 4 mL of nitric acid (4 mM) at room temperature
followed by microwave assisted heating at 210 °C for 30 min under stirring. The synthesized
nanoMIL-100 (Al) were harvested by centrifugation (10,000 g, 15 min) and then activated by
dispersing them into 50 mL of methanol overnight under vigorous stirring, followed by
centrifugation and storage in methanol until further use. The nanoMOF hydrodynamic diameters
and size distributions were determined by dynamic light scattering (DLS, Malvern Nano-ZS,

Zetasizer Nano series, France).

Preparation of FO@nanoMIL-100. 100 mg of nanoMIL-100 (Al) were incubated in 2 mL
of pure FO at room temperature for two days under gentle shaking. After FO loading by

impregnation, the particles were washed with ethanol twice and dried at 50°C overnight.



Preparation of FP@nanoMIL-100. NanoMOFs (1 mL, 40 mg/mL) aqueous suspension was
mixed with 4 mL of lipid alcoholic solution containing 4 mg of FP. Subsequently, 45 ml of water
were rapidly added using an electronic pipette. The weight ratio between FP and nanoMOF was

1:10.

BET surface area characterization. Prior to the measurement, the samples were centrifuged
at 10,000 g for 20 min and the pellets were recovered and dried at 70°C for 24 h. The porosity of
the empty nanoMIL-100, FO@nanoMIL-100 and FP@nanoMIL-100 was characterized using
porosimetry (ASAP 2020, Micromeritics, USA) by nitrogen sorption experiments at -196 °C after

degassing at 100 °C for 15 h under secondary vacuum.
Solid-state NMR Spectroscopy

The '"H MAS NMR spectra were recorded at a magnetic field of 17.6 T, using a Bruker 750
MHz WB NMR spectrometer and a HX 2.5 mm probe. The spectra were acquired using a Hahn
echo pulse sequence, with a 90° pulse duration of 2.25 ps, an inter-pulse delay synchronized with
one rotor period and a spinning rate of 25 kHz. The recycle delay was set to 1 s and 16 transients
were recorded for each sample. The 'H chemical shifts were referenced to TMS. The '3C CPMAS
NMR spectra were recorded at a magnetic field of 9.4 T, using a HX 4 mm probe, with a spinning
rate of 10 kHz. The contact time was set to 3.5 ms, a recycle delay of 3 s and the initial 90 pulse
on 'H to 3.1 pus with a Radio Frequency (RF) field of 80 kHz. 'H SPINAL-64 decoupling was
applied during the 13C acquisition. The '3C chemical shifts are referenced to TMS. The 2’Al MAS
NMR spectra were recorded at the same magnetic field and same probe. The recycle delay was set
to 0.3 s, the 90° pulse to 2.5 us with a RF field of 33 kHz. The 2’Al chemical shifts are referenced
to a AI(NOs)s solution at 0 ppm. The ’Al MQMAS (Multi-Quantum Magic-Angle Spinning)

experiments were carried out at 17.6 T (Larmor Frequency of 195 MHz), using a HX 2.5 mm



probe with a spinning rate of 25 kHz, using a triple-quantum z-filtered pulse sequence*’ and are
shown after a shearing transformation. The 'H-2’Al CP-HETCOR spectra were recorded at a
magnetic field of 9.4 T, using a HX 4 mm probe, with a spinning rate of 10 kHz. The contact times
were set to 1 and 5 ms, a recycle delay of 1 s and the initial 90 pulse on 'H to 3.1 us with a RF
field of 80 kHz. The RF field for the 2’Al and 'H during the contact time are 10 kHz and 44 kHz,
respectively. 'H SPINAL-64 decoupling was applied during the 2’ Al acquisition. 250 t; slices with
384-640 transients were co-added. The States procedure provided phase sensitive 2D NMR
spectra. The 2Al{'H} D-HMQC #*->° (dipolar-Heteronuclear multiquantum correlation) 2D
experiment was recorded at 20 T, and MAS frequency of 60 kHz in a 1.3 mm probe. R4?;°!2 was
used as the recoupling sequence in order to reintroduce 'H-2’Al heteronuclear dipolar interaction,
with 1.4 ms recoupling duration. No 'H decoupling was applied. 80 t; slices with 1024 transients

were co-added. The States-TPPI procedure provided a phase sensitive 2D NMR spectrum.

The F MAS NMR spectra were recorded at a 11.6 T magnetic field and using a 'H-'"F-X
triple-resonance 2.5 mm probe.>* The spectra were acquired using a Hahn echo pulse sequence,
with a 90° pulse duration of 2.1 ps, an inter-pulse delay synchronized with one rotor period and a
spinning rate of 25 kHz. '°F chemical shifts are referenced to C¢Fs. No 'H decoupling was applied.
The 'H-'H RFDR and ""F-'H CPMAS NMR spectra were recorded at the same magnetic field.
The RF field for 'H 180° pulse of the RFDR was set to 100 kHz. The mixing time for the RFDR
was set to 5 ms. 800 t; slices with 16 transients were co-added. The RF field for the '°F and 'H
during the contact time are 100 kHz on both channels. The States procedure provided a phase
sensitive 2D NMR spectrum. For the CPMAS experiment, the contact time was set to 0.5 ms. 256

t1 slices with 64 transients were co-added, with a recycle delay of 1 s.



All spectra were analysed using the DmFit software.’* For all experiments, the samples

were packed in the rotors as received.

Results and Discussion

NanoMIL-100(Al) was successfully synthesized with mean diameter of 269 +21 nm as
determined by DLS (Figure S1). The BET surface area reached 1750 = 60 m2.g’!, in agreement
with previously reported data.*® After FO loading, the BET surface area was dramatically reduced
to 960 + 50 m?.g"!, indicating that FO partially occupied the nanoMIL-100 (Al) pores. Indeed, the
molecular section of linear molecules such as FO is smaller than the nanoMOF large windows
which can explain why this lipid penetrated inside the porosity.'! In recent studies, it was shown
that bulkier lipids such as DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) and PEG-DSPE (1,
2-Distearoyl-sn-glycero-3-phospho-ethanolamine-Poly(ethylene glycol)) remained anchored at
the nanoMOF surface without penetrating inside the pores.'* The porosity of the nanoMOFs was
not altered by surface modifications with these FDA-approved lipids (1519 + 50 m2.g™!, 1486 + 70
m?.g!, and 1547 + 80 m?.g"! for uncoated nanoMOFs, lipid coated nanoMOFs with and without
DSPE-PEG 2000, respectively, see Figure S2). Similarly, in this study, nanoMOFs coated with FP
which has bulky structure as these previously studied lipids exhibited similar BET surface area
(1500 £ 70 m?.g"), as compared to the DOPC or DSPE-PEG coated nanoMOFs. Note that for both

samples, we could not quantify the amount of lipid loaded/coated.

If these first results hints in the localization of the FO and FP lipids respectively inside and
outside the pores of the nanoMOF, further confirmation was sought by solid-state NMR

spectroscopy.



1. 1D MAS NMR

Figure 2 shows 'H, Al and '3C NMR spectra of the two F-lipid samples in comparison with
pure nanoMIL-100(Al). The 'H resonances of the lipids can be readily observed: the -OCH3 of the
methyl perfluorooctanoate around 3.5 ppm and the palmitoyl CHx in the range 0 to 3 ppm as well
as the 'H resonances of the MOF linker at 9.1 ppm. One can notice a difference in the content of
water between the three samples, in particular the content is much less in the FO@nanoMIL-
100(Al). This might be a first hint that in this formulation, the pores are partly filled with the

fluorinated polymer, hence much less water is present.

No significant change can be noticed on the 1D 2’Al MAS NMR spectra of the three
samples (Figure 2), indicating little changes in the environment of aluminum upon F-lipid
loading/coating and consequently little interaction with the nanoMOF. This is further confirmed
by the 2?A1 MQMAS NMR spectra (Figure 3), in which one can notice the two characteristic bulk

and surface signals, already observed in the pure nanoMIL-100(Al).?’

All the 13C resonances belonging to the nanoMOFs can be identified in the 3C CPMAS
NMR spectra (Figure 2) of FO@nanoMIL-100(Al) and FP@nanoMIL-100(Al): the resonances
around 170 ppm and 130 ppm respectively belong to the CO and aromatic carbon atoms of the
linker of nanoMIL-100(Al), with their respective spinning sidebands located around 70 and 30
ppm. This indicates that the impregnation does not alter significantly the MOF structure. On the
13C CPMAS NMR spectrum of FP@nanoMIL-100(Al), 13C resonances of the palmitoyl lipid are
difficult to observe. Their low intensity is could be due to i) possibly low amount of coating
molecules (note that the exact amount of lipid in the final products could not be determined), ii)
potential mobility of the lipid which reduces the 'H—!'*C polarization transfer efficiency. For

FO@nanoMIL-100(Al), only the peak belonging to the -OCH3 around 20 ppm may be identified

10



in addition to the resonances belonging to the trimesate linker of the nanoMOF. It is difficult to
observe *C resonances from CFx groups since the 3C CPMAS NMR spectra were acquired using

a 'H—!*C CPMAS polarization transfer.

Finally, on the "F MAS NMR spectra, all resonances of the fluorinated lipids can be
identified and assigned (Figure 4). In detail, for the FO@nanoMIL-100(Al) (Figure 4a), the °F
resonances of the COCF2 moieties are located around -80 ppm, the ones of the CF> groups are
located between -115 and -125 ppm and finally the ones of the CF3 groups are around -127 ppm.>
Regarding FP@nanoMIL-100(Al) (Figure 4b), the '°F resonance of the CFH> are located around
-215 ppm, which is 40 ppm shifted compared to neet FO (-175 ppm).>® This shift might be due do

the drug loading that generate interactions between the polymer and the MOF.
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Figure 2. 'H, ?’Al, 13C MAS NMR spectra of (a) pure nanoMIL-100(Al), (b) FO@nanoMIL-
100(Al) and (¢) FP@nanoMIL-100(Al) The lines on the 'H MAS NMR spectrum are assigned.
On the 1*C CPMAS NMR spectrum, the spinning sidebands are indicated by stars.
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Figure 3. 2A1 MQMAS NMR spectra of (a) FO@nanoMIL-100(Al) and (b) FP@nanoMIL-
100(AL).
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Figure 4. ’F MAS NMR spectra of (a) FO@nanoMIL-100(Al) and (b) FP@nanoMIL-100(Al).
The lines are assigned.

2. YAl-'H 2D MAS NMR

In a first step, F-2’Al 2D experiments were carried out to probe the fluorinated lipid
localization. However, we could not obtain a good signal. This could be due to high mobility of
the lipids, or small dipolar coupling that prevented efficient CP transfer. We therefore moved to

'H-27Al investigations, since the characteristic peaks of the lipids have 'H resonances (0-5 ppm

12



range) that do not overlap with those of the nanoMOFs (aromatic protons in the 8-10 ppm range).
For these experiments, we started with 'H—2’Al CPMAS transfer. In the 'H->?A1 2D CP-HETCOR
NMR spectrum of pristine nanoMIL-100(Al) (Figure 5a), the expected correlation between the
protons of the trimesate linker and the neighboring aluminum is observed. A second correlation
peak is observed between the aluminum and the water present in the pores and/or on the aluminum
tri-cluster, whatever the chosen contact time between 1 and 5 ms (see Figure S3). It is well known
that increased resolution might be obtained at higher magnetic field for the 2’ Al nucleus. Therefore,
we also performed 'H-?Al 2D experiments at 20.0 T. While 'H-2’ Al CPMAS can be very efficient
at fast spinning spee (60 kHz or more),>’ we chose to work at lower MAS frequency (20 kHz) and
larger rotor size since the F-lipids content is low in our sample. It was shown that under these
conditions 2’ A1{'H} through space D-HMQC is more efficient than CP because the experiment is
less sensitive to offset issues, in particular for compounds with aluminum atoms in more than one
type of coordination.>® For nanoMIL-100(Al), the 2’ Al{'H} D-HMQC NMR spectrum (Figure 5b)
shows the same expected correlation peak between the aluminum of the framework and the
trimesate protons as was observed with the CPMAS experiment Figure 5a. However, here, no
correlation with water was observed. This could be due to 1) the mobility of the water molecules
that prevent efficient recoupling during the D-HMQC sequence, and/or ii) the too short recoupling
time used here (limited by the short 2’ Al transverse relaxation time T> of about 3 ms). To see if we
could detect correlation between the MOF linker and larger (less mobile) species loaded inside the
pores, we performed similar 'H-2’A1 2D CP-HETCOR and 2’ Al{'H} D-HMQC NMR experiments
on nanoMIL-100(Al) which pores were known to be loaded with the adenosine triphosphate drug
molecule (ATP).?” However, here again, the correlation peak between the drug and the MOF could

not be detected on either spectrum (Figure S4). At last attempt, we performed 'H-2’Al CPMAS on
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both F-lipid impregnated nanoMIL-100(Al), which also did not show any correlation between the
lipid and the nanoMOF (Figure S5). For the present study, this is a limitation because we are
interested in finding the localization of the fluorinated lipids. We therefore switched to '"H-'H and

'H-!F 2D NMR spectroscopy.
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Figure 5. (a) 'H—?’Al CP-HETCOR (B = 9.4 T) and (b) ¥’ Al{'H} D-HMQC (Bo =20 T) MAS
NMR spectra of nanoMIL-100(Al).

3. 'H-'H and 'H-’F 2D MAS NMR

"H-'H (Figure 6) and '°F-'H (Figure 7) 2D NMR experiments were recorded to detect close
spatial proximities between the proton/fluorine of the lipids and the protons of the MOF. In the
'H-'H 2D RFDR NMR spectrum of (Figure 6a) of FO@nanoMIL-100(Al), the main correlation
peak is between the small amount of water present in the pores and the protons of the trimesate
linker. However, we could not observe the expected correlation between the trimesate linker and
the CH3 of the FO lipid. In the 'H-'H 2D RFDR NMR spectrum of FP@nanoMIL-100(Al) (Figure
6b), in addition to the water-trimesate correlation, peaks of small intensity are observed between

the lipid and the trimesate linker. Since the FP lipid is too bulky to enter in the pores of the
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nanoMOF, these observed interactions take place between the lipid and the trimesate linkers

located on the nanoparticle surface, indicating a good surface covering property of the lipid.

CH
2 CH,

@ A (MIL100A)) o cH, ©) A (MIL100(A u
2
4 -4
22 -2
— 0 ° @-------
E 2 £ 2 : 9
g 2 ¢ " ;
5 ¢ : 5 " 0 |
2 6 : g 6 T A 1 1
g ' 2 . Lo
5 8 £ ]
o ! - —
e )[:><> ; 10 @
10 =
12 12
14 14 L 1 L 1 1 1 1 L 1 1
14 12 10 8 6 4 2 0 -2 -4 14 12 10 8 6 4 2 0 -2 4
H dimension (ppm) *H dimension (ppm)

Figure 6. 'H-'H 2D MAS NMR RFDR spectra of (a) FO@nanoMIL-100(Al) and (b)
FP@nanoMIL-100(Al) recorded with a mixing time of 5 ms.

To go further, F-'H CPMAS 2D NMR experiments were recorded (Figure 7). In the F-
'"H 2D NMR spectrum of (Figure 7a) of FO@nanoMIL-100(Al), correlation peaks of strong
intensity between all fluorine atoms of the lipid and the trimesate protons are observed. This
unambiguously confirms the presence of the FO lipids in the bulk of the particles, i.e., in the pores
of the MOF. In the "°F-'H 2D NMR spectrum of FP@nanoMIL-100(Al) (Figure 7b), cross-peaks
of strong intensity are observed between the CFH» group and its neighboring CH» groups from the
lipid. Contrary to FO@nanoMIL-100(Al), the cross-peak between the CFH> of the lipid and the
proton of the trimesate has very low intensity, confirming its localization on the surface of the

particle, and not inside the pores. The fact that these cross-peaks are observed shows that the F-
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Huimesate distance is not very long, which in turn could indicate that the FP is folded on the

nanoparticle surface (Figure 8) rather than standing in a brush-like manner (Figure 1).
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Figure 7. ’F-'"H 2D CPMAS NMR spectra (a) FO@nanoMIL-100(Al) and (b) FP@nanoMIL-
100(Al). The lines are assigned. The red dash line indicates the spatial proximity between the
F resonances and the 'H of the MOF.
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Figure 8. Schematic structure of nanoMIL-100 (left) and localization of FO (middle) and FP
(right) inside and outside the nanoMOFs, respectively, as deduced from the NMR data.
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Conclusions and Perspectives

In conclusion, we have reported an investigation of the localization of two types of
fluorinated lipids in nanoMIL-100(Al) particles. Although the ?’Al quadrupolar nucleus was
initially considered as an ideal nucleus to probe the coating/MOF interactions, as was shown earlier
for nanoMOFs coated with rigid cyclodextrin-based moieties, we found some limits in our the
studied lipids-coated nanoMOFs, in which the high mobility of the lipids prevented efficient
polarization transfer between the 'H/!°F species of the lipid and the 2’Al nuclei of the nanoMOF.
These limits led us to use 'H-'H and 'H-'°F 2D NMR experiments. The low amount of water
present in the pores of FO@nanoMIL-100(Al) and the cross-peaks of high intensity between '°F
of the lipid and 'H of the MOF linker strongly suggests that FO has successfully been incorporated
inside the pores of the MOF. On the other hand, in FP@nanoMIL-100(Al) high amounts of water
in the pores and cross-peaks of very low intensity between °F of the lipid and 'H of the MOF
linker strongly suggests that FP stays on the surface of the particles, and is very likely folded on
the NP surface. This ensemble of data allows accurate localization of F-lipids in nanoMOFs, an

important criterion in view of in vivo application of these particles.
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