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ABSTRACT 
 

        The packaging of DNA into nucleosomes represents a challenge for transcription.  

Nucleosome disruption and histone eviction enables RNA Polymerase II progression 

through DNA, a process that compromises chromatin integrity and the maintenance of 

epigenetic information. Here, we used the imaging SNAP-tag system to distinguish 

new and old histones and monitor chromatin re-assembly coupled to transcription in 

cells. First, we uncovered a loss of both old variants H3.1 and H3.3 that depends on 

transcriptional activity, with a major effect on H3.3. Focusing on transcriptionally active 

domains, we revealed a local enrichment in H3.3 with dynamics involving both new 

H3.3 incorporation and old H3.3 retention. Mechanistically, we demonstrate that the 

HIRA chaperone is critical to handle both new and old H3.3, and showed that this 

implicates different pathways. The de novo H3.3 deposition depends strictly on HIRA 

trimerization as well as its partner UBN1 while ASF1 interaction with HIRA can be 

bypassed. In contrast, the recycling of H3.3 requires HIRA but proceeds independently 

of UBN1 or HIRA trimerization and shows an absolute dependency on ASF1-HIRA 

interaction. Therefore, we propose a model where HIRA can coordinate these distinct 

pathways for old H3.3 recycling and new H3.3 deposition during transcription to fine-

tune chromatin states. 
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INTRODUCTION 
 

Transcription is intimately linked to chromatin organization. The basic unit of 

chromatin, the nucleosome, comprises an octamer of four histones – a tetramer (H3-

H4)2, flanked by two dimers of H2A-H2B – around which 146 bp of DNA is wrapped, 

plus additional linker DNA (Luger 1997). Nucleosomes have been reported to be a 

barrier to transcription initiation and to interfere with RNA Polymerase II (RNAPII) 

progression (Knezetic and Luse 1986; Lorch et al. 1987). Thus, nucleosomes are 

readily disrupted and mobilized during transcription in vivo to allow mRNA synthesis 

(Janicki et al. 2004; Thiriet and Hayes 2005; Petesch and Lis 2008). Furthermore, 

nucleosomes are not monotonous entities; they contain distinct histone variants with 

the addition of post-translational modifications (PTMs). These chromatin features 

define different chromosomal landmarks and influence cell fate (Talbert and Henikoff 

2010; Yadav et al. 2018). In this context, it is particularly crucial to understand how the 

stable maintenance of chromatin profiles reconciles with the fact that transcription itself 

is a disruptive process for chromatin.  

 

Mechanistically, torsional stress of DNA caused by the transcription bubble 

favours nucleosome disassembly downstream from RNAPII (Teves and Henikoff 

2014). In addition, ATP-dependent chromatin remodellers and histone chaperones can 

also displace or disassemble nucleosomes ahead of RNAPII (Venkatesh and 

Workman 2015). As a result of these disruptive dynamics, active genes are usually 

characterized by low nucleosome occupancy (Lee et al. 2004; Baldi el al. 2018) and 

high rates of histone turnover (Dion et al. 2007; Deal et al. 2010; Kraushaar et al. 2013; 

Deaton et al. 2016). Yet, in vitro studies have revealed that RNA Polymerase can 

bypass nucleosomes at low transcription rates (Kireeva et al. 2002; 2005; Bondarenko 

et al. 2006; Kulaeva et al. 2009; 2010; Kujirai et al. 2018). Furthermore, recent 

advances in cryo-EM technology have enabled the snapshot structure of the RNAPII-

nucleosome complex; providing a framework to envisage nucleosome mobilization 

and recycling in the wake of transcription (Farnung et al. 2018; Kujirai et al. 2018). At 

this point in time, a major issue is thus to which extent chromatin states are actually 

altered by transcription (Kujirai and Kurumizaka, 2019). However, it is clear that the 

epigenomic landscape at actively transcribing domains is constantly challenged, 

compromising chromatin integrity and the maintenance of epigenomic information. 

 

Counteracting these disruptive events, mechanisms that coordinate chromatin 

assembly coupled to transcription have been reported (Schwabish and Struhl 2004; 
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Schwartz and Ahmad 2005). These possibly involve either de novo deposition of new 

histones, recycling of pre-existing (old) ones, or a combination of both. To date, 

significant progress has been made to understand mechanisms involved in de novo 

deposition for newly synthesized histone variants. This is best exemplified by the 

transcription-dependent replacement of the replicative histone H3.1 with the histone 

variant H3.3 (Janicki et al. 2004; Schwartz and Ahmad 2005). New deposition of the 

replicative histone H3.1 –which constitutes the bulk of histone H3 in proliferative cells 

– involves a DNA synthesis coupled (DSC) pathway (Ahmad and Henikoff 2002; 

Tagami et al. 2004) that depends on the Chromatin Assembly Factor 1 (CAF-1) 

complex (Tagami et al. 2004). In contrast, new deposition of H3.3 proceeds in a DNA 

synthesis independent (DSI) manner (Ahmad and Henikoff 2002; Tagami et al. 2004). 

Excepted for its accumulation in heterochromatic regions, which involves the death 

domain-associated protein a-thalassaemia/mental retardation syndrome X-linked 

(DAXX-ATRX) complex (Drane et al. 2010; Wong et al. 2010; Lewis et al. 2010; 

Goldberg et al. 2010), most new H3.3 deposition depends on the Histone regulator A 

(HIRA) chaperone pathway (Tagami et al. 2004; Ray-Gallet et al. 2011).  

 

At active genes, H3.3 is specifically enriched in a HIRA-dependent manner 

(Goldberg et al. 2010; Ray-Gallet et al. 2011). Importantly, HIRA is part of a complex 

comprising three distinct polypeptides (Tagami et al. 2004): HIRA itself as a scaffold 

protein, Calcineurin binding protein 1 (CABIN1) (Rai et al. 2011) and Ubinuclein 1 

(UBN1) (Banumathy et al. 2009). UBN1 is essential for de novo histone deposition 

through a direct interaction with H3.3-H4 dimers that enables their transfer onto DNA 

(Ray-Gallet et al. 2011; Orsi et al. 2013; Ricketts et al. 2015; 2019). The HIRA subunit 

homotrimerizes and associates with two CABIN1 subunits (Ray-Gallet et al. 2018). 

Notably, HIRA trimerization is necessary for de novo deposition of H3.3 (Ray-Gallet et 

al. 2018). In addition to these core partners, HIRA can also interact with the Anti-

silencing Function 1 (ASF1) histone chaperone (Tang et al. 2006; Green et al. 2010). 

ASF1b or ASF1a escort H3.1-H4 and H3.3-H4 dimers and can hand these dimers off 

respectively to either CAF-1 or HIRA complexes (Tyler et al. 1999; Mello et al. 2002; 

Daganzo et al. 2003; English et al. 2006; Cook et al. 2011; Horard et al. 2018). Thus, 

the prevailing view for de novo deposition is that ASF1 provides new H3.3 to the HIRA 

complex, which deposits this variant through the UBN1 subunit. Finally, the HIRA 

complex is enriched at transcriptionally active regions and can interact with both 

RNAPII and naked DNA, providing means for H3.3 deposition coupled to transcription 

(Ray-Gallet et al. 2011; Schneiderman et al. 2012; Pchelintsev et al. 2013). While de 

novo histone deposition could restore nucleosome density, it may not fully restore 
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chromatin profiles and reproduce information carried by old histones. Indeed, newly 

synthesized histones prior to deposition display a particular set of PMTs distinct from 

those found into chromatin (Loyola et al. 2006). Thus, a key issue is whether and how 

old H3 histone variants are recycled to provide a template to maintain the pre-existing 

epigenomic landscape. Lessons from yeast have underlined the importance of histone 

chaperones to maintain old histones and associated modifications (Nourani et al. 2006; 

Thebault et al. 2011; Chen et al. 2015; Svensson et al. 2015; Jeronimo et al. 2019). In 

mammalian cells, where additional histone variants are present, how the overall 

choreography of variants and histone modifications is orchestrated in vivo during 

transcription-coupled recycling and by which mechanisms remains unknown.  

 

 Here, by exploiting the SNAP-tag system (Keppler et al. 2003) for specific in 

vivo labelling to visualize new or old histones in human cells, we address whether and 

how H3 variants are recycled during transcription. First, we found that transcription 

results in eviction of old histones, with a stronger impact on H3.3 compared to H3.1. 

Second, we demonstrate that HIRA is key for the recycling of a large fraction of evicted 

old H3.3 preventing a major loss of this variant. Surprisingly, this H3.3 recycling 

mechanism involving the HIRA complex operates through a pathway that differs from 

the one involved in the deposition of new H3.3, as attested by the fact that neither 

HIRA trimerization nor UBN1 proved necessary. However, this distinct recycling 

pathway strictly requires the interaction of HIRA with ASF1 supporting a new role for 

ASF1 in old H3.3 recycling during transcription. Together, our results reveal that 

histones are actively recycled during transcription in mammals and identify the 

mechanism underlying this recycling. Finally, given the central role of the HIRA subunit 

in both de novo deposition and recycling, we discuss how the combination of both can 

operate through the HIRA trimerization properties to provide means to fine-tune the 

balance between new and old histones.   
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RESULTS 
 

Transcription causes a global loss of H3.3 in a short time scale. 

 

To explore old H3.1 and H3.3 histone variant dynamics, we exploited two HeLa 

cell lines previously characterized in our laboratory that stably express SNAP-tagged 

H3.3 or H3.1 (Ray-Gallet et al. 2011; Clément et al. 2018). Under appropriate 

experimental conditions, SNAP-tag labelling enables in vivo monitoring of total, old or 

new histones. With this method, we labelled old H3.3- or H3.1-SNAP using a SNAP-

compatible tetramethyl-rhodamine fluorophore (TMR) followed by a chase period of 

0h, 1h, 2h, 6h, 12h, 24h or 48h (Pulse-Chase) (Figure 1a). We next recorded the TMR 

signal retained in the nuclei of a population of cells at the different times and used this 

measure as a proxy to assess histone loss (for details of the methods see Torné et al. 

2018). In agreement with previous observations (Clément et al. 2018), the signal loss 

for both H3.1- and H3.3-SNAP could not be explained simply by the two-fold dilution 

expected from cell divisions, occurring every 24 hours in these cells (Figure 1a). 

Furthermore, signal intensity showed a rapid decrease of 17% for H3.1-SNAP and 

36% for H3.3-SNAP in the first two hours, with kinetics that cannot be explained by a 

single turnover rate (Figure 1a). Considering that the total levels of histones remained 

stable in our cells, this revealed a rapid exchange for a fraction of H3.1- and H3.3-

SNAP histones can be captured within 2h.  

 

To further understand the causes for such rapid short-term histone loss, we 

also labelled newly-synthesized DNA using Ethynil-deoxyuracyl (EdU) at the end of 

the 0h, 1h or 2h chase times, to distinguish cells undergoing DNA replication. We used 

EdU signal to identify cells in S-phase (EdU-positive) and outside of S-phase (EdU-

negative) (Supplementary Figure 1a) and quantified the TMR signal in these groups of 

cells to assess histone loss over time. Cells in or outside of S-phase, showed similar 

H3.1- and H3.3-SNAP loss, indicating that this short-term loss is independent of S-

phase progression and showed a more pronounced effect on H3.3 when compared to 

H3.1. 

 

Given that in mouse ES cells H3.3 is progressively lost at active but not at 

inactive genes (Deaton et al. 2016), we tested whether transcriptional activity could 

cause H3.3 eviction from chromatin. To this end, we used Flavopiridol – a kinase 

inhibitor that blocks phosphorylation of NELF, impeding RNAPII release from promoter 

pausing – to inhibit transcription. We used 5-Ethynyl uridine (EU) to label nascent 
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transcripts in single cells and verified that transcription was reduced to background 

levels after 3 hours of Flavopiridol treatment (Figure 1b). Under these conditions, we 

next measured old H3.1- and H3.3-SNAP decay in transcribing versus non-

transcribing cells. Without releasing Flavopiridol treatment, we performed a SNAP-tag 

experiment to label old H3.1- and H3.3-SNAP, and monitored their levels after 0h or 

2h of chase time. In non-transcribing cells, H3.1-SNAP signals decayed slowly (5% 

loss), at slightly lower rates compared to control transcribing cells (15% loss), 

indicating that transcription arrest modestly alleviates H3.1-SNAP loss (Figure 1b). 

However, we observed a more dramatic effect for H3.3-SNAP loss, where the loss was 

reduced to only 6% after 2h of chase, a rate comparable to H3.1-SNAP loss, compared 

to 33% H3.3-SNAP loss in control transcribing cells. Importantly, blocking transcription 

with Triptolide – which blocks transcription through inhibition of helicases required for 

formation of the transcription pre-initiation complex– we observed the same trends 

(Supplementary Figure 1b). We concluded that within a range of 2h, transcription is 

the major cause of the loss of old H3.1 and H3.3 variants with a more pronounced 

effect on H3.3. 

 

Local dynamics of H3.3 at transcriptionally active domains 

 

Genome-wide analyses previously showed a specific enrichment of H3.3 at 

transcriptionally active chromatin domains and relative depletion of H3.1 (Goldberg et 

al. 2010; Clément et al. 2018). Similarly, at a single cell level for an individual territory 

in Drosophila polytene chromosomes from salivary glands, the same effect was 

observed (Schwartz and Ahmad 2005; Schneiderman et al. 2012). Yet, the dynamics 

of exchange of new and old histones has not been directly analysed in human cells. 

We thus sought to evaluate the spatial relationship between total, new and old 

H3.3/H3.1 compared to transcriptionally active subnuclear domains in individual 

human cells exploiting our imaging approach. We thus fluorescently stained our HeLa 

H3.3/H3.1-SNAP cells: we labelled histone variants with the SNAP-tag method and 

transcriptionally active forms of RNAPII by immunostaining. Respectively, 

phosphorylation of Serine 2, 5 and 7 (S2ph, S5ph and S7ph) on the C-terminal tail of 

RNAPII have been associated with different phases during RNAPII activity, namely 

promoter pausing (S5ph and S7ph), early elongation (S5ph and S7ph) and late 

elongation (S2ph and S7ph) (Mayer et al. 2010).  

 

As previously described, the active forms of RNAPII appear as discrete foci in 

the nucleus (Ghamari et al. 2013; Cho et al. 2018). We focused our analysis on these 
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foci (hereby referred to as transcriptionally active domains). In contrast, as expected 

from their widespread distribution in the genome, H3.1- and H3.3-SNAP, showed a 

rather homogeneous distribution in the nucleus (Figure 2). Considering this 

homogenous distribution the use of common signal colocalization analysis methods to 

detect changes between different biological conditions was not adapted. To overcome 

this difficulty, we designed an image analysis method to evaluate the spatial 

relationship between these two kinds of signals. In this approach, we first segment a 

primary signal (RNAPII) to identify a set of discrete foci. Next, the secondary signal 

(histones) is measured within these foci as well as at increasing distances from these 

foci. The cumulated secondary signal is normalized to total nuclear signal and plotted 

as relative signal at each distance point from the primary foci. This analysis yields 

characteristic curves reflecting the spatial enrichment or depletion of the secondary 

signal compared to the primary signal (Figure 2a and Supplementary Figure 2). We 

first asked whether H3.3 and H3.1 were enriched at transcriptionally active domains. 

Our analysis revealed a sharp enrichment of H3.3-SNAP at RNAPIIS7ph foci, 

corresponding to transcriptionally active domains in single human cells (Figure 2b). In 

contrast, H3.1-SNAP was depleted from RNAPIIS7ph foci (Figure 2b). The same 

analysis carried out for RNAPIIS2ph (elongating RNAPII) and RNAPIIS5ph (initiating 

RNAPII), showed again a characteristic H3.3 enrichment and H3.1 depletion. Thus, 

this profile applies broadly to transcriptionally active domains throughout promoter 

pausing, early elongation and late elongation (Supplementary Figure 3a).  

 

Further exploiting this approach, we next examined the dynamic exchange of 

H3.3-SNAP protein localized at these domains. This time, we used the SNAP-tag 

methodology to label either newly synthesized or old H3.3. We followed old H3.3-

SNAP using our Pulse-Chase strategy, as above, and new H3.3-SNAP using the 

previously described Quench-Chase-Pulse strategy (Ray-Gallet et al. 2011). In this 

labelling scheme to detect newly synthesized histones, old H3.3-SNAP is covalently 

bound to a fluorescently inert compound, bromothenylpteridine, which prevents TMR 

binding (Quench). In this scheme, only proteins synthesized after the quench, during 

the chase time, can bind fluorescent TMR. We measured the spatial distribution of new 

or old H3.3-SNAP relative to RNAPIIS7ph foci. First, we observed that new H3.3-

SNAP became enriched at these transcriptionally active domains within 2h (~200% 

gain, Figure 2c). Conversely, old H3.3-SNAP becomes depleted at these domains 

relative to total H3.3-SNAP within the same chase time of 2h (~25% loss, Figure 2d). 

Because our analysis measures enrichment levels relative to total nuclear signal, these 

results indicate that new and old H3.3 are respectively gained and lost preferentially 
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at transcriptionally active domains, compared to the rest of the nucleus. We observed 

the same profiles when using RNAPIIS2ph and RNAPIIS5ph as primary signals, 

further validating our observations (Supplementary Figure 3b and 3c). These results 

indicate that H3.3 is enriched at transcriptionally active domains in single cells, where 

old H3.3 is frequently replaced by new H3.3. Together, our results show a preferential 

exchange of H3.3 at transcriptionally active domains, in a transcription-dependent 

manner. 

 

Retention of old H3.3 at transcriptionally active domains requires the chaperone HIRA 

 

While H3.3-SNAP loss was remarkable (36% in two hours), we wondered if the 

significant fraction that remained (64%), was being actively retained. The next question 

was thus whether and how this could be achieved. Using a candidate approach, we 

focused on the H3.3 chaperone HIRA. We performed efficient knockdown of HIRA in 

our SNAP-tag cells, as previously described (Ray-Gallet et al. 2011) and labelled new 

or old H3.1- and H3.3-SNAP to track their fate during 0h, 1h or 2h of chase time. First, 

we confirmed that HIRA knockdown dramatically impacts new H3.3 deposition, without 

affecting H3.1 (Ray-Gallet et al. 2011) (see also Figure 5a and Supplementary Figure 

5). Next, when following old histones upon HIRA knockdown, strikingly, we observed 

that the loss of H3.3-SNAP was more dramatic, reaching an average 62% loss in 2h, 

compared to 34% loss in control conditions (Figure 3a). Interestingly, old H3.1-SNAP 

loss was mildly alleviated in knockdown cells (4% loss), compared to 15% loss in 

control cells, possibly reflecting a compensation of the massive H3.3-SNAP loss. 

These results demonstrate that HIRA is required not only for deposition of new H3.3, 

but also for retention of an important fraction of old H3.3. 

 

Following our observation of a dynamic exchange of H3.3 at transcriptionally 

active domains, we further sought to directly test a role for HIRA in deposition of new 

H3.3 and retention of old H3.3 locally at these domains. We first performed 

immunostaining of HIRA together with phosphorylated RNAPII to evaluate their spatial 

relationship. We found a sharp enrichment of HIRA at RNAPIIS7ph foci (Figure 3b), 

as well as foci of RNAPIIS2ph and RNAPIIS5ph forms (Supplementary Figure 4a). 

This chaperone is thus specifically enriched at transcriptionally active domains in 

single cells, consistent with previous genome-wide data (Pchelintsev et al. 2013). To 

evaluate its role to guide H3.3 dynamics at these sites, we further performed HIRA 

knockdown in SNAP-tag cells and labelled new or old H3.3-SNAP together with 

RNAPIIS7ph. Consistent with other reports, we noticed a modest but significant (22%) 
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impact of HIRA depletion on global transcriptional activity, with Polymerases 

accumulating on chromatin while transcription itself is perturbed (Supplementary 

Figure 5) (Maze et al. 2015; Zhang et al. 2017). We further applied our imaging 

analysis method to evaluate the fate of new and old H3.3-SNAP at transcriptionally 

active domains. Upon HIRA knockdown, we measured a depletion of both new and 

old H3.3-SNAP at these domains, compared to control knockdown conditions (±60% 

loss and ±50% loss respectively). Again, since our analysis measures enrichment 

levels relative to total nuclear signal, this indicates that depletion of new and old H3.3-

SNAP occurs preferentially at transcriptionally active domains (Figure 3c, 3d and 

Supplementary Figure 4). Together, our results show that HIRA is required for both 

deposition of new and retention of old H3.3, with an exacerbated effect at 

transcriptionally active domains. 

 

To further test whether this HIRA requirement is linked to transcription, we 

inhibited transcription using Flavopiridol (see Figure 1). As above, we observed a 

higher retention of old H3.3-SNAP on chromatin in the absence of transcription with 

only 10% loss (Figure 4). In this scenario, HIRA knockdown had no longer an effect on 

this H3.3-SNAP retention (8% loss). We concluded that in absence of transcriptional 

activity, HIRA is not required to re-deposit the H3.3 variant. We confirmed these results 

using an independent method for transcription inhibition using Triptolide 

(Supplementary Figure 6). Together, our results demonstrate that HIRA is essential to 

recycle a fraction of old H3.3 evicted by transcriptional activity. 

 

De novo deposition and recycling of H3.3 by HIRA occurs through distinct pathways 

 

 To define how HIRA specifically handles new and old H3.3, we next 

investigated the roles of known HIRA chaperone partners: UBN1, CABIN1 and ASF1. 

As described above, UBN1 is the subunit of the HIRA complex recently described as 

a key interacting partner for new H3.3 deposition (Ricketts et al. 2015; 2019), while 

ASF1 is rather an upstream chaperone that supplies histones to the HIRA complex. 

We performed individual knockdowns of these factors and used the SNAP-tag strategy 

to track new and old H3.3 dynamics. We confirmed that knockdown of HIRA and UBN1 

impacted new H3.3-SNAP deposition, while CABIN1 knockdown had no effect (Figure 

5a), as described (Ray-Gallet et al. 2011). Simultaneous knockdown of both ASF1a 

and ASF1b isoforms moderately impaired H3.3-SNAP deposition, to a lesser extent 

than HIRA or UBN1 knockdown. Interestingly, double knockdown of ASF1a/b also led 

to increased old H3.3-SNAP loss compared to control cells, with 51% loss over 2h 
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(Figure 5b). This effect is milder than that of HIRA knockdown (62%), possibly because 

transcriptional activity itself is reduced (41%), as assessed with EU labelling in 

ASF1a/b double knockdown cells (Supplementary Figure 5b). Surprisingly, knockdown 

of UBN1 had no effect on old H3.3-SNAP retention (Figure 5b) or nascent transcription 

(Supplementary Figure 5b). This indicated that HIRA is capable of recycling H3.3 

independently of its partner UBN1. Thus, HIRA operates through two distinct pathways 

for de novo deposition and recycling of H3.3. 

 

To further explore the underlying mechanism, we used several HIRA-YFP 

constructs in which single amino-acid substitutions have been introduced in order to 

disrupt the interaction with particular partners (Figure 6a). The R227K mutant in the 

WD40 domain of HIRA disrupts its interaction with UBN1 (Loppin et al. 2005; 

Banumathy et al. 2009). The I461D mutant in the conserved B-domain of HIRA 

prevents its interaction with ASF1 (Tang et al. 2006). We also recently described the 

W799A-D800A mutant, containing a double amino acid substitution, which prevents 

both trimerization of the HIRA protein and its interaction with CABIN1 (Ray-Gallet et 

al. 2018). With each of these HIRA mutants, we could thus test their capacity to rescue 

the H3.3 de novo deposition and recycling defects caused upon HIRA knockdown. To 

track and selectively analyse transfected cells, all HIRA proteins were tagged with 

YFP. We verified that all transgenic proteins in the transfected cells showed a 

comparable expression level (Supplementary Figure 7a-b). Wild-type HIRA could 

readily rescue new deposition of H3.3-SNAP (Figure 6b-c). In contrast, the HIRA 

mutants defective for UBN1 interaction (HIRA-R227K-YFP) or HIRA trimerization 

(HIRA-W799A-D800A-YFP) did not alleviate the defect in new H3.3-SNAP deposition. 

This observation confirmed that HIRA requires both interaction with UBN1, as well as 

the ability to trimerize in order to efficiently deposit new H3.3 (Ray-Gallet et al. 2018). 

The HIRA mutant that impairs ASF1 interaction (HIRA-I46D-YFP), while less efficient 

than wild type, could partially rescue the H3.3-SNAP deposition. This observation 

suggests a direct transfer of new H3.3 to UBN1 by exploiting a possible bypass of the 

HIRA-ASF1 interaction. We next focused on the capacity of these HIRA mutants to 

rescue old H3.3-SNAP loss (Figure 6d-e). In contrast to wild-type HIRA, this same 

mutant (HIRA-I46D-YFP) unable to interact with ASF1 could not at all rescue the loss 

of old H3.3-SNAP. Together, they support an absolute requirement for HIRA to interact 

with ASF1 to ensure the recycling of old H3.3. Strikingly, targeting UBN1, the HIRA-

R227K-YFP mutant (UBN1 interaction defective) fully rescued the old H3.3-SNAP loss 

associated with HIRA knockdown. This result confirmed that HIRA interaction with 

UBN1 is dispensable for H3.3 recycling. Finally, the HIRA-W799A-D800A-YFP mutant 
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(impaired for trimerization) also rescued old H3.3-SNAP loss, showing that HIRA does 

not need to oligomerize to recycle H3.3. This latter observation also confirmed that 

CABIN1 was not required either in this setting. Together, these results (summarized in 

Figure 6f) are consistent with our knockdown experiments and bring into light the 

existence of two distinct pathways for HIRA handling respectively new and old H3.3. 

New H3.3 deposition requires both HIRA trimerization as well as its interaction with 

UBN1 and to a lesser extent with ASF1. In contrast, old H3.3 is handled only by ASF1 

and HIRA, and does not require either UBN1 or HIRA trimerization.  

 

HIRA serves as a molecular hub for transcription-coupled deposition of new and old 

histones. 

 

To gain insights into how old histones at transcriptionally active domains are 

handled, we decided to follow a histone mark associated with active transcription onto 

chromatin. H3K36me3 is imposed by the methyltransferase Setd2, which travels with 

RNAPII during transcription (Yoh, Lucas, and Jones 2008; Edmunds, Mahadevan, and 

mahadevan 2008). Marking transcriptionally active gene bodies (Bannister et al. 2005;) 

and prominently detected in chromatin (Loyola et al. 2006), this mark thus represents 

a proxy for old, nucleosomal histones. Indeed, H3K36me3 is observed by Western blot 

mainly in chromatin fraction and faintly detected in nuclear extract (Figure 7a). We thus 

performed an immunoprecipitation with antibodies against H3K36me3 to identify its 

binding partners using nuclear extracts in which the HIRA complex is enriched. RNAPII 

co-immunoprecipitated with H3K36me3, as well as the chaperones HIRA and ASF1. 

In contrast neither the H3.3 chaperone DAXX or the p60 subunit of the replicative H3.1 

chaperone CAF-1 were retrieved (Figure 7a). This result further indicates that both 

HIRA and ASF1 are involved in handling old histones after their transcription-coupled 

eviction from chromatin.  

 

Importantly, UBN1 also co-immunoprecipitated with the H3K36me3 mark. 

Since this subunit from the HIRA complex is not strictly required for old histone 

recycling, but is necessary for new deposition, it was critical to verify if depletion of 

UBN1 would affect H3K36me3 interaction with HIRA and ASF1. We thus performed 

knockdown for UBN1, and again carried out an immunoprecipitation of H3K36me3 with 

its partners. We found that UBN1 knockdown did not affect H3K36me3 interaction with 

HIRA or ASF1 (Figure 7a). These results indicated that HIRA and ASF1 interact with 

old histones independently of UBN1. 
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DISCUSSION 
 

Our work provides a new view on the fate of H3 histone variants -old and new- 
during transcription. We first establish that transcription leads to a major loss of both old 

H3.1 and H3.3 variants, with a prominent effect on H3.3. Second, we identify a key 
mechanism to ensure a significant level of recycling of old H3.3, operating along with new 

deposition. While both recycling and new deposition pathways exploit the histone 
chaperone HIRA, we find that the choice between them relies on HIRA partners.  We 

discuss how the histone chaperone HIRA can coordinate H3.3 recycling with new 
deposition during transcription through interaction with multiple partners and thereby play 

a pivotal role for the maintenance of chromatin integrity in transcribed regions. 
 

A dynamic exchange between old and new H3.3 at transcriptionally active domains 
 

In a previous study, we monitored the loss of H3.1- and H3.3-SNAP over the time 

scale of several cell divisions and found that their kinetics of decay did not fit with a simple 
exponential curve as expected for a model in which a two-fold dilution occurs at each cell 

division (Clément et al. 2018). A general trend was a faster loss. Here, we monitored the 
loss of H3.1- and H3.3-SNAP during a shorter time course and our data further underline 

a short-term loss concerning a fraction of H3.3 and H3.1 that cannot be simply explained 
by dilution due to cell division. Our results show a replication-independent widespread loss 

of old H3.3 (36% of SNAP signal decrease over 2 hours, consistent with previous reports 
(Deaton et al. 2016)) and to a lesser extent old H3.1 (17% in 2 hours). Importantly, signals 

corresponding to both H3.3 and H3.1 total levels are stable in our conditions, indicating 
that new histone deposition could entirely compensate these losses.  

 
To explore these dynamics of old and new variants within the nuclear space and 

in relation with transcription, we first examined the relative subnuclear localization of active 

RNAPII, HIRA and H3.3.  Our results show a spatial proximity between them at the scale 
of nuclear sub-compartments of ~300nm in diameter, relatively large domains likely to host 

multiple genes and intergenic DNA. Consistently, we previously described by ChIP-seq a 
genome-wide profile for H3.3 where this variant covers megabase-scale domains, 

coinciding with early-replicating gene-rich genomic regions (Clément et al. 2018). 
Furthermore, using super-resolution microscopy, we previously showed how H3.3 could 

form small clusters, of ~100nm in diameter (Clément et al. 2018), consistent with other 
reports (Ricci et al. 2015; Nozaki et al. 2017; Otterstrom et al. 2019) and indicating that 

larger transcriptionally active sub-compartments likely cover an ensemble of smaller 
histone clusters. Multiple recent studies have proposed that  transcriptional domains may 
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feature phase separation properties with intrinsic dynamics tightly linked to transcriptional 
activity (Cho et al. 2018; Sabari et al. 2018; Lu et al. 2018; Boehning et al. 2018; Shaban 

et al. 2018; Guo et al. 2019; Nagashima et al. 2019). Because of these properties, it is 
possible that evicted histones could become re-deposited on chromatin close to their 

original position, or rather be redistributed elsewhere yet contained within these nuclear 
sub-compartments. These precise dynamics as well as the role of chaperones in their 

control need to be further elucidated to fully characterize the precise preservation of 
epigenetic information at different scales.  

 
A critical role for HIRA in handling both new and old H3.3 during transcription 

 
Our results further show that, in the absence of HIRA, old H3.3 loss is dramatically 

increased (Figure 3a), indicating that a significant fraction of evicted H3.3 can be recycled 
by a mechanism involving this chaperone. In addition, when transcription is arrested, the 
absence of HIRA does not have any impact in H3.3 loss (Figure 4). Thus, when histones 

within chromatin are no longer challenged by transcription, the requirement for HIRA is 
essentially abrogated. Consistently, by microscopy analysis accessing these dynamics at 

a single cell level, we could show that in the absence of HIRA, both new and old H3.3 are 
specifically lost at transcriptionally active domains (Figure 3c-d). In these conditions, H3.3 

homeostasis is thus no longer ensured and this variant is progressively lost from chromatin. 
Our results thus demonstrate that H3.3 is recycled during transcription and uncover a novel 

role for the chaperone HIRA in this process, adding to its already known role in de novo 

deposition. While our data place HIRA as an important actor in this recycling, we do not 

exclude that it could operate in combination with other nucleosome retention mechanisms 
yet unexplored in mammals. Indeed, in yeast, although there is no distinct H3 variants, 

histone chaperones including FACT, Spt2 and Spt6 have been reported to have an 
analogous role during transcription (Nourani et al. 2006; Thebault et al. 2011; Chen et al. 

2015; Svensson et al. 2015; Jeronimo et al.  Robert 2019). In addition, there is the 

intriguing possibility that RNAPII could bypass nucleosomes by orchestrating their 3’ to 5’ 
transfer, as highlighted by recent crystallography studies (Farnung et al. 2018; Vos et al. 

2018; Kujirai et al. 2018). Future work will be needed to examine whether and how these 
mechanisms could operate in vivo in mammalian cells and how they could act in 

combination with HIRA and the distinct H3 variants. Most importantly, our findings explain 
how, despite the disruptive nature of the transcriptional process, a histone homeostasis 

mechanism orchestrated by HIRA, in concert with mechanisms ensuring the spreading of 
histone marks, could ensure that the epigenomic landscape remains stable at transcribing 

regions. 
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New and old H3.3 are handled by distinct pathways 
 

One could have assumed that a simple HIRA-mediated pathway could indistinctly 
handle both old and new histones to be deposited. Yet, a surprising finding in our study is 

that H3.3 recycling involves HIRA interacting with its partner ASF1, but does not require 
UBN1 nor HIRA homotrimerization (Figures 5-6). In mammals, another Ubinuclein exists, 

UBN2, that is also able to interact with HIRA (Banumathy et al. 2009). However, we discard 
a potential compensation by UBN2 in the absence of UBN1 as UBN2 cannot interact with 

the HIRA-R227K mutant (Banumathy et al. 2009), which readily rescued old H3.3 loss. 

Yet, UBN1 and the HIRA homo-trimerization are absolutely necessary for the de novo 
deposition of H3.3. Thus, we can discard a model whereby old H3.3 evicted from chromatin 

could be treated as new H3.3 after joining the soluble pool of histones for re-deposition. 
Instead, new H3.3 is guided to chromatin by a dedicated pathway depending on ASF1, 

UBN1 and a HIRA trimer, while old H3.3 is handed over by ASF1 to HIRA, without requiring 
HIRA trimerization and UBN1 interaction (Figure 7b). The way ASF1 handles distinctly new 

and old H3.3-H4 is remarkable. Indeed, for the new H3.3 deposition, the partial rescue by 
the HIRA-I461D mutant, that cannot interact with ASF1, suggests that ASF1 could transfer 
H3.3-H4 directly to UBN1 bypassing a need to interact with HIRA (Horard et al. 2018). In 

contrast, this HIRA-I461D mutant fails completely to rescue old H3.3 recycling indicating 
the absolute requirement of this interaction with ASF1 for handling old H3.3. For de novo 

deposition, given the fact that newly synthesized H3-H4 have been isolated as dimers 
(Tagami et al. 2004), the fact that the UBN1 unit can dimerise offered an attractive means 

to ensure the formation of a new (H3.3-H4)2 tetramer prior/or immediately at the time of 
incorporation into chromatin (Ricketts et al. 2019). One can envisage though that capturing 

parental histones may require different properties that only ASF1 would have. Notably, 
there are histone PTMs which are specific for new or old (nucleosomal) histones (Loyola 

et al. 2006). In human cells, in the absence of ASF1, by super resolution microscopy, we 
could observe a redistribution of histone PTMs, including the old histones PTM H3K36me3, 

(Clément et al. 2018). In this regard, our experiments linking H3K36me3 to the HIRA-ASF1 
recycling pathway are particularly enlightening. Future work should explore how, beyond 
H3K36me3, other PTMs could be preferentially recycled or lost during transcription and 

reveal the molecular details by which UBN1 and ASF1 could distinguish new and old 
histones.   

 
The placement and structure of HIRA in transcription shows an interesting parallel 

to the role of the replisome component Cohesion establishment factor 4/Acidic 
nucleoplasmic DNA-binding protein-1 (Ctf4/AND-1) (Simon et al. 2014; Guan et al. 2017). 

This protein shares a number of structural similarities with HIRA, in particular a similar 
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homo-trimeric structure (Ray-Gallet et al. 2018), it associates with the replication fork and 

is involved in the replication-coupled histone recycling (Gan et al. 2018). It is thus tempting 

to speculate that as Ctf4/AND-1, in replication, HIRA may act as a scaffold to recruit 
different partners for histone handling during transcription. This view places HIRA as a 
central player in a mechanism ensuring a balance between the use of new and old histones 

and also other partners related to DNA/RNA metabolism. In the latter case, a role for HIRA 
trimerization and its association with UBN1 and ASF1 in the context of transcription restart 

after DNA damage would deserve to be explored (Adam et al. 2013). Furthermore, 
regulating the balance of new versus old histone deposition may actually prove important 

when the transcription machinery encounters potential blockade (Gregersen and Svejstrup 
2018) to assist dynamics associated with complex chromatin disruption and loss of 

parental histones. 
 

In conclusion, our study reveals that the histone variant H3.3 is recycled during the 
process of transcription by HIRA, which acts as a hub to coordinate new H3.3 deposition 

and old H3.3 re-deposition in collaboration with different partners. These findings highlight 
the importance of retaining old histones at transcriptionally active regions, a new histone 
homeostasis pathway to maintain chromatin integrity and pre-existing epigenetic 

information. 
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MATERIALS AND METHODS 

New and Old H3.3- and H3.1-SNAP labelling in vivo. We used cell lines stably 

expressing H3.3-SNAP-3xHA or H3.1-SNAP-3xHA in HeLa cells, previously used and 

characterized in our lab (Ray-Gallet et al. 2011). To track old histones, we followed the 

Pulse/Chase strategy. We incubated our cells in complete medium containing 2 μM of 

SNAP-Cell TMR-Star (New England Biolabs) during 20 min to label all pre-existing 

available SNAP-tag (Pulse). After rinsing twice with phosphate-buffered saline (PBS) 

we re-incubated the cells in complete medium for 30 min to allow excess SNAP-Cell 

TMR-Star to diffuse out. We next incubated the cells with complete medium during 0h 

(i.e Total H3.1- or H3.3-SNAP), 1h or 2h (Chase). To track new histones, we followed 

the Quench/Chase/Pulse strategy. We incubated cells in complete medium containing 

10 μM of SNAP-Cell Block (New England Biolabs) to block all available pre-existing 

SNAP-tag (Quench), followed by two PBS washes and 30 min of incubation in 

complete medium to allow the SNAP-Cell Block to diffuse out. We next incubated cells 

in complete medium for a 0h (i.e background levels), 1h or 2h period (Chase), then 

performed TMR-Star labelling (Pulse) as described above. If nascent DNA or RNA 

labelling was required, cells were incubated with 10 μM of EdU or EU respectively 

during the last 30 min of the experimental pipeline. At least three independent 

experiments were performed for each condition.  

Extraction and fixation followed by EdU or EU detection. We performed a pre- 

extraction by incubating cells at room temperature for 5 min in 0.5% Triton in CSK 

buffer (10 mM PIPES (pH 7), 100 mM NaCl, 300 mM sucrose, 3 mM MgCl2, protease 

inhibitors), then rinsed twice quickly with CSK, and finally rinsed with PBS. Cells were 

immediately fixed in 2% paraformaldehyde in PBS for 20 min. Where indicated, after 

fixation, we performed a Click reaction according to the manufacturer’s instructions to 

reveal the EdU or EU (Click-iT EdU Alexa Fluor 488 imaging kit; Click-iT RNA Alexa 

Fluor 488 imaging kit, both from Invitrogen) to label nascent DNA or RNA respectively.  

Transfections and drug treatment. HeLa cells were transfected using lipofectamine 

RNAiMAX (Invitrogen) and small interfering RNAs (siRNA) were purchased from 

Dharmacon. We used ON-TARGETplus J-013610-06 (HIRA); ON-TARGETplus J-

014195-05 (UBN1); ON-TARGETplus J-012454-09 (CABIN1); previously 

characterized siRNA (Groth et al. 2005; 2007) against ASF1a 

(GUGAAGAAUACGAUCAAGUUU) and ASF1b (CAACGAGUACCUC AACCCUUU). 

As siControl we used ON TARGETplus Non-targeting siRNA #1 (D-001810-01-05). 
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For HIRA-YFP expressing plasmids, HeLa cells were transfected using Lipofectamine 

2000 (Invitrogen). To arrest transcriptional activity, we used Flavopiridol hydrochloride 

hydrate (F3055) or Triptolide (T3652), both from Sigma-Aldrich, at 10uM concentration 

in complete medium. For long term treatment, to completely arrest transcription, cells 

were incubated with FLP during 3 hours prior to histone detection, and added in all 

steps to follow, for either old or new histone labelling pipeline.  

 

Antibodies. For immunofluorescence (IF), cells fixed on glass coversilps were blocked 

with 5% BSA in PBS-Tween 0.1% (PBST) for 45min at room temperature, and 

incubated with primary antibodies diluted in PBST-BSA for 45min. Primary antibodies 

were washed three times with PBST for 5min and cells were next incubated with 

secondary antibodies in PBST-BSA for 30min. Antibodies were washed three times in 

PBST as above, and cells were stained with DAPI.  Antibodies were used at the 

following dilutions: anti-HIRA mouse monoclonal (WC119, Active Motif) IF 1:200 and 

Western Blot (WB) 1:100 (Hall et al. 2001); anti-RNAPIIS2ph (#04-1571, Millipore) WB 

and IF 1:500, anti-RNAPIIS5ph (#04-1572, Merck) WB and IF 1:500, anti-RNAPIIS7ph 

(61087, Active Motif) IF 1:300; anti-CABIN1 rabbit polyclonal (ab3349, Abcam) WB 

1:1000; anti-UBN1 rabbit polyclonal (ab101282, Abcam) WB 1:1000; anti-HA epitope 

rat monoclonal (Roche) 1:1000; anti-ASF1a rabbit polyclonal (#2990, Cell Signaling) 

WB 1:1000; anti-ASF1b (Corpet et al. 2011) ; anti-DAXX rabbit monoclonal (D7810, 

Sigma) WB 1:4000; anti-p60 CAF-1 rabbit polyclonal WB 1:1000 (Green et al. 2010), 

anti-H3K36me3 (ab9050, Abcam) WB 1:1000; H4 mouse monoclonal (ab21830, 

Abcam) 1:1000. 

Epifluorescence microscopy and image analysis. For standard wide field epi- 

fluorescence imaging, coverslips were mounted in Vectashield medium. We used an 

AxioImager Zeiss Z1 microscope with a 63x or 100x objective.  

Signal intensity quantification: FIJI (ImageJ) software was used to treat 2D images 

taken with the 63x objective and to quantify fluorescence signal within the nuclei area. 

To avoid misestimating histone loss due to cell cycle-related dilution effects, we 

quantified the fluorescence signal intensity normalized to the area of the nucleus as a 

proxy for DNA content. This process is automated using two FIJI macros, one for the 

subtraction of the background and another one for fluorescence quantification within 

the nuclei (Torné et al. 2018). Following quantification of EdU signal (Figure 1a) we 

systematically detected two clear populations of cells allowing to discriminate EdU 

positive/negative cells respectively in and outside of S-phase. Quantification of YFP 
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following plasmid transfection for the rescue experiments (Figure 6), also allowed 

identification of a clear population of YFP positive cells, which were the only ones 

considering for TMR quantification. Quantification of the fluorescence intensity was 

performed in at least 100 nuclei per condition and in three independent experiments 

for all figures in the paper. 

Spatial relationship analysis: For this analysis, 3D images were taken with the 100x 

objective and were deconvolved using Metamorph software. The blue channel (DAPI) 

is used to segment and separate the different nuclei. The spatial interactions between 

segmented foci (typically in the green channel) and the more homogeneous signal of 

(usually in the red channel) are estimated using a newly designed spatial statistic 

function inspired by (Helmuth et al. 2010; Lagache et al. 2013) and assessing the 

relationship between a point process and the spatial distribution of pixel intensities. 

The underlying concept is to observe the variations in intensity at an increasing 

distance 𝑟 from foci. This function is normalized by the ratio between the local study 

volume and the nucleus total volume and is defined as: 

∀𝑟 ∈ ℝ%, 𝑆(𝑟) = 	 ,loc(0)

,tot×
3loc(4)
3tot

, 

Where 𝑟  is the study distance, 𝐼loc(𝑟)  and 𝐼tot  are respectively the local and total 

intensities, and 𝑉loc(𝑟) and 𝑉tot are respectively the local and total study volumes at a 

distance 𝑟, see Figure 2a) and 2b). At a high enough distance, the study volume is 

equal to the total nucleus volume, limiting edge effect. For 𝑟 = 0, only the intensity of 

pixels under the segmented foci are accounted for. 

Due to the volume normalization, a value 𝑆(𝑟) = 1  indicates a total absence of 

interactions at scale 𝑟 while values above show an increase in the intensity and values 

below 1 a depletion. In this study we are mostly interested in the trend of the function 

for small distances to see if the red signal is attracted or repulsed by the foci on the 

green channel. The function was first assessed on simulated data displaying perfect 

colocalization, spatial attraction and perfect anti-colocalization (see Figure 2c), and 

confidence intervals of departure from real independence between spots and 

intensities were defined by applying the function to positive and negative biological 

controls (Figure 2d), thus taking into account the potential biological confounding 

effects. The nucleoli were segmented and removed from the nuclei study volumes. 

The analysis is automated within a Fiji macro.  
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Expression plasmids. The plasmids encoding HIRA-YFP WT and amino acid 

mutants were previously described in Ray-Gallet et al., 2018.  

Cell extracts, immunoprecipitation and Western blotting. We prepared nuclear 

extract from HeLa cells as previously described (Martini et al. 1998), except that 300 

mM NaCl was used. We obtained chromatin fraction by addition of benzonase to the 

pellet collected after nuclear extract preparation, followed by sonication. 

Immunoprecipitations were carried out overnight at 4°C with the appropriate primary 

antibody in the presence of 150 mM NaCl and 0.2% IGEPAL (Nonidet-P40 substitute) 

followed by an incubation with Dynabeads protein G (Invitrogen). For Western blot 

analysis, extracts or immunoprecipitated proteins were run on NuPAGE bis-tris 4-12% 

gels in MES or MOPS buffer (Invitrogen) and transferred to nitrocellulose membrane 

(Protran). Primary antibodies were detected using horse-radish-peroxidase 

conjugated secondary antibodies (Jackson ImmunoResearch Laboratories, Rockland 

for Trueblot) or protein A. We used SuperSignal West Pico or Dura chemiluminescent 

detection kits (Thermo Fischer) and the chemiluminescent signal was acquired using 

the ChemiDoc system equipped with an XRS camera (BioRad). 
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FIGURE LEGENDS 
 
Figure 1. Loss of old H3.3 is dependent on transcriptional activity. Short term 
old H3.3 loss is dependent on transcriptional activity.  a) Top: Experimental set-

up to track total and old H3.1/H3.3-SNAP (TMR, red) following different chase times 

(0h to 48h). Bottom-left: representative wide field epifluorescence images of H3.1- and 

H3.3- SNAP (red), and DAPI (grey). Right: quantification of average TMR signal for 

H3.1- and H3.3-SNAP, together with its best exponential fit (blue), the exponential fit 

over 0 to 2h (red) and the expected exponential decay for cell cycle-dependent histone 

dilution (yellow). b) Top: Experimental set-up to track total and old H3.1/H3.3-SNAP 

(TMR, red) in the presence or absence of the transcription inhibitor Flavopiridol (FLP) 

for 3 hours prior to TMR pulse and during the chase time. EU labelling (green) marks 

nascent RNA and is used to confirm the absence of transcription in Flavopiridol-treated 

cells at every chase time point. Bottom-left: representative wide field epifluorescence 

images of control and FLP-treated H3.1- or H3.3-SNAP cells after 0h and 2h of TMR 

chase time. Bottom-right: quantification of average TMR signal for H3.3- (green) and 

H3.1-SNAP (purple) of untreated (full lines) or FLP-treated (dashed lines) cells, 

expressed as a percentage of the average value at chase time 0h. For all samples, 

n>200 nuclei per replicate were analysed. Numbers shown are the average and 

standard error for independent biological triplicates. Scale bars represent 10 μm.  

 

Figure 2. H3.3 is enriched and dynamically exchanged at transcriptionally active 
domains. a) Schematic description of our spatial relationship analysis method. Left: A 

primary signal (green) is segmented into discrete foci and the intensity of a secondary 

signal (red) is quantified within and at fixed increasing distances from these foci. Right: 

results are reported as the background-subtracted average cumulated signal at each 

distance from primary foci, normalized to total nuclear signal. Characteristic 

colocalisation, spatial attraction and anticolocalisation curves were obtained with 

simulated data (see Sup. Fig 2). b) Left: representative deconvolved epifluorescence 

images of cells stained for total H3.1- or H3.3-SNAP (TMR, red), RNAPIIS7ph (green) 

and DNA (DAPI, grey). Right: spatial relationship analysis showing an enrichment of 

H3.3 (green) and depletion of H3.1 (purple) at RNAPIIS7ph foci. c) Top: Experimental 

set-up to track new H3.3-SNAP histones synthesized following a BTP quench after 0h 

(Background) and 2h of chase time (New H3.3). Middle: representative deconvolved 

epifluorescence images of cells stained for RNAPIIS7ph (green) and new H3.3-SNAP 

(TMR, red) at 0h and 2h chase time. Bottom: spatial relationship analysis shows 

enrichment of new H3.3 relative to RNAPIIS7ph at 2h (dashed line) chase time 
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compared to 0h background control, indicating that new H3.3 is preferentially 

accumulated at these foci. d) as in c), except Old H3.3 was tracked at 0h (Total H3.3) 

and 2h (Old H3.3). Spatial relationship analysis shows depletion of old H3.3 relative to 

RNAPIIS7ph at 2h (dashed line) chase time compared to 0h total H3.3-SNAP control, 

indicating that old H3.3 is preferentially lost at these foci. All plots show average and 

standard error of n>40 cells. Scale bars represent 10 μm. 

 

Figure 3. HIRA is required for both deposition of new H3.3 and retention of old 
H3.3 at transcriptionally active domains. a) Top-right: Experimental strategy to track 

old histones in cells treated with control or HIRA-targeting siRNA 72h prior to SNAP-

tag labelling. Left: representative wide field epifluorescence images of cells stained for 

H3.1- or H3.3-SNAP following control (siControl) or HIRA-targeting (siHIRA) siRNA 

treatment, and after 0h and 2h of TMR chase time. Bottom-right: quantification of 

average nuclear TMR signal for H3.1 (purple) and H3.3 (green), in control (siControl, 

full lines) and HIRA knockdown (siHIRA, dashed lines) cells, expressed as a 

percentage of the average value at chase time 0h. The average percentage of loss at 

2h chase time is indicated for each sample, indicating that H3.3 is more rapidly lost 

upon HIRA knockdown, while H3.1 loss is alleviated in these conditions. For each 

sample, n>200 cells were analysed. Plots show the average and standard error of 

independent biological triplicates. b) Left: representative deconvolved epifluorescence 

images for cells stained for total H3.1- or H3.3-SNAP (TMR, red) or using a HIRA 

antibody (red), together with RNAPIIS7ph (green) and DNA (DAPI, white). Right: 

spatial relationship analysis plots showing enrichment of HIRA (orange) and H3.3 

(green) but not H3.1 (purple) at RNAPIIS7ph foci. c) Top: Experimental strategy to 

track new H3.3 upon HIRA knockdown. Middle: representative deconvolved 

epifluorescence images of cells stained for new H3.3 (TMR, red), RNAPIIS7ph (green) 

and DNA (DAPI, grey). Bottom: spatial relationship analysis showing preferential 

depletion of new H3.3 at RNAPIIS7ph foci in the absence of HIRA. d) As in c), except 

old H3.3 was tracked, showing that old H3.3 is also preferentially depleted at 

RNAPIIS7ph foci in the absence of HIRA. For spatial relationship analysis, numbers 

are averages from n>40 cells. Scale bars represent 10µm. 

 

Figure 4. Transcription is required to reveal the HIRA dependent H3.3 recycling. 
Top: experimental strategy to track old H3.3 during steady state transcription and in 

cells exposed to FLP until transcription was fully arrested (as in Figure 1b). Bottom-

left: representative images of total (0h) or old (2h) H3.3-SNAP (TMR, red), in control 

conditions or during FLP treatment and 72h following knockdown using Control or 
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HIRA-targeting siRNA. Bottom-right: quantification of TMR signal for control (full lines) 

and HIRA knockdown (dashed lines), untreated (green) and FLP-treated (blue) cells 

indicate that, in transcriptionally-arrested cells, absence of HIRA has no effect on old 

H3.3 dynamics. For all samples, n>200 cells. Plots show averages and errors from 

independent biological triplicates. Scale bars represent 10µm.  

 

Figure 5. Different partnerships for HIRA in new H3.3 deposition versus 
recycling. a) Top-right: experimental scheme to track new H3.3-SNAP in cells treated 

with siRNA for 72h. Left: representative wide field epifluorescence images of cells 

stained for new H3.3-SNAP after 0h (Background) or 2h of chase time (New H3.3) 

(TMR, red), and DNA (DAPI, grey), 72h after knockdown of HIRA, UBN1, CABIN1 or 

ASF1 isoforms a+b or using a control siRNA. Bottom-right: quantification of total 

nuclear TMR signal for each knockdown condition expressed as a percentage of H3.3 

gain in 2h relative to the control condition. The results indicate that new H3.3 deposition 

requires HIRA, UBN1 and ASF1 but not CABIN1. b) as in a), except old H3.3-SNAP 

was tracked after 0h (Total H3.3), 1h or 2h (Old H3.3) of chase time, indicating that old 

H3.3 recycling requires HIRA and ASF1 but not UBN1 or CABIN1. For all samples, 

n>200 cells were imaged per replicate. All plots show averages and standard errors 

for two (panel a) or three (panel b) biological replicates. 

 

Figure 6. The interaction domain between HIRA and ASF1 is required for old H3.3 
recycling. a) Scheme depicting mutated HIRA-YFP transgenic proteins used for 

rescue experiments. Functional domains required for UBN1 interaction (WD40), ASF1 

interaction (B-domain) and trimerization (C domain) are shown. Red indicates 

substituted amino acids. b) Top: Experimental strategy to rescue the effect of HIRA 

knockdown on new H3.3- deposition using HIRA-YFP transgenes. Bottom: 
Representative images for rescue experiment of impaired new H3.3 deposition with 

the different transgenic proteins. Cells were imaged for new H3.3-SNAP (TMR, red), 

as well as YFP (green), and DNA (DAPI, grey). YFP protein alone is undetectable in 

triton-extracted cells, but readily visible in all HIRA-YFP constructs. c) Quantification 

of total nuclear TMR signal from all conditions expressed as a percentage of new H3.3 

gain relative to the siControl sample, indicating that HIRA trimerization and its 

interaction with UBN1 are required for new H3.3 deposition while ASF1 interaction can 

be partially bypassed. d) as in b), except the effect on old H3.3-SNAP loss is 

visualized. e) Quantification of total nuclear TMR signal from all conditions expressed 

as a percentage of total H3.3 in siControl sample, indicating that HIRA interaction with 

ASF1 is essential to recycle old H3.3, while its trimerization or interaction with UBN1 
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are dispensable. f) Summary table for all new and old H3.3 recue experiments results. 

For all samples, n>200 cells were analysed. Plots show averages and standard errors 

for two (panel c) or three (panel e) biological replicates (* indicates p-value < 0.05 on 

a standard t-test).  Scale bars represent 10µm.  

 

Figure 7: The HIRA complex coordinates deposition of new H3.3 via UBN1 and 
recycling of old H3.3 via ASF1. a) Left: Scheme showing the steps for the preparation 

of nuclear and chromatin fractions from HeLa cells. Right: western blot analysis of 

whole chromatin fraction extracts and anti-H3K36me3 (K36) or control rabbit IgG (Ig) 

immunoprecipitates from nuclear fractions prepared from HeLa H3.3-SNAP-HA cells 

untreated or treated with control or UBN1-targeting siRNA. Input corresponds to 6% of 

nuclear extract (18 µg) used for each immunoprecipitation. b) Proposed model: A HIRA 

trimer serves as a platform to coordinate deposition of new and recycling of old H3.3. 

New deposition relies on HIRA in partnership with UBN1. ASF1 interacting with HIRA 

hands new H3.3 to UBN1 (represented here as a dimer, as proposed in Ricketts et al., 

2019 (Ricketts et al. 2019); note however that this stoichiometry was not addressed in 

our study). However HIRA-ASF1 interaction can be bypassed and new H3.3 directly 

transferred from ASF1 to UBN1 (dashed arrow). In contrast, old H3.3 recycling relies 

on HIRA independently of UBN1. In this case the interaction of HIRA with ASF1 is 

absolutely necessary for old H3.3 recycling. For simplicity, the subunit CABIN1 is not 

represented. 

 
Supplementary Figure 1. Transcription inhibited by Triptolide also prevents H3.3 
loss. a) Top: Experimental set-up to track total or old H3.1/H3.3 using SNAP-tag 

labelling. A pulse using the fluorophore TMR (red) labels SNAP-tagged H3.3 or H3.1, 

cells are triton-extracted and fixed at different chase times to reveal total (0h) or old 

(1h, 2h) chromatin-bound histones. EdU labelling (green) marks nascent DNA allowing 

identification of cells in or outside S-phase, while DNA is stained with DAPI (grey). 

Bottom-left: representative wide field epifluorescence images of H3.1- or H3.3-SNAP 

after 0h, 1h and 2h of chase time. Bottom-right: quantification of average nuclear TMR 

signal for H3.1 (purple) and H3.3 (green), expressed as a percentage of the average 

value at chase time 0h. The average percentage of loss at 2h chase time is indicated 

for each sample. Cells were grouped as EdU positive (EdU+: cells in S-phase, full 

lines) or EdU negative (EdU-: cells outside of S-phase, dashed lines). b)  Top: 

Experimental set-up to track total and old H3.1/H3.3-SNAP (TMR, red) in the presence 

or absence of the transcription inhibitor Triptolide (TRP), performed in parallel to 

Flavopiridol treatment in Figure 1b. EU labelling (green) marks nascent RNA and is 
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used to confirm the absence of transcription in Triptolide-treated cells. Bottom-left: 

representative wide field epifluorescence images of control and TRP-treated H3.3- or 

H3.1-SNAP cells after 0h and 2h of TMR chase time. Bottom-right: quantification of 

average TMR signal for H3.3- (green) and H3.1-SNAP (purple) of untreated (full lines) 

or TRP-treated (dashed lines) cells, as a percentage of the average value at time 0h 

for each condition. For all samples, n>200 nuclei. Plots show average and standard 

error for three biological replicates. Control data is the same as in Figure 1b. Scale 

bars represent 10 μm.  

 

Supplementary Figure 2. Image analysis methodology for spatial relationship. a) 
Scheme showing the area considered for cumulative secondary signal quantification 

inside and around primary signal foci. b) Scheme showing how secondary signal is 

assigned to a single primary signal spot. c) Simulated data images and corresponding 

analysis plot, for cases of perfect colocalization, spatial attraction and perfect 

anticolocalisation cases. d) Left top: representative deconvolved epifluorescence 

images of cells stained for RNAPIIS2ph (red) and RNAPIIS5ph (green) as positive 

biological control for colocalization. Left bottom: representative deconvolved 

epifluorescence images of cells stained for RNAPIIS2ph (green) and H3K27me3 (red) 

as negative biological control for colocalization. DNA is stained with DAPI (grey). Right: 

spatial relationship analysis showing colocalization of RNAPIIS2ph and RNAPIIS5ph 

and anticolocalisation for RNAPIIS2ph and H3K27me3. For spatial relationship 

analysis, numbers are averages from n>40 cells. Scale bar represents 10µm. 

 
Supplementary Figure 3. H3.3 is dynamically exchanged at nuclear domains 
marked by RNAPIIS2ph and RNAPIIS5ph. a) Left: representative deconvolved 

epifluorescence images of cells stained for global H3.1- or H3.3-SNAP (TMR, red), 

RNAPIIS2ph or RNAPIIS5ph (green) and DNA (DAPI, grey). Right: spatial relationship 

analysis showing an enrichment of H3.3 (green) and depletion of H3.1 (purple) at 

RNAPIIS2ph and RNAPIIS5ph foci. b) Top right: Experimental set-up to track new 

H3.3-SNAP histones synthesized after 0h and 2h of chase time. Left: representative 

deconvolved epiflorescence images of cells stained for new H3.1- or H3.3-SNAP 

(TMR, red), RNAPIIS2ph or RNAPIIS5ph (green) and DNA (DAPI, white). Bottom right: 

spatial relationship analysis of new H3.3 distribution relative to RNAPIIS2ph and 

RNAPIIS5ph at 0h (full line) and 2h (dashed line) chase time showing accumulation of 

new histone preferentially at these foci. c) as in b), except old H3.3-SNAP was tracked, 

showing loss of old histone preferentially at these foci. All plots show average and 
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standard error of n>40 cells from one representative biological replicate. Scale bars 

represent 10 μm. 

 
Supplementary Figure 4. HIRA controls both deposition of new H3.3 and 
recycling of old H3.3 at RNAPIIS2ph and RNAPIIS5ph foci. a) Left: representative 

deconvolved epifluorescence images for cells stained for total HIRA (TMR, red) 

together with RNAPIIS2ph (green, top) or RNAPIIS5ph (green, bottom) and DNA 

(DAPI, grey). Right: Spatial relationship analysis showing enrichment of total H3.3 

(green) and HIRA (orange), and depletion of total H3.1 (purple), at RNAPIIS2ph or 

RNAPIIS5ph foci. b) Left: representative deconvolved epifluorescence images for cells 

stained for new H3.3-SNAP (TMR, red) after 72h siControl or siHIRA together with 

RNAPIIS2ph (green, top) or RNAPIIS5ph (green, bottom) and DNA (DAPI, grey). 

Right: spatial relationship analysis showing depletion of new H3.3 at RNAPIIS2ph or 

RNAPIIS5 foci upon HIRA knockdown (purple lines) compared to control (blue lines). 
c) as in b), except old H3.3-SNAP was tracked, showing depletion of old H3.3 at 

RNAPIIS2ph and RNAPIIS5ph foci in HIRA knockdown cells. All plots show average 

and standard error of n>40 cells from one representative biological replicate. Scale 

bars represent 10 μm. 

 
 
Supplementary Figure 5. Effects of HIRA Knockdown on transcription efficiency. 
a) Western blot of total protein extracts showing efficient 72h siRNA knockdown 

treatment targeting different chaperones Note that, as previously described, HIRA 

knockdown entails depletion of HIRA, UBN1 and CABIN1. b) HIRA, UBN1 and ASF1 

knockdown leads to decrease in nascent transcription. Left: representative 

epifluorescence images of cells stained for EU (nascent RNA, green) and DAPI (grey) 

following 72h knockdown using siRNA targeting HIRA, UBN1, CABIN1 or ASF1ab or 

a control. Right: quantification of average EU signal (green), normalized to average 

signal in siControl, showing decreased nascent transcription upon HIRA, UBN1 or 

ASF1 knockdown. c) Global increase in RNAPIIS2ph and RNAPIIS7ph, but not 

RNAPIIS5ph upon HIRA knockdown. Left: representative epifluorescence images of 

cells stained for RNAPIIS2ph, RNAPIIS5ph and RNAPIIS7ph (cyan) and DAPI (grey) 

after siControl or siHIRA treatment. Left: quantification of average RNAPII signal, 

normalized to average signal in siControl, revealing an increase in S2ph and S7ph 

RNAPII forms upon HIRA knockdown. d) Flavopiridol and Triptolide are even more 

efficient upon HIRA knockdown. Left: representative epifluorescence images of cells 

stained for EU (green) and DAPI (grey) following 3h or Flavopiridol (FLP) or Triptolide 
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(TRP) treatment and after 72h siControl or siHIRA knockdown treatment. Right: 

quantification of average EU signal (green), normalized to siControl, showing 

decreased signal upon HIRA knockdown. All plots show average and standard error 

for n>200 cells from two biological replicates. Standard t-test showed statistical 

significance (*p < 0.05). 
 
Supplementary Figure 6. Effects of RNAPII-inhibiting drugs on H3.3. a) 
Representative images of cells treated with Flavopiridol (FLP) or Triptolide (TRP) for 

the indicated times and labelled with EU (green) to measure nascent transcript levels 

and DAPI (DNA, grey). b) Corresponding quantifications of total nuclear EU signal 

normalized to untreated cells (0h) allowed to distinguish between full signal in steady 

state transcription, to no signal after complete transcription shutdown (3h-5h).  b) Left: 

representative epifluorescence images of cells stained for total H3.3-SNAP (TMR, red) 

EU (nascent RNA, green) and DAPI (grey) after 0h or 2h of FLP treatment. Right: 

quantification of average TMR signal (red), as a percentage of average values at 0h, 

showing an increase in total H3.3 upon transcriptional arrest. b) Same as in Figure 4, 

excerpt Triptolide (TRP) was used to inhibit transcriptiopn. Left: representative images 

of total (0h) or old (2h) H3.3-SNAP (TMR, red), in control conditions or during TRP 

treatment and 72h following knockdown using Control or HIRA-targeting siRNA. Right: 

quantification of TMR signal for control (full lines) and HIRA knockdown (dashed lines), 

untreated (green) and TRP-treated (purple) cells. As for FLP treatment, the results 

indicate that transcriptional activity is necessary to reveal the effect of HIRA 

knockdown on H3.3 recycling. Control data is the same as in Figure 4. All plots show 

average and standard error for n>200 cells from two biological replicates. Standard t-

test indicated statistical significance (* : p < 0.05). Scale bars represent 10 μm.  
 
Supplementary Figure 7. Expression of HIRA-YFP mutant transgenic constructs 
a) Top: Experimental set-up to track new H3.3-SNAP (TMR, red) under siControl or 

SiHIRA. Bottom-left: representative wide field epifluorescence images of new H3.3-

SNAP (red) and DAPI (grey) following 72h siRNA Control or HIRA. Bottom-right: 

quantification of average TMR signal for H3.3-SNAP (red) normalized to siControl. As 

expected, a YFP transgenic protein is not detected in the nucleus after 

permeabilization: this is used as a negative control for HIRA-YFP rescue experiments 

in Figure 6. For all samples, n>200 nuclei. b) as in a) but for old H3.3-SNAP. Plot 

shows 2h old H3.3-SNAP quantification under siControl or siHIRA normalized to 0h. 
Plots show average and standard error for two biological replicates. Scale bars 

represent 10 μm. c) HIRA-YFP wild type (WT) and mutants are present at comparable 
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levels in the nucleus following transfection. Fluorescence quantification of YFP in HIRA 

knockdown cells expressing HIRA-YFP WT and HIRA-YFP mutants following 48h of 

siHIRA treatment in rescue experiments for new H3.3 deposition (left) and the old H3.3 

loss (right). Plots show average and standard error for n>200 cells from a single 

experiment. 
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