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Abstract

Gall-inducing insects and nematodes engage in sophisticated interactions with their host plants.
These parasites can induce major morphological and physiological changes in host roots, leaves,
and other tissues. Sedentary endoparasitic nematodes, root-knot and cyst nematodes in particular,
as well as gall-inducing and leaf-mining insects manipulate plant development to form unique
organs that provide them with food from feeding cells. Sometimes, infected tissues may undergo
a developmental switch resulting in the formation of aberrant and spectacular structures (clubs or
galls). We describe here the complex interactions between these plant-reprogramming sedentary
endoparasites and their infected hosts, focusing on similarities between strategies of plant
manipulation. We highlight progress in our understanding of the host plant response to infection
and focus on the nematode and insect molecules secreted in planta. We suggest that looking at
similarities may identify convergent and conserved strategies and shed light on the promise they


mailto:pierre.abad@inra.fr
mailto:david.giron@univ-tours.fr

hold for the development of new management strategies in agriculture and forestry.

INTRODUCTION

Parasites account for a large proportion of living species. They benefit from nutritional resources
at the expense of the host organism, with detrimental effects on host survival, growth, and
reproduction. Parasitism has evolved independently on multiple occasions in many different
taxonomic groups. In insects, several hundred independent transitions to parasitism have
occurred during the course of evolution (139). The same is true for nematodes, the parasitic
species of which are derived from several independent transitions to parasitism (135). Despite
their diverse origins, all these different lineages have been confronted with similar issues
concerning host-to-host transmission, host invasion, survival within the host, and the sustainable
exploitation of host resources, and this has led to the development of similar weapons and
strategies in different species (58). Selection has forced different lineages to converge toward the
few host—parasite combinations that are actually viable and has optimized their fitness (104).
Plant parasites include microorganisms (bacteria, fungi, oomycetes, protozoa, phytoplasmas,
viruses, and nematodes), other plants, and some herbivores (arthropods). Many plant-parasitic
nematodes and insects are ectoparasites, but some live within plant tissues (or protected between
the leaf sheaths) and feed internally. These ‘endoparasites’ include a number of sedentary insect
and nematode species with intricate interactions that involve hijacking of plant cellular
machinery and development, benefiting the parasites at the expense of the plant’s growth and
reproduction. The confined plant environment provides these sedentary plant-reprogramming
insects and nematodes with a similar ecological setting and facilitate intimate and close
interactions between independent genomes. This leads to molecular cross-talk between parasites
and plants resulting in their ability to manipulate host plant development, causing complex tissue
reorganization for their own benefit, which sometimes results in the formation of new plant
organs within which they feed and grow (1, 74, 117, 121). These induced spectacular
morphological and physiological alterations to host-plant tissues have become emblematic
examples of plant manipulation (47, 54). Specialist feeding behaviors provides the sedentary
endoparasites with an adaptive advantage over external modes of feeding by providing the
parasites with access to the most nutritional tissues while allowing them to evade the principal

defensive compounds produced by the plant (119).



The diversity of plant responses and putative mechanisms involved suggests that these
interactions probably involve more than just one or a few processes. Nevertheless, the available
genomic resources, high-performance analytical chemistry tools, and comparisons between
systems have suggested that some aspects of host plant manipulation are common to plant-
reprogramming insects and nematodes. These similarities between insects and nematodes that
share a common endophytic and sedentary lifestyle may highlight a convergence of evolutionary
strategies and may identify key molecular mechanisms that are involved during plant
manipulation.

In this review, we discuss what is currently known about the convergent and conserved
strategies of these sedentary and endoparasitic plant-reprogrammers focusing on insects and
nematodes species for which significant datasets are currently available. Sedentary endoparasitic
cyst nematodes (CNs; Globodera and Heterodera spp.) and root-knot nematodes (RKNSs;
Meloidogyne spp.) are the most widely studied plant-parasitic nematodes because of their
economic importance (73) and the complexity of the nematode-induced transformation of root
cells into nematode feeding cells (Figure 1) (1, 11, 117). Gall-inducing insects also remodel the
content of cells and the structure of plant tissues at their feeding sites, and many induce the
development of nutritive tissues (63) (Figure 2). Leaf-mining insects also reprogram the
development of their host plants, albeit on a smaller scale, by manipulating plant tissues to delay
senescence and improve their nutritional quality (75). While molecular data are scarce compared
to RKNs and CNs, few insect species start to emerge as model systems for plant manipulation
such as the Hessian Fly (cecidomyiid), oak gall wasps (cynipids) and microlepidoptera
(gracillarids).

We first review and compare the functional mechanisms underlying the formation of feeding
structures induced by gall-inducing/leaf-mining insects and root-knot/cyst nematodes. We then
compare effectors for plant manipulation in insects and nematodes. Finally, as some
reprogramming species are also important pests, we explore the potential benefits of this

knowledge for agriculture and forestry.

ALTERATION OF PLANT MORPHOLOGY AND PHYSIOLOGY

During their long and intimate association with their hosts, plant-reprogramming insects and

nematodes redirect normal plant metabolism and physiology toward the production of specialist



feeding structures, e.g., nutritive cells or feeding cells, thereby robbing the plant of much-needed
resources (47, 54, 119). These alterations increase the nutritional value of the plant tissues

consumed and improve the invaders’ access to nutrients.

Common Features of Feeding and Nutritive Cells

The feeding systems induced have a number of structural and functional features in common, but
their ontogeny differs considerably. The degree of nutritive tissue differentiation also differs
between plant-reprogramming parasites, with greater differentiation observed for parasites that
actively consume the tissues (e.g., chewing cynipid wasps and Gracillaridae moths). Nutritive
tissues may therefore be highly localized or more extensive. The development of additional
tissues that surround the feeding cells completely or partially and protect the inducer from abiotic
stresses and/or natural enemies also varies among species. Some parasites induce structures with
nutritive inner tissues and complex protective outer tissues, whereas others form less
sophisticated structures consisting entirely of nutritive tissues, as observed for grass gall midges
such as the Hessian fly Mayetiola destructor (63). The manipulation of the plant by plant-
reprogramming parasites often results in a combination of cell division (hyperplasia) and growth
(hypertrophy) (47, 54). Plant tissue differentiation may also involve changes in cell
ultrastructure. Large amounts of data obtained by light, scanning, and transmission-electron
microscopy have been reported (15, 63). The nutritive cells induced by galling insects and the
feeding cells induced by nematodes (RKNs and CNs) have a dense cytoplasm, with large
numbers of cellular organelles, including numerous mitochondria, plastids, ribosomes, a well-
developed Golgi apparatus, and smooth endoplasmic reticulum, generally organized into swirls.
Changes in the volume and shape of the nucleus have also been reported, together with cell wall
modifications, in all nutritive tissues (15, 63, 74). These changes reflect an increase in the
metabolism of these cells, which constitute a metabolic sink within the plant, providing the

parasites with food throughout their life cycle.

Ontogeny of Nematode Feeding Cells and Nutritive Cells of Galling and Leaf-Mining
Insects

RKN and CN are obligate parasites. After hatching from their eggs in the soil, they seek out the
root systems of host plants (22) and penetrate roots usually as microscopic vermiform second-

stage juveniles (J2s).0Once within the roots, the mobile J2s migrate between (RKNSs) or within



(CNs) cells to reach the vascular cylinder of the plant. Having reached the stele, the J2s select
one (CNs) or several (RKNSs) root vascular cells and induce their transformation into specialized
nematode feeding cells, known as syncytia (for CNs) and giant cells (for RKNs) (Figure 1).
These large, multinucleate, metabolically active cells serve as the permanent and only source of
nutrients for the developing nematode, which becomes sedentary (57). Each RKN J2 triggers the
development of five to seven giant cells, each containing as many as 100 enlarged, highly lobed
nuclei resulting from several rounds of nuclear division without cytokinesis (1). The concomitant
swelling and division of cortical cells around the nematode give rise to the knot-like root shape
characteristic of Meloidogyne spp. infection (Figure 1). Cyst nematodes induce changes in the
plant different from those caused by RKNs and galling insects. They induce the formation of a
syncytium from an initial feeding cell that fuses with hundreds of neighboring cells, thereby
causing root distension (15). Within this metabolically active feeding site, the walls between the
neighboring cells partially dissolve, leading to protoplast fusion and progressive increases in
syncytium size, such that the final structure may incorporate more than 200 cells. Ultimately,
both syncytia and giant cells have enlarged endoreduplicated nuclei with large nucleoli (32).
The characteristics and ontogeny of nutritive tissues differ between families and species of
gall-inducing insects, but the nutritive cells have features similar to those of RKN and CN
feeding cells (Figure 1). They have endoreduplicated and hypertrophied nuclei and nucleoli, a
dense cytoplasm, thin walls, and a well-developed vascular system involving numerous enlarged
plasmodesmata (47, 119). Hessian fly larvae attack wheat seedlings at the base of the inner
sheath, using their mandibles to puncture an epidermal cell. Two days later, the first
ultrastructural changes are observed, with evidence of nuclear breakdown, cytoplasmic organelle
destruction, and an increase in the number and size of vacuoles (63). The following day, the
epidermal cells become the first nutritive cells (increase in the numbers of cellular organelles,
numerous small vacuoles, and an irregularly shaped nucleus), followed by mesophyll cells.
Changes in the shape and density of the cell nucleus and in the cell wall are observed shortly
before the nutritive cells rupture and release their contents. The contents of the nutritive cells
then pass into adjacent cells through compromised cell walls and plasmodesmata in a process
resembling the feeding strategy of CNs. Food components from the ruptured plant cells are
mixed with larval secretions before ingestion, and the larva consumes soluble proteins and sugars

in a liquid form. In other galling-insect species, such as cynipid wasps, the ontogeny of nutritive



cells more closely resembles that of RKNs, with the production of enlarged metabolically active
nutritive cells. Oviposition on the meristematic tissue by the female triggers the gall initiation
phase. The gall chamber is formed by cell differentiation, and a growth phase then occurs, in
which cell elongation leads to gall expansion. The parenchyma cells are converted into nutritive
cells as the larvae feed, and the number of layers of cells in the inner-gall tissue decreases during
development because the larvae feed on them. During maturation, cell division stops, the galls
lignify, and the larvae mature and pupate. In some leaf-mining insects, cell division at the edges
of the mine causes the mine to swell because of the larvae triggering leaf cell hypertrophy and
proliferation (hyperplasia) (59). In some situations, the mixture of a physical process (e.g., leaf
tissue folding mediated by silk production by the insect) and this uncharacterized chemical
process can lead to the formation of fully closed galls (59, 60) (Figure 2). Insect species capable
of switching from a non-manipulating leaf-mining lifestyle to gall-inducing larval development
provide exciting new opportunities to decipher the molecular mechanisms underlying plant

manipulation and explore the evolutionary origins of these plant manipulators.

Vascularization and Nutrient Delivery at Feeding Sites

The induction of feeding/nutritive cells by parasites in the vascular parenchyma seems to have
several benefits. The position of the initial feeding cell(s) close to the xylem and phloem ensures
the close contact between the feeding site and the plant vascular system required for the
provision of nutrients to the developing syncytium, giant cells, or nutritive cells (8). In
nematodes, the cells targeted in the vascular tissue may also be more responsive to the parasite-
induced changes, as they are not entirely differentiated and may therefore be able to convert into
other cell types more easily. Rearrangements of the host vascular system result in the giant cells
being surrounded by a network of newly formed xylem and phloem cells (8). This network
appears to be essential for nutrient delivery to these parasite-induced sinks. However, the roles of
cortical or endodermal cells outside the vascular cylinder tissue have yet to be determined for the
syncytia induced by CNs and the giant cells induced by RKNs. In insect-induced galls, the
nutritive tissues are typically supplied by vascular tissues connected to the vascular system of the
host plant (120). New sieve tubes (phloem elements) are usually formed below the inner surface
of the gall, supplying and enveloping the nutritive tissue (111, 141). The intense vascularization
of the surrounding tissues undoubtedly increases the access to nutrients of the feeding
nematode/insect. Feeding sites also affect overall plant growth by disturbing the transport of
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water and nutrients to and from plant tissues. The plant vascular system may also be involved in
managing waste products from endophytic parasites; for example, the hydrophilic inner surface
of the galls formed by gall-forming aphids is composed of a reticular spongy layer of cells
derived from the plant that absorbs and removes liquid waste (80).

The modified structures at feeding sites act as strong metabolic sinks and have intense
metabolic activity, resulting in the upregulation of protein and/or sugar synthesis at the parasite
feeding site. They improve parasite access to nutrients or the nutritional value of the plant tissues
consumed (8, 14, 57, 72, 119, 150). The modulation of the nutritional content of feeding cells has
been interpreted as an adaptation to circumvent the mismatch between the nutrient status of
unmodified host-plant tissues and the requirements of the parasite. Changes in cell wall
morphology and composition may help parasites to feed because the contents of the plant cell are
broken down and move from cell to cell through the compromised cell walls (54). Parasites
probably harvest the cell contents in the nutritive tissue through a combination of an increase in
the permeability of plant cell walls, an enlargement of the plasmodesmata, the mechanical action
of mouthparts, the high turgor pressure in the nutritive cells, and, possibly, the secretion and

injection of proteases into cells (63).

PLANT MANIPULATION: DEFENSE, HORMONES, AND CELL WALL

The dramatic modifications of host cells induced by plant-manipulating insects and nematodes
require an extensive reprogramming of plant gene expression. The formation of these unusual
feeding structures has been explored at the transcriptomic level in various plant-nematode and
plant manipulating—insect interactions (20, 21, 47, 88, 111, 121, 122). Thousands of
differentially expressed plant genes have been shown to be associated with colonization by
galling insects and nematodes. Although it is difficult to make direct comparisons between
differentially expressed genes in these interactions due to the absence of common hosts, the
assignment of these genes to functional categories has highlighted the importance of
modifications to plant defense responses (55, 105), hormone pathways (50), the cell cycle (32),
the cell wall and cytoskeleton organization (15, 47, 78), developmental processes (122), and
metabolic reprogramming (111, 121). The regulation of host gene expression by transcription
factors, small noncoding RNAs and epigenetics remains poorly documented despite its

importance (70). Here, we highlight the similarities between these plant reprogrammers in terms



of the suppression of plant defenses, the manipulation of hormone balance, and changes to cell

wall architecture at feeding sites.

Recognition of Plant-Reprogramming Parasites and Defense Suppression

In plants, immune responses to infection are triggered by the recognition of invasion by
complementary systems. These systems first perceive pathogen-associated molecular patterns
(PAMPs; e.g., fungal chitin or bacterial flagellin) and damage-associated molecular patterns
(DAMPs) released by the disrupted plant tissues via molecular pattern recognition receptors
(PRRs) (110). In cases of damage due to herbivores, the recognition process involves HAMPs
(herbivory-associated molecular patterns) for insects and NAMPs (hematode-associated
molecular pattern) for nematodes (41, 68). Approximately 20 HAMPs and/or elicitors have been
identified, but no molecule has yet been identified in galling or leaf-mining insects, and only one
such NAMP has been identified in nematodes (41, 110, 118). This first NAMP to be identified is
an evolutionarily conserved nematode pheromone, a glycolipid called ascaroside (ascr#18) (91).
The binding of HAMPs/DAMPSs to PRRs triggers a set of broad-spectrum downstream defense
responses known as pattern-triggered immunity (PTI). Early events in PTI signaling include the
activation of mitogen-activated protein (MAP) kinases and reactive oxygen species (ROS) and
phytohormone production, resulting in rapid changes in gene expression (58, 110). PTI-deficient
Arabidopsis mutants have revealed the importance of PTI in immunity to RKNs and CNs. The
Arabidopsis BAK1 receptor kinase, which is required for the function of most PRRs, and the
leucine-rich repeat receptor-like kinase NILR1 were recently shown to be essential for PTI
responses initiated by nematodes (95, 125). The perception of cell wall fragments
(oligogalacturonides) by polygalacturonase-inhibiting proteins (PGIPs) acting as receptors has
also been shown to be involved in triggering damage-associated responses to CNs (112).

Not only have plant-parasitic nematodes and insects developed strategies for extracting
nutrients from their host plants, they also suppress the constitutive and induced defenses of their
hosts. Transcriptomic analyses of plant-nematode and plant—insect interactions have highlighted
changes in gene expression correlated with wound or defense responses (42, 88, 111, 113, 122).
For example, various class 111 peroxidase (PRX) genes are induced by gall midge and nematode
infections in both susceptible and resistant wheat genotypes but to different extents and at
different times (78, 115). Class Il PRXs are involved in inducible defense mechanisms against
gall-causing organisms. They probably act by regulating extracellular hydrogen peroxide levels

8



and producing ROS (89). Interestingly, most defense-associated genes are repressed in galls and
syncytia during infection. The WRKY family transcription factors, which are known to act
downstream from several plant hormones in the activation of plant defenses, are generally
repressed (5, 42). Repression of genes encoding pathogenesis-related (PR) proteins has also been
reported(42).

Manipulation of Hormone Balance

Phytohormones, such as salicylic acid (SA), ethylene (ET), and jasmonic acid (JA), control
various aspects of plant defense responses to plant-reprogramming insects and nematodes,
whereas auxins and cytokinins (CKs) have been implicated in the ability of these parasites to
control plant growth and development (9, 41, 50, 53, 128, 145). By controlling the
phytohormonal balance, plant-reprogramming insects and nematodes successfully exploit the
plant by suppressing its defenses while promoting the development of specialist feeding
structures (41). Recent reviews have described the complexity of JA- and SA-dependent pathway
regulation during galling caused by insects and nematodes, and the role of other phytohormones,
such as gibberellin and abscisic acid (ABA), in regulating JA- or SA-dependent signaling (47,
50, 54, 82, 99). It may be pointed out that studies are sometimes contradictory between RKN and
CN infections, and between nematode and galling insects.

Many studies have focused on the effects of gall formation on the phytohormones auxin
[mostly indole-3-acetic acid (IAA)] and CKs, and how plant-reprogramming insects and
nematodes use phytohormone-mediated mechanisms to control their host plants (50, 54). Auxin
accumulates in the galls induced by RKNSs, suggesting a potentially crucial role for this hormone
in the formation of feeding sites. Interestingly, auxin and related compounds have been detected
in RKN secretions (34). Auxin transport is manipulated to favor nematode feeding-site formation
(50, 82) through the differential expression of genes encoding proteins involved in auxin
signaling following nematode infection (81). Gall-inducing insects can biosynthesize IAA from
tryptophan at the initiation site, as demonstrated in Gnorimoschema gallaesolidaginis
(Lepidoptera), the pteromalid wasp Trichilogaster acaciaelongifoliae, and the larvae of Eurosta
solidaginis (Diptera) and the sawfly (Pontania spp.) (54). These studies suggested that gall-
inducing organisms provide additional 1AA, helping the parasite to induce the formation of its
feeding site. Transcriptomic analyses have shown that the expression of plant genes involved in

auxin biosynthesis and transport and in auxin responses is modulated by insect galling (64, 111,
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113, 142).

CKs also play an important role in plant development by promoting cell division and
regulating cell differentiation. RKNs appear to secrete forms of CKs active in plants. The high
levels of CKs found in giant cells suggest a crucial function for these hormones in their
formation (96). The CN Heterodera schachtii also secretes CKs to promote syncytium formation
(114). A fine-tuning of CK homeostasis is required for the formation of CN feeding sites, as CKs
are required for syncytium development but are also involved in the induction of host defenses.
CKs also play a key role in the cell cycle activation required for RKN gall formation (37). There
is also increasing evidence to suggest that CKs may be involved in the strategy used by gall
inducers and leaf miners to colonize and manipulate their host plants (54, 128). The larvae of E.
solidaginis and T. acaciaelongifoliae contain much higher levels of CKs than the surrounding
gall tissues, suggesting that the insect may be the source of the CKs (54). Gall tissues induced by
the aphid Tetraneura nigriabdominalis contain high levels of CKs and auxin, which are thought
to be produced by the aphid itself (123). The expression of wild grape genes involved in CK
signaling is extensively modulated in the formation of galls induced by Phylloxera (111). Such
CK-related genes are also differentially expressed in oak infected with the gall wasp Biorhiza
pallida (64). Thus, genes involved in CK synthesis/degradation are repressed in galls, whereas
genes involved in CK signaling are upregulated in the cup-shaped galls induced by members of
the Cecidomyiidae in Litsea acuminata leaves (113). CKs also accumulate to high levels in
mined tissues, despite low levels of plant CK-related gene expression. Very large amounts of
CKs have also been found in many leaf-mining insects, including the leaf-mining moths
Phyllonorycter mespilella and Phyllonorycter blancardella (Lepidoptera), and the production of
these hormones by the insect may be linked to the presence of bacterial endosymbionts (75, 144,
146).

The cross talk between the IAA/CK and JA pathways is generally negative, with high levels
of IAA and CKs generally decreasing JA signaling and, thus, compromising the defense
responses of plants to galling insects, nematodes, and leaf miners. A transcriptomic analysis of
the giant cells induced by Meloidogyne graminicola in rice revealed a downregulation of JA
biosynthesis pathways (71), and feeding by leaf-miner fly larvae activates SA-inducible genes,
thereby probably also suppressing JA-mediated plant defenses (77). The suppression of JA-

mediated defenses is a strategy common to galling/leaf-mining insects and nematodes and allows
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the early stages of feeding-site formation to occur. In P. blancardella, leaf mining is also
associated with the enhanced biosynthesis of JA precursors, minor alterations to the SA pathway,
and clear inhibition of the ABA pathway (145). ABA plays a key role in senescence and in
promoting abscission as a means of plant defense against sessile insects (86). It has been
suggested that ABA concentrations influence gall formation processes (128). High
concentrations of ABA have been detected in gall tissues during the feeding of Dryocosmus
kuriphilus and Lipara lucens larvae. Following attacks by the gall-inducing leafhopper
Cicadulina bipunctata, ABA levels are 10-30 times higher in susceptible maize plants than in
control plants (126). Intriguingly, ABA levels are low in the galls induced by G.
gallaesolidaginis on Solidago altissima stems (127). Similarly, attacks by larvae of the Hessian
fly M. destructor lead to a decrease in ABA levels relative to unattacked controls in both wheat
and rice (149). ABA can trigger plant defense responses, even acting independently of JA in
some circumstances. Gall inducers may, therefore, actively manipulate ABA levels to prevent
the induction of plant defense responses (127, 128, 149).

Finally, other phytohormones may also trigger feeding-cell differentiation. A functional
analysis of phytosulfokines (PSKSs) in Arabidopsis, together with their receptor PSKR1, showed
that the expression of the genes encoding these small signaling peptides was restricted to the
cells surrounding the giant cells and that pskrl mutants displayed defects of giant cell expansion
preventing RKN development (107). Furthermore, strigolactones, hormones known to play an
important role in plant development, have also been implicated in the formation of giant cells
and syncytia (43, 83).

Changes in Cell Wall Architecture in Feeding Sites

In the feeding tissues induced by plant-manipulating insects, cell wall fortification is inhibited
and cell expansion is promoted, resulting in an accumulation of cells with thin walls, in
susceptible hosts. The giant cells formed following nematode attack display an unusually high
degree of isotropic growth. Individual giant cells can reach sizes 400 times greater than that of
vascular parenchyma cells. This cell expansion requires a spatially and temporally synchronized
process of plant cell wall extension, synthesis, and degradation. The CN syncytium is formed by
partial dissolution of the cell walls of neighboring cells (15). Such modifications have been
explored at the transcriptomic level in different interactions. The expression of a large number of

wheat genes involved in cell wall metabolism is altered following M. destructor attacks. Genes
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encoding enzymes involved in cell wall loosening and degradation (including B-expansin,
pectinesterase, polygalacturonase, and endo-1,4-f glucanases) are generally upregulated in
susceptible hosts, whereas genes encoding proteins involved in cell wall strengthening, such as
enzymes involved in the synthesis of cell wall components (e.g., cellulose synthase), are
upregulated in resistant plants (78, 88). For RKNs and CNs, several cell wall remodeling
enzymes, such as expansin, xyloglucantransglycosylases, pectin acetylesterase, pectate lyase,
polygalacturonases, and pectinesterases, are also upregulated in response to nematode invasion,
resulting in the extensive modifications to cell wall architecture required for feeding-site
formation (15, 42). Recent immunocytochemical studies have highlighted major biochemical

changes in cell walls induced during nematode feeding-site formation (2, 18).

EFFECTOR TOOLKIT FOR PLANT CELL REPROGRAMMING

The molecular dialogue between plants and plant-reprogramming insects and nematodes
involves HAMPs/NAMPs, as described above, and effectors. Effectors are molecules produced
by the parasites, secreted in planta or injected into plant tissue, that have a direct role in (a) the
avoidance of plant defense responses, (b) facilitating host invasion, and (c) reprogramming plant
cells as feeding sites for the benefit of the invader (49, 54, 65, 97, 129).

Nematode effectors are produced principally by the three esophageal salivary glands and are
injected into plant cells through a hollow protrusive stylet. They are described as stylet-secreted
effectors or stylet secretions. The activity of the esophageal gland cells appears to be
developmentally regulated. The two subventral glands (SvG) secrete effectors enabling the J2 to
penetrate to the root and migrate within it. The proteins secreted during parasitism are produced
by the SvGs and, particularly, by the dorsal gland (DG) (101, 140). Some effectors may also be
produced by other secretory organs, such as the chemosensory amphids, or may be secreted
directly through the nematode cuticle, as reported for macrophage migration inhibitory factors
(MiMIFs) (148). Insect effectors originate from diverse sources either from the ovipositing
mothers or her gall-inhabiting offspring. They are primarily produced in and secreted from
salivary glands but may also be found in frass, eggs, on the body surface, and in other types of
secretions from the larval gut or the venom glands of the ovipositing mother, (41, 118). Most
studies on nematode or insect effectors have focused on proteins and peptides originating from

saliva, but other secreted molecules, such as phytohormones, have also been shown to favor
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these interactions.

Nematode and Galling-Insect Effector Repertoires

Various approaches have been used to characterize nematode effector repertoires, including
strategies based on monoclonal antibodies, proteomics, transcriptomics, and genomics (65, 97,
129). Approximately 500 secreted proteins were identified in the M. incognita secretions from
preparasitic J2s (10). Although the vast majority of these proteins are pioneers, i.e. displaying no
significant sequence similarity to any protein in databases and with no known functional
domains, several of these secreted proteins contained domains suggesting known functions
and/or had sequences similar to those of plant proteins, which they may mimic. This is the case
for the calreticulin (CRT) and 14-3-3- like proteins which are key component of the cell
homeostasis. Redox proteins, such as thioredoxins, glutathione peroxidases, glutathione-S-
transferases, and protein disulphide isomerase (PDI) and a transthyretin-like protein (TTL5),
were identified as proteins secreted by RKNs (10, 136). In addition, approximately 30 proteins,
including two profilins (PFNs), were predicted to interact with actin or microtubules (10). CRTs
are also present in CNs, but there is no evidence that they are used as effectors by these
nematodes (12).

The content of the salivary glands (sialome) of the Hessian fly M. destructor, which
represents the only complete analysis to date in galling-insects, seems to be poorer with only 46
proteins identified, including one salivary apyrase, one CRT, and one peroxiredoxin (PRX).
These proteins may be involved in controlling the extracellular ATP, Ca?*, and H,0, danger
signals, thereby modulating key aspects of plant physiology relevant to gall induction (25). A
follow-up study revealed that a protein highly abundant in Hessian fly larval salivary glands, the
nucleoside diphosphate kinase (NDK), was indeed injected into host tissues during feeding
(137). Apyrase activity levels are also higher in Calliandra brevipes galls than in non-galled
tissues, suggesting a key role for this early signaling disruptor (together with other molecules) in
the plant reprogramming induced by plant-manipulating insects (35). Interestingly, PRXs have
been detected in the salivary secretions of several insects and have been shown to be required for

successful M. incognita development (38).

Contribution of Genomes and Their Expression to Effector Identification
Advances in sequencing technologies have facilitated the identification of candidate effectors.
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The availability of complete genome sequences available for gall-inducing parasites such as
RKNs (13), CNs (27, 45, 92), and the Hessian fly (147) have considerably expanded the
repertoire of these putative secreted effectors. Genome-wide searches based on the presence of
the signal peptide returns in thousands of candidate genes for putative effector proteins in these
species. In RKN and CN genome-wide transcriptomic analysis led to the identification of genes
upregulated in planta and the comparison of specific tissues, such as salivary glands, and
different stages of development helped narrow down the candidate effector repertoire (3, 4, 25,
94, 97, 118, 129). These effector proteins are generally found in only RKNs or CNs. Only a few
are found in both types of nematode. Plant cell wall-degrading enzymes (PCWDES) are one of
the main classes of protein found in several different classes of plant-parasitic nematodes (29).
Their diversity in the CN and RKN genomes are unique in the animal kingdom (1, 13, 27, 45,
92). By contrast, other extended families, e.g. secreted SPRY domain-containing proteins
(SPYSECs) (36), and hypervariable extracellular effectors (HYPSs) (46), have only been
characterized in CNs. Cis-regulatory elements were identified in the promoters of CN effector
genes specifically expressed within the DG specific, called DOG (“DOrsal Gland”) boxes (44,
92). The presence of these motifs identifies the effector-encoding genes they contain as being
regulated by key transcription factors and opens up new possibilities for effector prediction.
Indeed, effectors meeting the predefined criteria may be missed (97). For example, several
candidate effectors with no detectable signal peptide have been reported to be secreted but are
not picked up by current genome-mining strategies. Nevertheless, genes of these candidate
effectors have been shown to be specifically expressed in secretory organs frequently validated
by in situ hybridization (ISH) (33). Despite the hundred or so ISH-validated effectors (48, 129),
only a few candidate effectors have been demonstrated to be secreted in planta by
immunolocalization. Several effectors have been shown to be delivered to the host apoplast and
few have been shown to be translocated into the feeding cells (94).

In the gall-inducing-insects, more than 1,600 genes encoding effectors were found in Hessian
fly (147). As for RKN and CN, most of these putative effector genes were supported by the
presence of transcripts in salivary glands (24, 25). They are located in clusters on Hessian fly
chromosomes and can be grouped into families and superfamilies (24). One of the unique
features of these putative effector genes is their unconventional conservation patterns, with

strong conservation of the 5'- and 3'-untranslated regions and the signal peptide-coding regions,
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but highly diversified protein-coding regions (24). This unconventional conservation pattern is
also found in other related gall midges (3, 4). The functional significance of these
unconventional conservation patterns in gall midge effector genes is unknown. High selection
pressure from resistant host plants may have led to these unconventional conservation patterns
through the selection of mutations in coding regions, increasing mismatching and unequal
recombination during mitosis to generate high rates of mutation in effector genes. However, the
presence of insect effectors in host plants remains largely unstudied and only a handful of
effectors have been detected in plant tissues to date (137).

Plant-Reprogramming Effector Functions in Interactions with Plants

Most candidate nematode and insect-galling effectors have no clearly identified function. The
functions of only a few have been deciphered. PCWDEs have been reported to facilitate
nematode penetration and migration within the root and to play a role in the cell wall expansion
and thickening associated with feeding cell formation (30). Galling insects also produce their
own plant cell wall-degrading enzymes (64). The larvae of the oak gall cynipid Biorhyza palida
and the gall-inducing moth Caloptilia cecidophora, strongly expressed chitinase genes during
gall induction. These chitinases may modify arabinogalactan proteins in the matrix of plant
tissues, thereby triggering an embryogenesis-like dedifferentiation and stimulating cell division
in plant tissues. RKN and CN secrete chorismate mutases, which act on the plant shikimate
pathway, that may prevent the triggering of host defenses by decreasing the synthesis of SA, and,
subsequently, of phytoalexins, through competition with chorismate (131). A few proteins with
known functions, such as proteases and protease inhibitors have been identified in gall midges.
They may affect protease-related pathways if they are indeed injected into host plants. The
Hessian fly NDK may probably regulate the abundance of nucleoside phosphates in host plants
and affect a range of host metabolic pathways (137).

Several CN and RKN effectors have been shown to interfere with plant defense responses
(55, 105), e.g., . MiCRT , MiTTL5, Hs4E02 (87, 103) . In addition, the only identifiable motifs
frequently observed are localization motifs, such as the nuclear localization signal (NLS). The
presence of NLS motifs in several effectors suggests that these molecules may target the host cell
nucleus (39, 65, 105).

Nematodes are also able to produce peptide effectors mimicking plant hormone signaling
peptides to modulate root cell hormonal balance and promote feeding-site formation (50). Given
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the importance of modulating phytohormone in plant manipulation, it would not be surprizing
that insects may use similar strategies These peptides include CLE (CLAVATA3/EMBRYO
SURROUNDING REGION) in CNs (98), and IDAs (INFLORESCENCE-DEFICIENT IN
ABSCISSION) and CEPs (C-TERMINALLY ENCODED PEPTIDE) in RKNs (12, 79). In
addition, CLE-like domains were identified in some RKN effectors, e.g. MAP protein family and
16D10 (69, 109). CN CLE peptides have been shown to act through the plant receptor kinases
CORYNE and CLAVATAZ2, driving the presyncytial cells toward specific developmental
programs required for feeding-cell initiation (106). CLE signaling and genes more generally
involved in meristem initiation, maintenance or growth are also upregulated by Phylloxera
during galling on wild grapevine (111).

Identification of the plant cell compartments to which plant-reprogrammer secreted proteins
are targeted can provide evidence for potential molecular functions. Immunolocalization
techniques have provided reliable data concerning the distribution of effectors within host cells.
For nematode-secreted proteins, the apoplasm has been identified as an important destination
compartment during migration and feeding-cell formation in the host plant (133). Interestingly,
three RKN effectors have been shown to be targeted to the nucleus of feeding cells and a few,
such as MiMIF2, have been shown to be targeted to the cytoplasm (94, 148). The targeting of the
host nucleus by plant-reprogrammer effectors reflects a need for the manipulation of various

nuclear processes to modify plant cell fate and immunity during the ontogeny of feeding cells.

Plant Targets of Plant-Reprogramming Effectors

Plant-reprogramming effectors must interact with host proteins or mimic plant proteins or other
signaling molecules to manipulate plant physiology and defenses (65, 94). Recent functional
analyses have focused on the identification of their direct targets in the plant. In fact, the
identification of plant targets for insect effectors is still at an early stage. Only a few targets of
insect effectors have been identified, and none from galling and leaf-mining insects. The few
studies performed to date indicate that insect effectors target various plant pathways, suppressing
plant defenses or increasing access to nutrients (41). On the contrary, the first targets of
nematode effectors for the formation of the feeding site per se are beginning to emerge.
Nematode effectors have been shown to subvert immunity by interacting with plant proteins to
scavenge the ROS accumulating during the PTI oxidative burst. For example, M. javanica
MjTTLS5 interacts with an Arabidopsis thioredoxin reductase catalytic subunit (87). The H.
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schachtii Hs10A06 pioneer interacts with an Arabidopsis spermidine synthase (AtSPDS?2) to
enhance spermidine production and induce ROS scavenging(66). RKN (e.g., M. graminicola
MgMO237) and CN (e.g., H. glycines Hg30C02 and G. rostochiensis GrVAP-1) effectors
directly target several PR proteins to block the production of antimicrobial proteins by plants
(23, 62, 90) In contrast, few effectors have been shown to contribute to feeding-site formation.
This is the case for the actin-binding protein MiPFN3 (85) and a G. pallida effector, GpSPRY -
414-2, that has been shown to bind to a potato microtubule-associated protein (93). Two other
effectors, H. schachtii Hs19C07 and Hs10A07, have been shown to modulate auxin signaling by
interacting with and increasing the activity of the Arabidopsis auxin transporter LAX3 (84) and
by affecting the expression of auxin-responsive factors (ARFs) (67), respectively, thereby
facilitating the formation of CN feeding sites. Finally, some RKN and CN effectors have been
shown to target key processes regulating host gene expression. The H. schachtii Hs32E03
effector alters the acetylation of histones by interacting with the Arabidopsis histone deacetylase
HDT1 and the FK506-binding protein FKBP53 in the nucleus (134). Several nuclear effectors
have also been shown to target transcription factors. The M. incognita Mi16D10, containing a C-
terminal CLE-like domain, interacts with tomato and Arabidopsis SCARECROW:-like
transcription factors to modulate root development (69). Another example is provided by H.
schachtii Hs10A07, which is secreted into the cytoplasm, phosphorylated by an Arabidopsis
kinase, and translocated to the nucleus, where it interacts with an Aux/IAA transcription factor,
IAA16, to modulate ARF expression (67). Other effectors, such as H. glycines HQGLAND4 and
M. incognita 7H08, bind DNA directly to modulate gene transcription (7, 94). Finally, H.
schachtii Hs30D08 has been shown to interact with a component of the spliceosome machinery,
the Arabidopsis auxiliary spliceosomal protein SMUZ2, and interfere with mRNA splicing,
thereby altering gene expression at feeding sites (132).

Among all the targets identified to date, it is interesting to note that some of them constitute
hub plant targets, such as subunit 5 of the COP9 signalosome (CSN5) which is a regulatory
component of the ubiquitin/proteasome system, targeted by bacterial, fungal, viral, and nematode
effectors (17). It will be interesting to determine whether effectors from galling and leaf-mining

insects target such evolutionarily conserved pathogen host targets.

IMPLICATIONS IN AGRICULTURE AND FORESTRY
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Outside of the small number of model systems, we are only just beginning to understand the
manipulation of plants by these plant-reprogramming insects and nematodes, and this is

hampering the development of novel, robust management strategies in agriculture and forestry.

Targeting Susceptibility Genes in the Context of Community Ecology

Dominant resistance genes are typically used to confer resistance against parasites. However,
relatively few resistance genes against plant-manipulating nematodes and insects are used, and
such resistance genes are usually rapidly overcome by these plant parasites. Improvements in our
understanding of these interactions would make it possible to develop new strategies based on
the loss of plant genes (susceptibility genes) essential for the development of the parasite (40,
130). Interfering with the establishment and functioning of the feeding/nutritive cells essential
for these endoparasitic plant-reprogrammers appears to be a particularly suitable strategy to
control them. Plant genes targeted by parasite effectors are good candidates for susceptibility
genes. The mutation of some of these genes can decrease infection. The loss of these
susceptibility genes could therefore be engineered into crop plants to provide more durable,
broader-spectrum resistance. However, susceptibility genes have functions in plant development,
and the possible adverse effects of their mutation should therefore be analyzed in terms of plant
functional traits and cascading effects on beneficial organisms associated with the plant (130).
Indeed, plants interact with many different biotic partners. Some of these relationships are very
complex and involve both detrimental and beneficial organisms. Comparative genomics has
made it possible to identify genes that are more broadly conserved across plant-parasitic species
but nevertheless restricted to such species (28). These genes may be considered to play an
important role in the plant-parasitic lifestyle while being relatively nontoxic to other beneficial
organisms. They represent specific key targets essential for the life cycle of the infecting
organism only. In this respect, genes specific to plant parasites are promising targets for the
identification of new antiparasitic strategies.

Plants are associated with a large community of microorganisms, whose roles in parasitic
interactions have been little investigated. Well-characterized molecular mechanisms used by
plant-associated microorganisms, whether beneficial or detrimental to the host plant, can provide
us with opportunities to improve our understanding of interactions between plant-manipulating
insects/nematodes and their host plants(54). Indeed, some of the mechanisms used by parasitic

nematodes and insects to manipulate the host plant have also been shown to be involved in

18



establishing interactions between plants and their beneficial symbiotic microorganisms. For
example, apyrases are essential for rhizobial and mycorrhizal symbioses, presumably because of
their ability to modulate eATP levels (124). In legumes, bacterial symbionts may enhance plant
colonization by modulating apyrase activity with lipochito-oligosaccharide Nod factors to
control the infection and nodulation processes (31, 76, 124). This knowledge may prove useful
for the development of efficient and innovative antiparasitic strategies. Detailed functional
metagenomics analyses will also facilitate characterization of the diversity, richness, and
functions of genes involved in interactions between plants and their phytobiome, and
connections between plant-associated and parasite-associated micro-organisms may emerge from
these studies. This may pave the way for new areas of research and exciting perspectives for
improving our understanding of plant—biotic interactions and developing innovative microbe-

induced control strategies for agricultural pests.

Targeting Symbionts as an Effective Resistance Strategy
Promising developments can also be expected in relation to the intricate ecology of plant-
manipulating organisms. The potential presence of a diverse assemblage of endosymbiotic
bacteria in gall inducers may strongly influence their hosts biology and manipulation. Wolbachia
is one of the most intensively studied symbionts since it is found in up to 70% of insect species
and in many terrestrial arthropods, and can manipulate host reproductive biology. Cases of
Wolbachia infection in plant-parasitic nematodes have only been reported in Radopholus and
Pratylenchus (19, 61, 138). In the leaf-miner caterpillar Phyllonorycter blancardella , the
presence of Wolbachia alters the phytohormonal profiles of the leaf to create an enhanced
nutritional microenvironment (14, 75). Wolbachia may manipulate reproduction in these species,
but they are not obligate mutualists. While no microbial symbionts have been detected in RKN to
date. Candidatus Cardinium hertigii infect the CN G. rostochiensis, H. glycines and H.
goettingiana and was also found in four parasitic wasp species (100, 102, 143). Nonetheless the
role of this bacteria is still to be elucidated, this is to date the only endosymbiotic bacteria
identified so far that is common to nematode and insect gall inducers.

Progresses have been made in recent years describing the microbial diversity associated with
insects as symbionts seem to be instrumental in plant—insect interactions, with important
implications for plant defenses and plant utilization by insects. Microbial symbionts of plant-

reprogramming insects can directly or indirectly interfere with a number of components of plant
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metabolism and defense (14, 51, 59). For example, diverse microbes in the digestive systems and
salivary glands of insects can modify oral secretions to enable the insect to evade plant defenses
(26). Insects can also act as vectors, carrying bacteria capable of suppressing ROS-mediated
plant defenses to and from feeding sites (56). Insect microbial symbionts can also affect plant
nutritional quality and morphology by modifying the phytohormonal profile of attacked plant
tissues (75, 144, 146). Some gall midges also have symbiotic associations with biotrophic fungi
that are essential for plant invasion and gall development (108). Various control options could be
pursued, including disrupting the vertical transmission (mother to offspring) of obligate
endosymbionts required for insect growth, nutrition, reproduction, and survival (6). However,
common antibiotics cannot be used for field applications because of both environmental and
public health concerns, even though they have been shown to be effective for this purpose . A
new alternative for pest control known as symbiotic control is based on the disruption of
symbiosis between the pest and its associated microorganisms (6, 51, 52).

Microbial effectors affecting plant-parasite interactions can be encoded by genes
incorporated into insect and nematode gall inducer genomes following horizontal gene transfer
(HGT) from bacteria (16, 29). HGT is particularly widespread in arthropods, probably because of
the close association of many insects with endosymbionts, although the adaptive significance of
the transferred genes is not always clear (140). The HGT of genes encoding PCWDES or genes
encoding enzymes involved in plant carbohydrate metabolism,has been detected in cynipid gall
wasps (21) Hessian fly (147), CN and RKNs (29, 116). This suggests that the acquisition of
genes by HGT may play an important role in transitions to plant-parasitic lifestyles and in

feeding on specific host plants or tissues.

CONCLUSIONS

This review advocates for closer collaboration between plant pathologists, entomologists, and
microbiologists to determine the extent to which similarities between plant parasites reflect
shared ancestral traits or convergent evolution in the face of similar constraints imposed by the
endophytic lifestyle of sedentary endoparasitic nematodes and gall-inducing and leaf-mining
insects. The development of new sequencing techniques applicable to non-model species and the
search for ecological models with multiple parasite species from distinct feeding guilds on a

single host-plant will accelerate the identification of effectors and facilitate comparative studies
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between insects and plant-reprogramming nematodes. Similarly, an integrated approach to the
expression models for plant genes and the salivary effectors produced by these plant
reprogrammers will undoubtedly help to identify the plant functions targeted. This should make
it easier to decipher the strategies used by these parasites to manipulate their host plants, paving
the way for the discovery of the mechanisms underlying the induction and growth of these de
novo structures. Finally, in the most advanced study models, RNA interference or genome-
editing approaches may improve our understanding of the proximal mechanisms underlying host
manipulation.

Future studies will also provide valuable insight into the mechanisms of plant manipulation
by insects and nematodes and the roles played by the symbionts or microorganisms with which
they are associated. Insect and nematode lifestyles and their evolution are probably strongly
influenced by the microorganisms that establish symbiotic associations with them, ranging from
obligate symbiosis to looser forms, characterized by more flexible assemblages of open
microbial communities. However, field applications for managing or controlling these
agricultural or forest pests through the direct targeting of its associated microbes will need to

take into account environmental and public health concerns about their implementation.
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FIGURES

Figure 1 Root-knot nematodes induce the formation of specialized feeding cells. (a) Galls
induced by Meloidogyne incognita on tomato (Solanum lycopersicum) roots. (b) Adult female of
M. incognita feeds on hypertrophied and multinucleate giant cells and lays eggs into gelatinous

egg masses.
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Figure 2 Gall-inducing and leaf miner Lepidoptera Caloptilia cecidophora induces the formation
of galls on the leaf of Glochidion plant species (Phyllanthaceae). (a) Adult stage of C.
cecidophora. (b) Leaf galls (arrowhead) along the vein. All the larval development takes place
inside the gall. (c) During the gall initiation process, the larvae first make a leaf mine
(arrowhead) before inducing the gall. (d) Histological cross section of Glochidion obovatum
leaves attacked by C. cecidophora 12 days posthatching. In the mature gall induced, the insect
chamber (white inner space) is lined with two kinds of tissues resulting from cell hypertrophy
and hyperplasia. The larval chamber is lined by a thin layer of neovascularized nutritive tissue
(pink), the development of which from parenchyma is stimulated by larval feeding. At the end of
larval development and before pupation, the nutritive tissue is entirely eaten. It is surrounded by

sclerenchyma (blue), which confers. Staining: Toluidine Blue O.
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