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ABSTRACT

The host microbiota may have an impact on pathogens. This is often studied in laboratory-reared hosts but rarely in
individuals whose microbiota looks like that of wild animals. In this study, we modified the gut microbiota of the insect
Tenebrio molitor by rearing larvae in soil sampled from the field. We showed by high throughput sequencing methods that
this treatment modifies the gut microbiota so that it is more diversified than that of laboratory-reared insects, and closely
resembled the one of soil-dwelling insects. To describe what the entomopathogenic bacterial symbiont Xenorhabdus
(Enterobacteriaceae), vectored by the soil-dwelling nematode Steinernema, might experience in natural conditions, we
studied the infestation of the soil-reared T. molitor larvae with three Steinernema–Xenorhabdus pairs. We performed the
infestation at 18◦C, which delays the emergence of new infective juveniles (IJs), the soil-dwelling nematode forms, but
which is a temperature compatible with natural infestation. We analyzed by high throughput sequencing methods the
composition of the bacterial community within the insect cadavers before the first emergences of IJs. These bacterial
communities were generally characterized by one or two non-symbiont taxa. Even for highly lethal
Steinernema–Xenorhabdus pairs, the symbiont does not dominate the bacterial community within the insect cadaver.
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INTRODUCTION

In the particular context of host–pathogen interactions, it has
recently been shown that the host microbiota may have a posi-
tive or a negative impact on pathogens, potentially altering the
outcome of infection in different model hosts (Stecher and Hardt
2008; Caccia et al. 2016; Shao et al. 2017; Onchuru, Martinez and
Kaltenpoth 2018). It is, therefore, crucial to consider the inter-
actions between pathogens and the community of microorgan-
isms harbored by the host during infection, to understand the
factors determining the outcome of infection.

In the case of insect hosts, pathogens in their microbial envi-
ronment are often studied in laboratory-reared hosts but rarely
in individuals whose microbiota looks like that of wild animals.
However, insects living in the natural environment have a micro-
biota much more diverse than that of laboratory-reared insects
(Chandler et al. 2011; Staudacher et al. 2016). This diversity may
be responsible for interaction with the pathogen different from
what is usually observed in laboratory models.

The entomopathogenic bacterium Xenorhabdus (Enterobacte-
riaceae) is transmitted by infective juveniles (IJs) of the nema-
tode Steinernema. IJs are soil-dwelling forms that carry small
numbers of cells of the bacterium Xenorhabdus in an intestinal
receptacle (Martens, Heungens and Goodrich-Blair 2003; Snyder
et al. 2007). The IJs disperse in soil until they find a larval insect
host to invade. They penetrate the insect host through natural
openings, perforate the insect intestinal wall and release their
Xenorhabdus symbionts into the hemolymph (Sicard et al. 2004;
Snyder et al. 2007). The bacteria then multiply in the extracel-
lular matrix of the host tissues, suppress the host immune sys-
tem and kill the insect by septicemia (Dowds and Peters 2002;
Sicard et al. 2004; Richards and Goodrich-Blair 2009). The nema-
todes utilize available resources within the insect cadaver. When
nutrients become limiting, the Steinernema IJs specifically reas-
sociate with Xenorhabdus in the insect cadaver. The symbiotic IJs
then disperse into the soil in search of a new host.

During its life cycle, Xenorhabdus almost certainly interacts
with the microbiota of both the insect host and the nema-
tode vector. Studies of different nematode–bacterium pairs,
with laboratory-reared lepidopteran hosts (Galleria and Manduca)
have shown that Xenorhabdus spp. dominates the bacterial com-
munity within the insect cadaver 48 hours after infection (Gouge
and Snyder 2006; Singh et al. 2014), but that it coexists with
other bacteria several days after the death of the host (Isaac-
son and Webster 2002; Walsh and Webster 2003). Other stud-
ies have demonstrated that nematodes of the genus Steinernema,
although historically considered monoxenic, can associate with
bacteria other than Xenorhabdus, at least in laboratory (Walsh
and Webster 2003; Gouge and Snyder 2006). However, these stud-
ies used culture-dependent methods for the isolation and iden-
tification of bacteria, potentially resulting in an underestimation
of microbial diversity. The recent development of sequencing
techniques allows more accurate studies of the communities of
microbes associated with multicellular organisms.

In this study, we described what Xenorhabdus experiences
when infecting hosts with a diversified gut microbiota close to
that of soil-dwelling insects. In this goal, we used the insect
host Tenebrio molitor, whose larvae are sensitive to Steinernema
(Shapiro-Ilan, Morales-Ramos and Rojas 2016), and that can be
reared in soil sampled from field (Jung et al. 2014). Moreover, we
carried-out bioassays at temperature compatible with natural
infestation.

We first showed that rearing T. molitor larvae in soil diversi-
fies their gut microbiota. We then infected these insects with

three Steinernema–Xenorhabdus pairs: Steinernema carpocapsae
SK27–Xenorhabdus nematophila F1, Steinernema feltiae FRA44–
Xenorhabdus bovienii FR44 and Steinernema weiseri 583–X. bovienii
CS03. We then analysed by high throughput sequencing meth-
ods the composition of the bacterial community within the
insect cadavers 10 days after infection, before the first emer-
gences of IJ from the insect cadavers.

MATERIAL AND METHODS

Biological material

Tenebrio molitor larvae were provided by Micronutris (St-Orens,
France) and fed with heat-sterilized bran before the experiment.
As it was not possible to determine their precise developmental
stage, we limited the risk of including individuals at different
stages by using only larvae weighing between 20 and 100 mg.

Three nematode species of the genus Steinernema were used
to infest T. molitor larvae: (i) S. carpocapsae SK27 associated with
X. nematophila F1 (Sc-Xn) (Brunel et al. 1997), (ii) S. feltiae FRA44
associated with X. bovienii FR44 (Sf-Xb) (Emelianoff et al. 2008a)
and (iii) S. weiseri 583associated with X. bovienii CS03 (Sw-Xb)
(Mrácek, Sturhan and Reid 2003). All nematode strains had
been kept for several years in the laboratory, with reamplifica-
tion through the infection of Galleria mellonella larvae, and were
stored in Ringer solution at 8◦C.

Symbiont load, insect mortality and parasitic success
measure

We assessed the load of Xenorhabdus in nematodes, by surface-
sterilizing 20 IJs for 10 min in 0.4% bleach and rinsing them three
times in sterile Ringer solution. IJs were ground with three 3 mm
glass beads in 200 μL of Luria-Bertani (LB) broth for 10 min at
30 Hz in a TissueLyser II (Qiagen, France). The resulting sus-
pension was plated on nutrient bromothymol blue agar (NBTA)
plates (Boemare, Thaler and Lanois 1997), on which Xenorhab-
dus form blue colonies. Blue colony-forming units (CFU) were
counted to estimate the number of Xenorhabdus bacterial cells
per nematode. Xenorhabdus load of IJs used for the experiments
was as follow: 94 ± 42 CFU/IJ for Sc, which is consistent with pre-
vious findings (Goetsch et al. 2006; Snyder et al. 2007); 3 ± 2 CFU/IJ
for Sf; < 0.05 CFU/IJ for Sw. Colonies with a different morphology
and color from those of Xenorhabdus were identified by amplify-
ing and sequencing the 16S rRNA gene as previously described
(Jiang et al. 2006).

Insect mortality and parasitic success of nematodes were
measured by infecting 30 bran-reared T. molitor larvae with 50
IJs in 100 μL of Ringer solution. Parasitic success was calculated
as the proportion of insect cadavers displaying IJ emergence.

Rearing of insects in soil samples

We produced hosts with a microbiota as close as possible to the
naturally occurring microbiota while controlling for other insect
characteristics, by acclimating laboratory-reared T. molitor to soil
samples. We sampled soil from riverside land around Montpel-
lier in the South of France: on the banks of the Hérault river
near Causse-De-La-Selle (N43◦49.884′ E003◦41.222′; CDS sample,
Fig. 1A) and on those of the Lez river near Montferrier-sur-Lez
(N43◦40.801′ E003◦51.835′; MTF sample, Fig. 1A). We collected
three soil subsamples from each plot. These subsamples were
taken at a depth of 20 cm and were separated by a distance of



Figure 1. Experimental design for insect acclimatization in soils. A. Location of the two sampling sites. CDS: Causse-De-La-Selle (N43◦49.884′ E003◦41.222′; CDS sample);

MTF: Montferrier-sur-Lez (N43◦40.801′ E003◦51.835′; MTF sample). B. At each sampling site, we obtained three soil subsamples at positions 10 m apart. C. Distribution
of insects in soil subsamples. Each soil subsample was split into four portions, each of which was placed in a plastic box, in which it was mixed with sterilized wheat
bran.

10 m. They were named CDS1, CDS2, CDS3 and MTF1, MTF2,
MTF3 (Fig. 1B). Each soil subsample was split into four portions,
each of which was placed in a 1 L plastic box (Fig. 1C), in which
it was mixed with heat-sterilized (20 min at 121◦C) wheat bran
(1:3 (v/v) ratio, as previously described (Jung et al. 2014).

Tenebrio molitor larvae were maintained for 5 days in sterilized
wheat bran mixed with soil samples at 15◦C. They were then
starved for 24 hours to exclude individuals that were infected
with pathogens (which would have died within this 24 hours
period) and to limit the risk that the DNA we extract comes from
the larval alimentary bolus.

To check for the impact of soil rearing on gut microbiota com-
position, we reared some T. molitor larvae in the same conditions
as other insects except that they were incubated in sterile wheat
bran, with no soil mixed. Gut microbiota of these bran-reared
insects should thus be close to what it was for all insects before
the experiment.

To further extract DNA from insect guts, insect larvae were
then washed in 70% ethanol, rinsed in water and then killed. The
guts of the larvae were dissected in sterile Ringer solution (Jung
et al. 2014). Dissection tools were sterilized with 70% ethanol
between insects.

Insect infection with nematode-bacterium pairs

Soil-acclimated T. molitor larvae were infected by placing them
in Eppendorf tubes (one insect per tube) on a filter paper soaked
with 100 μL of Ringer solution containing 50 IJs.

Insects that were not infested with nematode had their gut
wall artificially wounded with a pin through the anus, resulting
in insect death. The wound created in this way mimicked the gut
wall lesion caused by nematodes, and may have allowed some
of the bacteria from the gut microbiota to colonize the insect
general cavity in an opportunistic manner. The wounded insects
were also placed in an Eppendorf tube on a filter paper soaked
with 100 μL of Ringer solution.

All insects were then incubated at 18◦C for 10 days, before
the first emergences of the IJs from the insect cadavers. At the
end of this period, only dead insects were retained and whole
insect cadavers were subjected to metabarcoding analysis. In
dead insects, the gut barrier is destroyed, the tissues macerate
and the organ compartmentalization disappears. It is therefore
not possible to specifically dissect the insect gut. We used sam-
ple size of 35, 59, 20 and 18 insects for wounded insects, Sc-Xn,
Sf-Xb and Sw-Xb, respectively.



DNA extraction and V3-V4 marker sequencing

Dissected guts or insect cadavers were placed in an Eppendorf
tube (one insect per tube), freezed for 15 min at −80◦C (for whole
insects only) and ground with 3 mm steel beads for 30 s at 20 Hz
with a TissueLyzer (Qiagen). One hundred μL of lysis solution
(Quick Extract, Bacterial DNA extraction TEBU-BIO) and 1 μL of
lysozyme from the Quick Extract kit were added. Samples were
incubated at room temperature for 2 days, frozen in liquid nitro-
gen and heated at 95◦C to ensure that all the cells were lysed.
DNA was prepared by the phenol–chloroform–alcohol and chlo-
roform extraction method, and precipitated in ethanol. Nega-
tive extraction controls were included in which all the extrac-
tion steps were performed in the absence of biological material,
for detection of potential reagent contamination. DNA quan-
tity and quality were checked by spectrophotometry using Nan-
odrop 2000 (ThermoScientific).

For the metabarcoding tests on insect acclimatization in soil,
the V3-V4 region of the 16S rRNA gene was amplified with the
PCR1F 460 (5′-ACGGRAGGCAGCAG-3′) / PCR1R 460 (5′-TACCAGG
GTATCTAATCCT-3′) primers (modified versions of the primers
used in a previous study (Klindworth et al. 2012)). For the exper-
iment on infected insects, due to the large number of samples,
PCR1F 460 and PCR1R 460 primers were fused to a unique eight
nucleotide tag for sample multiplexing. Some unused tag com-
binations were kept for the detection of potential tag switch-
ing events (see Metabarcoding data treatment). In both exper-
iments, amplification was performed with the MTP Taq poly-
merase (Sigma, ref 172-5330), according to the manufacturer’s
protocol, with between 3 and 70 ng of DNA for each sample, and
with the following amplification program: 60 s at 94◦C, 30 cycles
of 60 s at 94◦C, 60 s at 65◦C, 60 s at 72◦C and a final 10 min at 72◦C.
Negative and positive controls were set up with water and bacte-
rial DNA extracted from a pure culture of X. nematophila respec-
tively. Polymerase chain reaction (PCR) amplicons were checked
by electrophoresis in a 1% agarose gel.

Amplicons were sequenced by the GeT-Plage genomic plat-
form at Genotoul (Toulouse, France) with Illumina MiSeq tech-
nology and a 2 × 250 bp kit. We performed technical replicates
for the PCR and sequencing steps and obtained similar relative
abundance of operational taxonomic units (OTUs) (Fig. S1A, Sup-
porting Information).

Metabarcoding data treatment

Sequence data were analyzed with OBITools (Boyer et al. 2015).
Raw paired-end reads were aligned and merged, and alignment
score was calculated. Reads with low alignment scores (<50),
containing unknown bases or with an unexpected size (<400 bp
or > 470 bp) were removed from the dataset. After primer trim-
ming and sample demultiplexing, sequences found only once in
the dataset were also removed (Auer et al. 2017). Sequences were
then clustered into OTUs with the Sumaclust algorithm (Mercier
et al. 2013), using a 97% similarity threshold. In total, 2127 OTUs,
corresponding to less than 0.005% of the total number of reads
of the dataset, were removed (Bokulich et al. 2013). The remain-
ing OTUs were assigned to a taxonomic group with RDPclassifier
(Wang et al. 2007) and the RDPII reference database. Sequences
of OTUs assigned to the genus Xenorhabdus where then blasted
on NCBI database to distinguish X. nematophila and X. bovienii
species.

For the removal of false-positives, we identified OTUs occur-
ring in sequencing blank controls and calculated the total num-
ber of these OTUs in the dataset. These OTUs were then removed

from samples if their abundance was below 3% of the total
number of reads. The distribution of each OTU in unused tag
combinations was also used to filter the OTUs in each sample,
by assessing the deviation of OTU abundance values from this
distribution (Esling, Lejzerowicz and Pawlowski 2015).

Community analysis

Analyses were performed with R version 3.5.0 (R Core Team
2018). Chao1, Shannon and Pielou indices and Bray–Curtis dis-
tance were estimated with the vegan package of R (Oksanen et al.
2017). Differences in alpha diversity between treatments were
assessed by non parametric methods (i.e. Kruskal–Wallis and
Wilcoxon rank sum tests). The Bray–Curtis distance matrix was
represented as a tree, using the neighbor-joining algorithm as
implemented in the ape package (Paradis, Claude and Strimmer
2004). Differences in bacterial community composition were
assessed with PERMANOVA tests from the vegan package (Oksa-
nen et al. 2017) after checking the data dispersion using betadis-
per function from the same package. A first model was adjusted
on the complete dataset, with the explanatory variables being
infection (i.e. infected versus wounded insects), and site (CDS
versus MTF) and the interaction between infection and site. A
second model was adjusted on data for infected insects only,
with the explanatory variables being nematode-bacterium pair
(i.e. Sc-Xn, Sf-Xb or Sw-Xb), and site, and the interaction between
nematode–bacterium pair and site.

Bacterial quantification by quantitative PCR

The changes in abundance of Pseudomonas genus and Enterobac-
teriaceae family in the gut microbiota of soil-reared and bran-
reared insects were assessed quantifying two specific markers
(Table 1) using quantitative PCR (qPCR). All qPCRs were per-
formed in triplicate, with 3 μL of reaction mixture, on a Light-
Cycler480 machine (Roche Diagnostics), after the plate had been
filled by an Echo 525 liquid handler (Labcyte). The reagent con-
centrations were identical in all SYBR Green I assay reactions:
1X Light-Cycler 480 SYBR Green I Master Mix (Roche Diagnos-
tics), 500 nM each of the forward and reverse primers specific
for genus Pseudomonas (Pse-16S), the Enterobacteriaceae fam-
ily (Entero-rplP) or the Eubacteria kingdom (UNI16S) and DNA
matrix. The DNA used was either genomic DNA (0.5 ng/μL)
for Entero-rlp positive controls (Escherichia coli, Serratia marce-
sens, Klebsiella pneumoniae, Salmonella typhimurium and Enterobac-
ter cloacae), Pse-16S positive controls (Pseudomonas aeruginosa and
Pseudomonas protegens) or Entero-rlp and Pse-16S negative con-
trols (Stenotrophomonas, Acinetobacter and Enterococcus) or a 1/100
dilution of insect gut DNA for metabarcoding. The qPCR condi-
tions were 10 min at 95◦C, followed by 45 cycles of 5 s at 95◦C,
10 s at 62◦C and 15 s at 72◦C, with a final dissociation curve seg-
ment. Cycle threshold (Ct) values were determined with Light-
Cycler 480 software. After the validation of primer specificity
(13 < Ct < 37 for positive controls, Ct > 40 for negative con-
trols), absolute quantifications were calculated by the standard
curve method. Serial dilutions of standard samples consisting
of genomic DNA from E. coli ATCC25922 for Entero-rplP primers
and the UNI16S primers and genomic DNA from P. aeruginosa
CIP76.110 ( = ATCC27853) for the Pse-16S primers were pre-
pared and used for calibration. The R2 values for the standard
curves were 0.999 for all markers. The PCR efficiencies mea-
sured on a pool of the samples subsequently quantified were 2,
1.8 and 1.9 for Pse-16S, Entero-rplP and UNI16S primers, respec-
tively. The gene copy number (GCN) of the target gene [copies] in
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standard samples was estimated using the total amount of
genomic DNA in the calibration samples [g], the size of the bacte-
rial chromosome [bp], the number of targets per bacterial chro-
mosome [copies], Avogadro’s constant [bp mol−1] and the mean
weight of a double-stranded base pair (660 g mol−1 bp−1) as fol-
lows:

Using the parameters of the curves linking and in standard
samples, we then estimated the GCN of target genes in our gut
samples. This estimation was possible because PCR efficiency
was very close to that for standard samples.

Bacterial quantification and IJ detection by digital
droplet PCR

The bacteria Xenorhabdus were quantified in infected insects by
duplex digital droplet PCR (ddPCR) using a Xenorhabdus-specific
primers couple targeting a region of a TonB-dependant heme-
receptor encoding gene (JC Ogier, personal communication;
Table 1). The nematodes were detected with a specific primers
couple targeting the internal transcribed spacer (ITS) region of
the ribosomal DNA (JC Ogier, personal communication; Table 1).
The TaqMan probes used in ddPCR were synthesized by labeling
the 5′-terminal nucleotide with the 6-carboxy-fluorescein (FAM)
and HEX reporter dyes for the Steinernema ITS and the Xenorhab-
dus heme receptor gene, respectively. Single ddPCR assay using
EvaGreen was used with universal bacterial 16rRNA primers
to quantify all bacteria in the samples. The QX200TMDroplet
DigitalTM PCR System (Bio-Rad, Marne-la-Coquette, France) was
used in this study according to the manufacturer’s instructions.
Briefly, for duplex assays, the ddPCR reaction mixtures (22 μl)
contained: 1x ddPCR Supermix (No dUTP) (Bio-Rad, Marne-la-
Coquette, France), 900 nM of each primer, 250 nM of each probe
and 2 μl of DNA sample, in a final volume of 22 μl. For single
EvaGreen ddPCR, the reaction mixtures were the same except
for primers that were used at 100 nM each and Supermix was
EvaGreen (1x) (Bio-Rad, Marne-la-Coquette, France).

Droplets were generated by the QX200 Droplet Generator
AutoDG (Bio-Rad), using 20 μl of the ddPCR mixture and 70 μl
droplet generation oil (Bio-Rad). The entire droplet emulsion vol-
ume (40 μl) was further loaded onto a 96-well PCR plate (Bio-
Rad) and sealed in the PX1 PCR Plate Sealer (Bio-Rad). The PCR
was performed in a T100 Thermal Cycler (Bio-Rad with 10 min
DNA polymerase activation at 95◦C, followed by 40 cycles of a
two-step thermal profile of 30 s at 94◦C for denaturation, and
60 s at 56◦C for annealing and extension, followed by a final
hold of 10 min at 98◦C for droplet stabilization and cooling to
4◦C. The PCR cycling conditions for the single EvaGreen ddPCR
consisted of 5 min initial denaturation at 95◦C, followed by 40
cycles of denaturation at 95◦C for 30 s and annealing/elongation
at 60◦C for 1 min and final 5 min incubation at 4◦C followed by
5 min at 90◦C for signal stabilization. The temperature ramp
rate was set to 2◦C/s for both ddPCR assays, and the lid was
heated to 105◦C, according to the Bio-Rad recommendations.
After thermal cycling, the plate containing the droplets was
placed in a QX200 droplet reader (Bio-Rad, Marne-la-Coquette,
France) for analyzing each individual droplet by a detector. The
ddPCR data were analyzed with QuantaSoft analysis software
version 1.7.4.0917 (Bio-Rad).

RESULTS

Insect acclimatization in soil

Xenorhabdus sp. being a pathogen of soil dwelling-insects, we
wanted to perform infections on insects having a diversified

microbiota as it is generally observed in soil-dwelling insects
(Vasanthakumar et al. 2008; Arias-Cordero et al. 2012; Wang
and Rozen 2017). To do so, we first tested the effect of soil
acclimatization of lab-reared insects on their gut microbiota.
We maintained laboratory-reared T. molitor larvae for a few
days in either sterilized bran or sterilized bran mixed with
soil samples. We sampled soil from two different riverside
plots from the area around Montpellier (France): CDS and MTF
(Fig. 1A). We collected three soil subsamples from each plot:
CDS1, CDS2, CDS3 and MTF1, MTF2, MTF3 (Fig. 1B). The use
of these six soil subsamples allowed us to compare the vari-
ability of changes in microbiota composition both within and
between plots. Each sample was mixed with sterilized wheat
bran and split into four, with each subsample transferred to
a separate box into which larvae were placed (Fig. 1C). Bran-
reared insects were incubated in sterile wheat bran alone. A
first experiment of metabarcoding was performed on the gut
microbiota of larvae, by targeting the V3-V4 region of the 16S
rRNA gene. After cleaning, the total dataset contained 814,482
sequences, clustered into 106 OTUs. Sequencing depth for sam-
ples ranged from 6142 to 31,008 reads (mean = 15 663.12, sd
= 6711.397, see samples rarefaction curves Fig. S1B, Supporting
Information).

To check if incubation in soil did modify the bacterial
community in insect gut microbiota, we compared the alpha
diversity (Shannon index) between soil-reared and bran-reared
insects. Alpha diversity of the gut microbiota increased signif-
icantly after the incubation of the insects with soil samples
(Fig. 2A, soil-reared versus bran-reared: Wilcoxon rank sum test,
W = 216, P-value = 1e-3). We also investigated the effect of
soil treatments according to soil origin, by comparing the alpha
diversity of CDS and MTF samples. Shannon index was signifi-
cantly lower in MTF than in CDS samples (Fig. 2A; Kruskal–Wallis
test, Chi2 = 9.6136, P-value = 1e-3).

We then investigated the effect of soil treatment on insect
microbiota composition. Calculation of beta-diversity between
insect gut microbiota with Bray–Curtis distances (Fig. 2B) indi-
cates that community structure differed between soil-reared
insects and bran-reared insects (PERMANOVA analysis, soil-
reared versus bran-reared: R2 = 0.19, P-value = 2e-3). When
comparing soil-reared insects only, soil sampling site (i.e.
CDS or MTF) and subsample identity (e.g. CDS1, CDS2 or
CDS3), also had a significant impact on gut community com-
position (PERMANOVA analysis, sampling site: R2 = 0.08, P-
value = 2e-3; subsample: R2= 0.18, P-value = 1e-3). Over-
all, our results show that soil treatment is associated with
change in the community composition of the gut micro-
biota and that bacterial communities present in the gut dif-
fer both between sample sites and between soil subsam-
ples.

After OTU affiliation, we observed that Pseudomonas is the
dominant OTU in bran-reared insects (98% of the reads), but
accounted for only 27 and 23% of the reads in CDS and MTF sam-
ples, respectively (Fig. 2C). Conversely, Serratia species, together
with the Enterobacter group accounted for less than 1% of
sequence reads in bran-reared insects, but for 35 and 43% of the
reads for CDS and MTF, respectively.

Metabarcoding is not a quantitative method, but only gives
semi-quantitative information (Ogier et al. 2019). To precisely
quantify the abundance modification of the major taxa in the
gut microbiota after soil rearing, we performed qPCR on a
subset of 17 samples, including the five bran-reared insects and
two insects for each soil subsample. We first calculated the GCN
of the 16S rRNA gene in each sample, which ranged from 1e7
to 1e8 GCN per insect. Although the number of 16S rRNA gene



Figure 2. Influence of insect soil acclimatization on composition and structure of T. molitor gut microbiota. A. Alpha diversity of the insect gut microbiota acclimated to

soils. Shannon diversity index was calculated. CDS1–3 and MTF1–3 are the subsamples from the sampling sites (three for CDS and three for MTF). BRAN samples are
insects reared on sterile wheat bran. Pairwise Wilcoxon rank-sum test, CDS-MTF: P-value = 1e-3, SON-CDS: P-value = 5e-05, SON-MTF: P-value = 8e-05. B. Beta diversity
of the insect gut microbiota acclimated to soils. PCoA analysis based on Bray–Curtis distance. Each dot corresponds to one insect. The percentage of variance explained
by each axis is indicated in brackets. C. Composition of insect gut microbiota. We show here taxonomic assignments to genus level or to the lowest taxonomic level,

for which the bootstrap score was < 80%. The 15 OTUs with the largest relative abundance are shown in color and the others are grouped together in the ‘Others’
category. OTU names followed by a star (∗) belong to the Enterobacteriaceae family. D. Quantitative PCR on the Pseudomonas genus and the Enterobacteriaceae family
present in the insect gut microbiota. GCN per μL of DNA extract was calculated for the genus Pseudomonas with the Pse-16S marker and for the Enterobacteriaceae
family with the Entero-rplP marker. Pairwise Wilcoxon rank sum test with Holm P-value adjustment, BRAN-CDS Pse-16S: P-value = 0.013, BRAN-MTF Pse-16S: P-value

= 0.013, MTF-CDS Pse-16S: P-value = 0.18, BRAN-CDS Entero-rplP: P-value = 0.016, BRAN-MTF Entero-rplP: P-value = 0.016, MTF-CDS Entero-rplP: P-value = 0.31. For
Entero-rplP, samples from BRAN treatment had the maximum Ct value of 40, meaning that the Entero-rplP quantity was under the qPCR detection threshold.

copies varies across Eubacteria lineages, we used it as a proxy of
the total number of bacteria and concluded that it was similar
in our 17 samples (Kruskal–Wallis rank sum test, Chi2 = 2.66, df
= 2, P-value = 0.26). We then targeted a region of the 16S rRNA
gene (4 to 7 copies per genome (Bergmark et al. 2012)) specific
to the Pseudomonas genus, and a region of the rplP gene (one
copy by genome (Takahashi et al. 2017)) specific to the Enter-
obacteriaceae family. The Pse-16S GCN in soil-reared insects
was one tenth that in bran-reared insects (Pairwise Wilcoxon
rank sum test with Holm P-value adjustment, BRAN-CDS: P-
value = 0.013, BRAN-MTF: P-value = 0.013, MTF-CDS: P-value
= 0.18, Fig. 2D). Conversely, the Entero-rplP GCN was 100 times
higher in soil-reared insects (Pairwise Wilcoxon rank sum test
with Holm P-value adjustment, BRAN-CDS: P-value = 0.016,
BRAN-MTF: P-value = 0.016, MTF-CDS: P-value = 0.31, Fig. 2D).
Soil acclimatization is therefore associated with a decrease in
Pseudomonas abundance and an increase in Enterobacteriaceae
abundance. Our data suggest that variation in relative abun-
dance of the gut microbiota was associated with rearing insects
in soil.

Bran-reared and soil-reared T. molitor larvae are
sensitive to Steinernema nematodes at a suboptimal
temperature

In the laboratory, experiments involving entomopathogenic
nematodes are usually performed at a temperature allowing
optimal insect infection and nematodes reproduction (e.g. 24◦C
in Emelianoff et al. (2008b)). In this study, we reduced the tem-
perature of incubation to 18◦C to be closer to natural condi-
tions (8 to 10◦C in our soil at the time of soil sampling) while
staying in the range of temperatures compatible with signifi-
cant mortality in laboratory (Grewal, Selvan and Gaugler 1994;
Saunders and Webster 1999). At this suboptimal temperature,
we first checked if bran-reared T. molitor larvae were sensitive
to the three nematode–bacteria pairs used in our experiments,
S. carpocapsae SK27 carrying the X. nematophila F1 symbiont
(Sc-Xn), S. feltiae FRA44 carrying the X. bovienii FR44, symbiont
(Sf-Xb) and S. weiseri 583 carrying the X. bovienii CS03 symbiont
(Sw-Xb). For each tested entomopathogenic nematode (EPN)
strain, we infested bran-reared T. molitor larvae with 50 IJs and



Table 2. Insect mortality and nematodes parasitic success for the three nematode–bacterium pairs after the infestation of bran-reared (b) or
soil-reared (s) T. molitor larvae.

Sc-Xn Sf-Xb Sw-Xb

Nematode strain S. carpocapsae SK27 S. feltiae FRA44 S. weiseri 583
Symbiont strain X. nematophila F1 X. bovienii FR44 X. bovienii CS03

Bran-reared T. molitor larvae Host mortality 22/22 30/30 19/30
Parasitic success 7/22 17/30 3/19

Soil-reared T. molitor larvae Host mortality 48/48 – –
Parasitic success 21/48 – –

Host mortality is the number of dead insects divided by the number of infected insects 10 days after infection, measured on bran-reared insects. Parasitic success is
the number of insects for which IJ emergence was observed 70 days after infection.

Figure 3. A. Experimental procedure for the bacterial community analysis after nematode infection. The time windows of insect death and nematodes emergences
have been estimated on Sc-Xn pair. B-C. Comparison of alpha diversities between treatments. Each dot represents an insect and the color indicates the origin of the

soil in which the insect was incubated. Sample sizes are given on the graph and letters indicate significant difference between groups. B. Chao1 richness index. C.
Shannon alpha diversity index.

incubated insects at 18◦C for 40 days. The insects began to die 2
days after infestation and all infected insects died within 10 days
for the Sc-Xn and Sf-Xb treatments, whereas mortality was sig-
nificantly lower (63%, 10 days after infection) for insects infected
with Sw-Xb (Table 2, binomial generalized linar model (GLM),
df = 2, P-value = 2.1e-05). The first IJs began to emerge about
12 days after infection and, 70 days after infestation, IJs had
emerged from 32% of dead insects for the Sc-Xn/Sf-Xb treat-
ments and 20% of dead insects for the Sw-Xb treatment (Table 2).
This difference was not significant, however, possibly due to the
small sample size (Binomial GLM, df = 2, P-value = 0.10).

We also followed the life cycle of the Sc-Xn pair on soil-
reared T. molitor at 18◦C. Insects also began to die 2 days
after infestation and all infected insects died within 10 days,
while nematodes started to emerge from 44% of insect cadav-
ers, between 13 and 70 days after insect death (Table 2
and Fig. 3A). By grinding and plating on NBTA plates 20 IJs
that emerged from T. molitor infection at 18◦C, we detected
the symbiont Xenorhabdus in 30% of the IJ samples (2–100
CFU/IJs). Moreover, 55% of the IJ samples displayed infectivity
at 23◦C on G. mellonella and produced new IJ carrying Xenorhab-
dus. Sc-Xn pair is therefore able to complete its life cycle



at 18◦C on soil-reared T. molitor having a diversified micro-
biota.

Nematode infection has a small impact on bacterial
diversity inside insect cadavers

To describe the bacterial community in insects after nematode–
bacteria infection, we infected soil-reared T. molitor larvae using
the three nematode-bacteria pairs Sc-Xn, Sf-Xb and Sw-Xb
(Fig. 3A), and subsequently analyzed the bacterial community
found in insect cadavers. The entire parasitic cycle cannot be
measured since the insects are crushed for subsequent metabar-
coding analysis. However, we observed that 100%, 100% and 90%
of insects died after infection with Sc-Xn, Sf-Xb and Sw-Xb,
respectively. Interestingly, with Sw-Xb, the infestation of soil-
reared insects generates significantly higher mortality (Bino-
mial GLM, df = 2, P-value = 0.03) than the one previously
recorded on bran-reared insects (63% in Table 2). The differ-
ence in mortality rate suggests that bacteria from the bacteria
of the microbiota coming from the soil could contribute directly
or indirectly to insect death by being entomopathogenic in this
condition.

In this experiment, a group of insects were not infected by
nematodes. Instead, their gut wall was artificially wounded with
a pin through the anus (Fig. 3A) to induce mortality and mimic
the gut wall wound provoked by nematodes. This procedure
resulted in an insect mortality of 70% in CDS soil and 50% in
MTF soil. Mortality rates in wounded insect did not differ signif-
icantly between sites (Binomial GLM, df = 1, P-value = 0.12).

We sequenced the 16S rRNA V3-V4 region to describe the bac-
terial communities found in dead soil-reared insects (Fig. 3A).
After cleaning, the total dataset contained 3827 255 sequences,
clustered into 179 OTUs. The communities found in insect
cadavers contained a mean of 48 ± 22, 61 ± 31, 55 ± 27
and 57 ± 31 OTUs for wound, Sc-Xn, Sf-Xb and Sw-Xb treat-
ments, respectively. Accordingly, the Chao1 index was signifi-
cantly lower in wounded insects than in insects infected with
nematodes (Fig. 3B, Wilcoxon rank sum test, W = 3577.5, P-
value = 0.02), suggesting that some of the OTUs detected were
either supplied by the nematodes or a consequence of a com-
munity dynamic due to nematode infection. However, the Shan-
non alpha diversity index did not differ significantly between
treatments (Kruskal–Wallis rank sum test, Chi2 = 1.20, df = 3,
P-value = 0.75), or between the wounded and infected nema-
todes (Fig. 3C, Wilcoxon rank sum test, W = 1608, P-value =
0.53). We obtained similar results in an analysis of Pielou’s even-
ness index, which measures the similarity between the rela-
tive abundances of the different species of the community (four
treatments: Kruskal–Wallis rank sum test, Chi2 = 4.66, df =
3, P-value = 0.2; Wound versus infected: Wilcoxon rank sum
test, W = 1414, P-value = 0.14). Overall, our results suggest
that Steinernema–Xenorhabdus infections increase the number of
low frequency OTUs, which appear after nematode treatment,
without affecting the diversity of abundant OTUs within insect
cadavers.

Infection modifies bacterial community composition
but considerable inter-individual variability is observed

We analyzed the beta diversity between samples. A neighbor-
joining tree based on Bray–Curtis distance did not perfectly sep-
arate wounded insects from infected insects (Fig. 4). Nematode
infection had a significant impact on community composition,

Table 3. PERMANOVA analysis of bacterial community composition
within insect cadavers.

Df R2 P-value

A. all insects1

Infection 1 0.08 0.001
Site 1 0.04 0.001
Infection:Site 1 0.007 0.452

B. infected insects only2

Nematode-bacterium
pair

2 0.09 0.001

Site 1 0.04 0.002
Pair:Site 2 0.03 0.039

1In the first model, all insects were taken into account. We compared wounded

insects to infected insects (Infection), CDS sampling site to MTF sampling site
(Site) and the interaction between the two explanatory variables (Infection: Site).
2In the second model, only infected insects were analyzed. We compared

infected insects according to the nematode-bacterium pairs (Nematode–bacteria
pair), the sampling sites (Site) and the interaction of these two explanatory vari-
ables (Pair: Site).

but it accounted for only 8% of its variance between insects
(Table 3A). Soil sampling site (CDS versus MTF) accounted for 4%
of the variance, and the interaction between these two variables
was not significant (Table 3A).

We then compared the bacterial community composition of
insects infected with the three nematode-bacterium pairs. The
microbiota profile of insects infected with the same nematode–
bacterium pair did not cluster together in Bray–Curtis distance
trees (Fig. 4). However, nematode–bacterium pair significantly
accounted for 9% of the total variance of community composi-
tion between infected insects (Table 3B). Infection thus modified
the bacterial community within insect cadavers, but consider-
able inter-individual variability remained.

Does Xenorhabdus invade the bacterial community in
insect cadaver?

We used the RDPII reference database for the taxonomic
assignment of OTUs. Only 60% of insect larvae infected with
Steinernema–Xenorhabdus pairs harbored a Xenorhabdus OTU
(Fig. 4). Moreover, even in samples in which a Xenorhabdus OTU
was detected, its relative abundance was generally low: on aver-
age, 8 ± 14% of the sample reads (Fig. 4). We validated the
metabarcoding approach with a ddPCR quantification of the
Xenorhabdus population by using a Xenorhabdus-specific primer
couples and a ddPCR quantification of entire bacterial popu-
lation by using the 16S bacterial universal marker. We then
compared the relative abundance of Xenorhabus measured by
ddPCR with the relative abundance of Xenorhabdus obtained
by metabarcoding (Fig. 5). Doing so, we showed a correlation
between those two quantities, supporting our conclusions about
metabarcoding analysis (Spearman’s rank correlation, rho =
0.72, P-value < 2.2e-16). It should be noted however that in some
insects samples, no Xenorhabdus was detected by metabarcod-
ing, while the amount of Xenorhabdus cells quantified by ddPCR
was non-null (points on the x-axis in Fig. 5).

Since an absence of Xenorhabdus detection could be due to
an absence of nematode infestation, we checked that insects
contained nematodes at the time we performed the metabar-
coding analysis, by quantifying the Steinernema population with
ITS primers. In 80, 90 and 66% of the Sc-Xn, the Sf-Xb and the
Sw-Xb samples, respectively, Steinernema was indeed detected



Figure 4. Beta diversity and community composition in single insect cadavers. Resemblance between bacteria communities is illustrated here by a neighbor-joining

tree computed from a Bray–Curtis distance matrix (left, CDS; right, MTF). Stars indicate insects in which we detected a Steinernema-specific marker by ddPCR. Bars
represent the relative abundance of reads matching with an OTUs in each community. On each graph, the 15 most abundant OTUs are shown in color, less frequent
OTUs being grouped in the ‘others’ category. Greenish OTUs correspond to abundant OTUs that are potentially coming from the insect microbiota because they were
found both in insects infected with nematodes and in insects that have not been in contact with nematodes. We show here taxonomic assignments (to genus level)

with bootstrap scores above 80 %.

using this method (Fig. 6 and samples marked with a star on
Fig. 4).

Altogether, these data suggest a surprising result. Conversely
to what it is extensively described in infestation of laboratory-
reared Lepidopteran insects by Steinernema (Isaacson and Web-
ster 2002; Walsh and Webster 2003; Singh et al. 2014), Xenorhab-
dus does not dominate the bacterial community in cadavers of
soil-reared T. molitor larvae.

Bacterial communities are dominated by one or two
main OTUs

Although generally not dominated by Xenorhabdus, in 107 of
the 132 insects tested (wounded + infected), the bacterial
communities were dominated by one or two OTUs account-
ing for more than 40% of the sample reads. The identity of
the dominant OTU varied considerably between insects and
was difficult to predict from treatment (Table 3B and Fig. 4).
In 32% of the infected insects, the OTUs were dominated by
Alcaligenes, whereas OTUs from this genus were never dom-
inant in wounded insects. We isolated an Alcaligenes faecalis
strain from Sc and Sw nematodes, by grinding and plating
surface-sterilized IJs. The 16S rRNA sequence of the isolated
strain perfectly matched the V3-V4 region sequence obtained
by metabarcoding on insect cadavers. It therefore seemed likely

that nematodes delivered not only Xenorhabdus, but also Alcali-
genes, to the insects.

Some dominant OTUs from other species were found both
in insects infected with nematodes and in insects that have not
been in contact with nematodes but only wounded with a pin.
These OTUs cannot therefore have come from the nematode and
they probably originated instead from the gut or surface insect
microbiota, which has been modified or acquired during the stay
in the soil. Some of these OTUs were found in both insects reared
in MTF soil and insects reared in CDS soil. This was the case,
in particular, for sequences from Enterobacter group bacteria and
Serratia. Conversely, other dominant OTUs were specific to a site:
Morganella and/or Providencia for CDS samples, and Pseudomonas
for MTF samples (Fig. 4).

DISCUSSION

Gut microbiota communities of laboratory-reared insects, which
are usually maintained on very simple media and diets,
are dominated by one or two bacterial strains: Pseudomonas
in our study, Enterococcus in moths (Chen et al. 2016; Stau-
dacher et al. 2016), acetic acid bacteria or lactic acid bacte-
ria in fruit flies (Corby-Harris et al. 2007, Chandler et al. 2011,
Staubach et al. 2013). Following soil treatment, our T. molitor lar-
vae harbored more complex community profiles, with several



Figure 5. Validation of the metabarcoding technique through ddPCR quantifi-
cation. For each insect, we represent the log ratio of the number of Xenorhab-

dus reads, over the total number of reads obtain with metabarcoding technique,

against the log ratio of a Xenorhabdus-specific marker, over a universal 16S bac-
terial marker, quantified by ddPCR. We used the universal 16S bacterial marker
quantification as a proxy of the total number of bacterial cells in the sample.
The ddPCR ratio has been arbitrary placed on the x-axis for insects where no

Xenorhabdus reads were obtained by metabarcoding. Dashed line represents the
threshold of ddPCR quantification defined as the highest GCN of Xenorhabdus-

specific marker we could find in uninfected insects (wound). Quantifications of
Xenorhabdus that fell under this threshold were considered as ddPCR noise and

treated as zeros.

Figure 6. ddPCR quantification of a Steinernema-specific ITS marker in each
insect. Uninfected insects (wound) were used to define a detection threshold
(dashed line). Values below this threshold were considered as noise and treated

as zero. The number of samples that were below this threshold is indicated for
each treatment.

Enterobacteriaceae together with the Pseudomonas OTU that we
found in bran-reared insects. Wild coleopterans, such as the for-
est cockchafer, Melolontha hippocastani, which has a soil-dwelling
larval stage, have a microbiota dominated by Enterobacteri-
aceae, essentially a consortium of Serratia (Arias-Cordero et al.
2012), and a Shannon diversity index close to that observed
here for soil-reared insects (Arias-Cordero et al. 2012). Other
coleopterans, such as Agrilus planipennis and Nicrophorus vespi-
loides (Vasanthakumar et al. 2008; Wang and Rozen 2017) both
sampled from the wild and reared on a natural diet, also have
microbiota dominated by Pseudomonas sp., the Enterobacter group
and Serratia sp.. These findings show that our protocol can be
used to obtain insects with a diversified microbiota, closer to
that of wild insects than to that of laboratory-reared insect.

Steinernema–Xenorhabdus pairs can infect a large spectrum of
insects, but they have been studied mostly on lepidopterans.
The coleopteran T. molitor, had seldom been studied in this con-
text (Solomon, Paperna and Glazer 1999; Christen et al. 2007;
Susurluk 2007; Shapiro-Ilan et al. 2008). We showed here that
all three Steinernema–Xenorhabdus pairs were able to kill both
bran-reared and soil-reared T. molitor. As previously shown in
lepidopteran larvae (Bisch et al. 2015), the Sw-Xb pair was less
pathogenic than Sc-Xn and Sf-Xb for the infection of T. moli-
tor reared on sterile wheat bran. Interestingly, this difference
between pathogen pairs was smaller for insects reared on soil
samples: insect mortality was almost total for all pairs when
soil-acclimated insects were used. This suggests that some of
the bacteria present in the microbiota of soil-reared insects may
opportunistically infect insects after nematodes have perforated
the gut wall, contributing to insect mortality. This hypothesis is
consistent with the findings of previous studies showing that
infection with insect pathogens is facilitated by certain mem-
bers of the host gut microbiota (Caccia et al. 2016).

To confirm that nematode–bacteria pairs were able to com-
plete their life cycle when infecting soil-reared larvae, we mea-
sured the parasitic success (i.e. the emergence of IJs nematode
from the insect cadaver) of the Sc-Xn pair when infecting soil-
reared T. molitor. In this case, and at a suboptimal tempera-
ture of 18◦C, the nematode life cycle could be completed but
was delayed compared to what was classically observed on lab-
reared insects. These results are consistent with previous find-
ings on the effect of temperature on nematode life cycle (Grewal,
Selvan and Gaugler 1994; Saunders and Webster 1999).

We then used metabarcoding analysis to determine the com-
position of the bacterial communities found in insects killed
by the three Steinernema–Xenorhabdus pairs. These experiments
were performed on soil-reared T. molitor 10 days after infection,
a timepoint of Sc-Xn life cycle after insect death but before the
first emergences of new IJs. Despite the very different levels of
Xenorhabdus load of the three nematodes strains, the identity of
the nematode–bacterium pair used for infection had no effect on
alpha diversity, community evenness and a low effect on com-
munity composition. We expected the symbiont to dominate the
bacterial community in the insect cadaver. Indeed, high densi-
ties of Xenorhabdus have been reported during the first few days
of infection in Lepidopteran hosts (Isaacson and Webster 2002;
Walsh and Webster 2003; Singh et al. 2014). However, contrary to
our expectations, we found that Xenorhabdus did not dominate
the bacterial communities in the insect cadaver 10 days after
the infection of soil-reared T. molitor larvae. A first hypothesis to
explain this surprising result may be that Xenorhabdus does not
proliferate well in Coleopteran insects. However, T. molitor lar-
vae is a usual insect for in vivo production of entomopathogenic
nematodes (Shapiro-Ilan, Morales-Ramos and Rojas 2016). We
therefore favour a second hypothesis, in which the soil-rearing
of T. molitor larvae would be responsible for the diverse micro-
biota with low abundance of Xenorhabdus.

Xenorhabdus has a genomic potential for producing numer-
ous anti-microbial compounds (Tobias et al. 2017). Organ com-
partmentalization disappears in the insect cadavers because of
the tissue maceration. Gut-associated bacteria remaining in the
gut and bacteria proliferating in the hemocoel share therefore at
this timepoint the same compartment. As a result, our findings
raise the question about the role of Xenorhabdus antimicrobials,
particularly for the Sc-Xn and Sw-Xb pairs. The xenocoumacin
and odilhorhabdin produced by Xn F1 have been shown to
be involved in competition with bacteria within the insect
cadaver (Morales-Soto and Forst 2011; Singh et al. 2015). The



genome of the Xb CS03 strain includes a number of specific loci
potentially implicated in the inhibition of the microbial com-
petitors, and Xb CS03 has antibacterial activity in vitro directed
against species isolated from insects or nematodes (Bisch et al.
2016). The dominant OTUs from the host microbiota probably
resist to the antimicrobials produced by Xenorhabdus, or, alter-
natively, these antimicrobial compounds may no longer be pro-
duced or be efficient at such late stage of infection (Isaacson
and Webster 2002). An alternative explanation could also be that
Xenorhabdus is more sensitive to nutrient depletion than other
members of the microbiota in insect cadavers after ten days.

The bacterial communities in insect cadavers were mostly
dominated by one or two OTUs, which is coherent with a
study showing that the microbiota of decaying beetles is domi-
nated by one bacterial family (Meyer et al. 2017). Some of these
OTUs (e.g. from Morganella, Providencia, Serratia and Enterobacter
species) likely originated from the insect microbiota, as they
were found in both wounded insects with no nematode infec-
tion, and infected insects. These OTUs probably took advantage
of the death of the insect provoked by the nematode–bacterium
pair, as previously suggested (Isaacson and Webster 2002; Walsh
and Webster 2003). The dominant OTUs from the Enterobacter
group and from the genus Serratia were observed after treat-
ments with both the soil from CDS and MTF sites. Conversely,
the dominant OTUs from the genera Morganella and the Providen-
cia were found only after treatment with CDS soil, whereas the
dominant OTU from Pseudomonas was found mostly after treat-
ment with MTF soil. Thus, for a given host species, Steinernema–
Xenorhabdus pairs may encounter and potentially interact with
different sets of microorganisms according to their geographical
location.

In this experimental design, Xenorhabdus was often found
together with Alcaligenes, which was abundant only in infected
insects and was isolated from two of our nematode strains. Our
results therefore strongly suggest that Alcaligenes, like Xenorhab-
dus, is delivered to the insect by nematode vectors. Ento-
mopathogenic nematodes have been shown to carry several
presumably non-symbiotic bacteria that they release within
infected insects. Bacteria including Acinetobacter, Pseudomonas
aureofaciens, Pseudomonas fluorescens, Enterobacter agglomerans,
Serratia liquefaciens, Flavobacterium sp., Providencia vermicola, Provi-
dencia rettgeri, Citrobacter freundii and Staphylococcus succinus have
been isolated from various Steinernema strains including S. car-
pocapsae and S. feltiae (Walsh and Webster 2003; Gouge and
Snyder 2006; Somvanshi et al. 2006; Park et al. 2011; Quiroz-
Castañeda et al. 2015; Eivazian Kary and Cand Alizadeh 2016;
Eivazian Kary, Mohammadi and Girling 2017). The specific case
of A. faecalis is interesting, as this bacterium has been isolated
from different strains of S. carpocapsae and S. feltiae (Lysenko
and Weiser 1974; Eivazian Kary, Mohammadi and Girling 2017),
and we can now add S. weiseri to this list. Alcaligenes faecalis is
thought to be non symbiotic, but these results raise questions
about its role in the life cycle of Steinernema. In another study,
the bacterial genus Acinetobacter displaces the Xenorhabdus pop-
ulation to dominate bacterial community present in G. mellonella
cadavers eight days after the start of the nematode infection
(Walsh and Webster 2003). It is possible that Alcaligenes plays a
similar role in our system.

In conclusion, we show here that in our experimental condi-
tions the bacterial communities within the insect host cadaver
after EPN infestations are variable according to host indi-
viduals and geographical locations, and are not dominated,
at least at one stage, by the symbiont released from the
nematodes. In insect cadavers, Xenorhabdus species experience

antagonistic interactions but also competition for resources. It
was demonstrated that these interspecies competitions involve
in laboratory conditions (laboratory-reared insects and elevated
temperatures) both small antimicrobial molecules and bacteri-
ocins (Morales-Soto and Forst 2011; Singh et al. 2015; Ciezki et al.
2019). Our study raised, therefore, the question of the role of
these factors in bioassays close to conditions compatible with
natural infestation.
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