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Abstract

Siderophores are natural metal chelating agents that strongly control the biogeochemical metal 

cycles such as Fe in the environment. This article describes a new methodology to detect and 
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2

quantify at the micromolar concentration the spatial distribution at millimetre scale of 

siderophores within the root’s system. The “universal” CAS assay originally designed for 

bacterial siderophores detection and later designed for fungus was adapted here for diffusive 

equilibrium in thin film gel techniques (DET). The method was calibrated against the marketed 

desferrioxamine mesylate (DFOM) siderophore and applied with experiments performed with 

sunflower (Helianthus annuus) and wheat (Triticum aestivum) cultivated on free iron agar 

medium plates. We present here the first results with 2D images of the siderophores distribution 

in the vicinity of the root system of plants. With this technique we detected (i) the production of 

siderophores on bacteria inoculated (Pseudomonas fluorescens) environments, (ii) hotspots of 

natural iron binding ligands production up to 50 µM in the wheat rhizosphere. The lower 

detection limit in our experiment was 2.5µmol/L. This new technique offers a unique opportunity 

to investigate the siderophore production in 2 dimensions in a wide range of applications from 

laboratory experiments to natural systems very likely using an in situ and non-destructive tool.

Introduction

Siderophores are organic iron-specific ligands with low molecular masses, which mainly 

sequester Fe3+ under depleted iron conditions1,2. Iron is essential for living organisms as it is 

involved in many metabolic pathways (i.e., respiration, oxygen metabolism, electron transfer). 

Under free iron-depleted environments, micro-organisms and plants are able to produce 

siderophores3-8. Siderophores allow the recovery of iron from low bioaccessible sources such as 

the different Fe-bearing phases in soils, and its transport to the organisms9,10. Because iron 

availability is particularly low in environments with pH neutral and alkaline (i.e. carbonated soils 

and oceans), siderophores play an important role in the biogeochemical cycle of iron in these 
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environments6,11-14. Recently, it was demonstrated that siderophores are also involved in the 

geochemical cycle of other nutrient metals such as Cu, Co, Mn, Mo, Ni15-20. Besides providing 

metals nutrients to organisms, siderophores enhance the biomass production in marine 

environments, i.e., plankton21 , bacterial biomass22 and reduce plant pathogens in soils23-25. 

Siderophores can also contribute to metal bioremediation16,26-28. Thus, it would be wise to study 

the distribution of siderophores in environments to better understand both the patterns of 

production as well as the geochemical cycle of many metals in soils.

To describe the natural distribution of siderophores in soils is challenging because of (i) their low 

concentration (~nM)29-31, (ii) the spatial heterogeneity of their distribution and (iii) the difficulty 

of accessing the root system without altering it. To overcome these problems the main procedure 

for analyzing them relies on the pre-concentration of soil pore-waters or seawater29,32,33, or on the 

use of hydroponic growth systems to sample the root’s exudate34-38. For now, only one study has 

reported siderophore production in natural soils using non-destructive root exudate collectors39. 

While siderophores are more concentrated in the rhizosphere area as a result of the high density 

of microorganisms, some of which are able to produce siderophores, and/or due to the production 

of phytosiderophores by plants such as Poaceae, their quantification in the bulk soil remains a 

challenge due to lower siderophore production. 

Here we aim to accurately detect and quantify the distribution of siderophore concentrations in 

the rhizosphere in two dimensions using an in situ and non-destructive sampling device. For this 

purpose, we developed a new method combining the colorimetric assay based on the Chrome 

Azurol S (CAS) colorimetric reagent that is a universal test to measure the Fe-chelating function 

of siderophores1, with the diffusive equilibrium thin film technique (DET). Previously, the DET 

was used with the colorimetric method to obtain 2D distribution of elements such as iron and 
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4

phosphates40-43. It was more recently improved with the use of the hyperspectral camera allowing 

a higher resolution and sensitivity as shown with iron/phosphates41 and nitrite/nitrate DET44. By 

combining hyperspectral imaging, the CAS method and DET technique, we developed a CAS-

DET device that was tested in artificial media cultivated with wheat and sunflower. This device 

is composed of a sampling DET probe that is in contact with the studied medium/environment 

and a CAS reagent gel that is applied onto the DET probe after retrieval. Such approach gives it 

several advantages: (i) it allows passive in situ sampling of the growth medium pore-waters 

based on a diffusive equilibrium between a sampling medium device (polyacrylamide gel) and 

the natural pore-waters45. (ii) It prevents the CAS reagent from diffusing into the environment 

that could result in a loss of accuracy of the mapping and the contamination of the environment 

at the vicinity of the probe1,46. (iii) It better constrains matrix effects such as pH or ionic strength 

variability using a buffered reagent gel.

Experimental Section

Reagent gel preparation. The colorimetric reaction is based on the CAS assay1. The CAS 

reagent mixed with iron develops blue dyes (Fe-Dye). In presence of stronger ligand (L), such as 

siderophore, than CAS ( stability constant, pH=7, logK(Fe3+) = 15.6 to 36.2 47, the iron will 

complex with the ligand and the CAS dye will return to its original orange/pink coloration 

according to the thermodynamic equilibrium. The following equation (Eq.1) shows the chemical 

principle of the reaction:

Fe-Dye (Blue) + L  Fe-L + Dye (pink) (Eq.1)

The CAS reagent was based on Andrews and Duckworth48 using Fe(NO3)3, Chrome Azurol-S 

(CAS), a surfactant (DDAPS) and the ammonium acetate buffer (NH4ac) and slightly modified  

Page 4 of 24

ACS Paragon Plus Environment

Analytical Chemistry

1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23
24
25
26
27
28
29
30
31
32
33
34
35
36
37
38
39
40
41
42
43
44
45
46
47
48
49
50
51
52
53
54
55
56
57
58
59
60



5

to obtain the following concentrations: [Fe3+] =20µM; [CAS] =120µM; [DDAPS] =3.8mM; 

[NH4ac] = 950µM. The coloration of the CAS assay is known to be pH dependent49, the color 

varying from green in basic pH to pink/red under acidic pH. Because the soil pore-waters can be 

variable in pH with depth, our CAS reagent was designed to be buffered under soil conditions 

(i.e from 5 to 9, Figure S1). The reagent gels are a 1 mm thick agarose gel (1.5wt%). Because 

this method is a colorimetric based technique, to achieve homogeneous coloration on such thin 

reagent gel is tremendously important. Preliminary results showed that diffusion of the reagent 

into the gel was highly heterogenous. In this context, the CAS assay was directly added to the 

melted agarose (60°C) as done for bacterial or fungus cultures on agar plates48-50. The mixed 

solution was then slightly agitated and gently poured in a polycarbonate mold designed to make 

a 1mm thick agarose gel. In order to congeal the agarose, the filled mold is left for at least 30min 

at 5°C. 

In the reagent gel, as in solution, the dyes were formed by the CAS-Fe-DDAPS complex, and 

have a blue color and a maximum absorption peak at 622 nm. In the presence of ligands such as 

siderophores the iron is chelated and thus the iron free CAS-DDAPS complex is released leading 

to a decrease in the absorption at 622 nm. 

Gel probe preparation and calibration. The probe is a 1 mm thick polyacrylamide gel 

stored in deionized water and prepared according to Jézéquel et al.40, adapted from Zhang and 

Davison51. The gel was mounted in a 1 mm central depression on a polycarbonate plate and 

covered with a PVDF polyhydrophilic membrane (0.2µm, Durapore) taped on the plate. 

For calibration, a 1 mm thick polyacrylamide gel was set between two pieces of polycarbonate 

plate tightly pressed together, one of which was designed to have 7 holes (schematic of the 

device detailed in Cesbron et al. 2014, supporting information41). These holes were used as 7 
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6

wells, filled with 3.5 mL of standard solutions, covered by caps and left at least 1 hour to 

equilibrate. The standard solutions were made from desferrioxamine mesylate (DFOM, Sigma 

Aldrich) which has a stronger affinity (logK(Fe3+) = 30.6 52) for iron III than the CAS molecule. 

The standard DFOM solutions were prepared to range from 2.5µM to 40µM and one well was 

filled with deionized water used as blank (DFOM .= 0µmol/L)

The reagent gel was withdrawn from its mold and settled on a flat white support. 

Following this, the polyacrylamide gel was removed from its support and gently placed on the 

reagent gel using a moistened PVDF porous membrane. The two superimposed gels were 

covered by a thin transparent polyacetate film to avoid evaporation. The image acquisition was 

realized at least 1.5h after the assemblage of the two gels.

Data acquisition and image treatment. The quantification of the siderophore 

concentration was entirely based on imagery technique. The assembled gels were scanned by a 

common commercial flatbed scanner (Canon Canoscan LiDE 600F) for the preliminary kinetics 

studies and by a hyperspectral camera (HySpex VNIR 1600) for quantitative analyses. 

Conventional scanner imagery. The kinetic controls of the reaction were done using a 

DFOM solution at sufficient concentration (30µmol/L) to be detected by a conventional office 

flatbed scanner. The images obtained were processed using ImageJ 1.31 open source software 

and were decomposed into primary colors RGB intensities, each being converted into a gray 

scale image. The intensity of colored zones was mainly in the red channel and therefore the 

image analyses for kinetics controls were based on the information held in this channel (Figure 

2&3).

Hyperspectral imagery. In order to quantify at high spatial resolution and sensibility the 

siderophore concentration, the image acquisitions of the two superimposed gels, after completion 

Page 6 of 24

ACS Paragon Plus Environment

Analytical Chemistry

1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23
24
25
26
27
28
29
30
31
32
33
34
35
36
37
38
39
40
41
42
43
44
45
46
47
48
49
50
51
52
53
54
55
56
57
58
59
60



7

of the colorimetric reaction, were done with a hyperspectral camera HySpex VNIR 1600 camera 

with 160 channels. The camera was set up to scan samples with a spectral resolution of 4.5 nm 

and a sampling step of 3.7 nm covering a spectral range from 400 to 900 nm and a spatial 

resolution of 60 × 60 μm per pixel. To minimize evaporation, acquisition time was set to 8 min. 

However, the quantification of the siderophore concentration based on this imagery technic is not 

direct and requires the following image treatment, performed here using the software ENVI 

classic®: (1) The hyperspectral camera obtains reflectance spectra. The reflectance was 

calculated by dividing each column of the analyzed image by the mean intensity of the light 

reflected from the white reference panel Spectralon® (~99% reflectance in the 400–900 nm 

range) scanned alongside, in order to avoid the residual non-uniformity of the sensor. (2) In order 

to obtain the most accurate image as possible, it is necessary to remove the background noise 

that corresponds to erratic pixels (for example due to dust and air bubbles). This is a statistical 

treatment (“minimum noise fraction” function) retaining only the informative pixels. (3) This 

step is dedicated to the calculation of the transmittance spectrum. It is from these spectra that 

siderophore concentration can be calculated. Our gels formed a homogenous and compact layer 

having two plane-parallel faces deposited on a background (i.e. the white support). The reflected 

radiation results from (i) the inherent reflectance of our gels (measured with a black background) 

and (ii) the multiple background reflectance radiations which are the reflected signal from the 

non-black background, modified by the transmittance T of the gels53,54. Using a blank gel (i.e. 

without any coloration) the inherent reflectance was measured. This has a very low contribution 

(less than 5%) to its apparent reflectance spectrum that can be set to 0. This spectral property of 

our gel was found to be the same as for microphytobenthos biofilm previously studied with the 

same hyperspectral camera55-57. Therefore, the optical model used by those authors was applied 

Page 7 of 24

ACS Paragon Plus Environment

Analytical Chemistry

1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23
24
25
26
27
28
29
30
31
32
33
34
35
36
37
38
39
40
41
42
43
44
45
46
47
48
49
50
51
52
53
54
55
56
57
58
59
60



8

on our gel images to calculate the transmittance signals from the measured reflectance signals 

(see equation 9 in Launeau et al., 2018). Therefore, a transfer function was used for converting 

the transmittance signal at 622nm into concentration (Eq.2) obtained from the analysis of the 

calibration gel.

Plant Experiments. For validation, experiments were performed with plants cultivated in 

chemically controlled environments. Square Petri dishes (120mm × 120mm × 10mm) were 

vertically filled with a mix of crumbled agar (9‰) and glass balls (SiO2, Ø=0.5mm) in order to 

reproduce the natural structural heterogeneity of a soil. The seeding was done in a way that 

allows the opening of the Petri dishes without touching or moving the roots. A nutritive 

Hoagland solution was prepared without Fe to enhance the siderophore production and without 

PO4
3- as a precaution against its potential interference at high concentration with the reagents of 

the CAS assay1. However, PO4
3- is necessary for plant growth, and so a source of phosphate 

under a solid form (i.e., a layer of CaPO4 powder) was added at the bottom of each Petri dish. 

The possible PO4
3- interference will be detailed in a dedicated section later in the text. 

Two Petri dishes were dedicated to the Triticum aestivum culture and two others to Helianthus 

annuus. Triticum aestivum was selected because of its potential as a Poacea to produce its own 

siderophores called phytosiderophores58-60. Helianthus annuus was used as a control plant 

because it does not produce phytosiderophores. For each experiment one of the two Petri dishes 

was inoculated with 7.6 mL of a 24h culture of the bacteria Pseudomonas fluorescens (ATCC 

17400) incubated in a Casamino acid medium (CAA, 25°C).  Pseudomonas fluorescens is well 

known to produce siderophores in free-iron depleted environment61-63. Before the inoculation, 

the cell suspension was concentrated to 1/5 by centrifugation at 7690g/6min. The plants grew 

during 10 days before the deployment of the CAS-DET device. After 10 days, the Petri dishes 
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9

were opened, and DET probes were put in close contact with the agar for 2 to 3h in order to 

reach equilibrium between the gel probe and the agar solute. The successive steps of the CAS-

DET device deployment are shown in a workflow schematic in Figure 1. Images were acquired 

the same way as for the calibration curve, with the hyperspectral camera after 1.5h of contact 

between the gel probe and the reagent gel. We applied a false color filter on the image converted 

into concentration to enhance the visibility of the colorimetric variations.

Figure 1: Schematic of the CAS-DET device deployment.
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10

Results and Discussion

Equilibrium kinetics between gel probe and porous solution. The DET technique is 

based on the free diffusion of the pore-water compounds towards a hydrogel and chemical 

equilibrium between the gel and the external medium. Therefore, equilibrium time will depend 

on diffusion rates of the compounds and tortuosity of the porous media. To optimize the duration 

of that equilibrium phase, the kinetics of siderophore diffusion into the polyacrylamide gel was 

tested using a DFOM solution of 30 µmol/L. Diffusion time ranged from 30 min to 8h30 (Figure 

2). As shown by the obtained profiles, the intensity of the signal is stable from 1h to 8h30 of 

equilibration and the lateral diffusion remains negligible as it does not exceed 2 mm of diameter 

enlargement after 8h of equilibration. Therefore, we recommend an equilibration time between 2 

and 3 hours between the probe and the environment as applied for our plant experiments in order 

to enlarge the range of temperature conditions and siderophores that might have different 

diffusion coefficients.
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11

Figure 2: Equilibrium kinetics between DFOM and the polyacrylamide gel probe. The gel 

image was reported on the top with the time of equilibration between the DFOM solution 

(30µmol/L) and the gel probe. The image was taken 1h after contact with the reagent gel. The 

dashed circles correspond to the well edges. The profiles presented here were obtained from the 

red channel analysis of the image through a cross section of each one of the wells. The right part 

of the graph is a zoom of the well’s edge profiles.

Reaction kinetics of DFOM with the reagent gel. The optimal staining time starting 

after contact between the polyacrylamide gel and the reagent gel depends on the completeness of 

color development. The kinetics of the colorimetric reaction depends on the diffusional 

equilibrium between the 2 gels and the diffusional relaxation, which alters the fidelity of 

distribution of the measured dissolved species. For this monitoring, we used a concentrated 

solution of siderophore (DFOM=30µmol/L). The completion of the reaction between the reagent 

gel and the gel probe has taken 1.5h (Figure 3b,c) then the signal remained stable in the 

following 3h (Figure 3c). 

Figure 3: Reaction kinetics of DFOM with the reagent gel. a. calibration gel, DFOM between 

0 to 40µmol/L from bottom to top (0; 2.5; 5; 10; 20; 30; 40µmol/L). The black vertical line 
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12

represents the cross section presented in Figure 3b. b. DFOM profiles (30µmol/L) through time 

after contact between the calibration gel and the reagent gel, converted into gray scale from the 

red channel filter (Image J software treatment). The black line represents the values used to 

obtain the time profile presented on Figure 3c. c. Gray scale values’ evolution with time. Dot 

colors correspond to profile colors from Figure 3b.

The good superimposition of the profiles at the boarders of standard wells (Figure 3b) indicates 

that the lateral diffusion of the iron free CAS-DDAPS complex is minimal after contact with the 

reagent gel. Consequently, the relaxation effect is negligible during the colorimetric reaction if 

the image acquisition is done within a temporal window of 5h after contact between probe and 

reagent gels. 

Calibration Curve. Initially, the image treatment method from hyperspectral 

measurements was set up on gels with standard solutions (with DFOM at 2.5 up to 40 µmol/L 

and deionized water for control) and compiled in Figure 4. A region of interest (Figure 4a) was 

selected on the image of the assembled gels for the six DFOM standards and the control resulting 

in a mean reflectance spectrum for each concentration (Figure 4b). Using the image treatment 

previously detailed, reflectance spectra are converted into transmittance spectra (Figure 4c). A 

relation between the maximum transmittance signal at 622 nm and the siderophore concentration 

(Figure 4d) was established (Eq.2, r²=0.995) such as:

Cs = 205.12*T-127.55 (Eq.2)

Cs: Concentration siderophore

T : transmittance signal at 622nm.
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Figure 4: Colorimetric calibration. a. Image of assembled DFOM calibration and reagent gels. 

Dashed lines represent the ROI (Region of interest) selected for image treatments. b. Mean 

reflectance spectra obtained from each ROI. c. Transmittance spectra calculated from the 

previous reflectance spectra assuming a flat background given by a regression line in the 720-

920 nm spectral range. d. Transfer function obtained from the maximum transmittance signal 

(622nm) and the siderophore (DFOM) concentration.

PO4
3- interference assessment. As described above, plant experiments conducted in the 

agar growth media were performed using a modified Hoagland nutritive solution in order to 

avoid any potential interference of dissolved phosphate that is as concentrated as 1 mmol/L in 

the usual Hoagland solution64. In order to open the application of the DET-CAS device to natural 
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environments, we tested the interference of phosphate that covers a classic range of 

concentration found in pore-waters from soils or sediments (up to 100-200 µmol/L in marine 

sediment pore-water65,66, and up to 100 µmol/L in soil pore-water67-69). A range of K2HPO4 

solutions was prepared from 25 to 300 µmol/L and equilibrated with a gel following the same 

image acquisition and treatment than for the DFOM calibration. We obtained reflectance spectra 

without any observable decrease at the absorbance value of 622 nm (Figure S2) allowing the 

application of the CAS-DET device in natural environments.

Experimental application. Figure 5 shows for the first time the distribution of 

siderophores that were produced around the root web under different conditions for two plants: 

sunflower (H. annuus, E1 and E2) and wheat (T. aestivum, E3 and E4), grown in Petri dishes 

within an agar medium.

Sunflower experiments. Treated images do not significantly detect the presence of 

siderophores in the experiment E1. Under iron stress H. annuus lowers the pH of the nutrient 

solution to increase the rate of the iron uptake but does not produce any iron-ligands70,71. 

Consequently, in absence of siderophore microbial producers, it was expected to have a free-

siderophore environment. This result confirms that our culturing medium as well as the root 

exudates does not interfere with the reagent to create a false positive result. In experiment E2, the 

presence of siderophores is slightly visible on the edge of the culturing medium but remains 

close to the injection spots of P. fluorescens.

Wheat experiments. In the experiment E3, we were able to detect siderophores centered 

around the main root of the system. Because this experiment was performed without any addition 

of siderophore microbial producers, we demonstrated here the capability of our device to detect 

the natural production of iron-ligands produced by the wheat roots. Although our method does 
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not allow identification of the nature of iron-ligands, it is reasonable to suggest that the iron-

ligands detected here were phytosiderophores. Indeed, T. aestivum is well known to naturally 

produce phytosiderophores in free-iron environments especially during the first stage of 

growth39,58-60. As shown here, this method allowed to precisely locate the main area where 

phytosiderophores were produced.

In experiment E4, we clearly documented a strong production of siderophores along the sites 

where the bacterial solution was inoculated, with a maximum concentration reached at the 

vicinity of the dense root web. Surprisingly, for both experiments, the siderophore concentrations 

were higher than the maximum of 40µmol/L as set up for the calibration curve. Obviously such 

high concentrations are not representative of natural environments, as we will discuss later, 

however it allows us to validate the use of this technique by successfully providing a 2D map of 

the siderophore sites of production from both plants and bacteria.
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Figure 5: Experiments on iron-free agar plates. Stars symbolize the P. fluorescens inoculation 

spots. The surface of the agar medium gel is delineated by the red line (note that the agar 

expanded further up during the contact with the CAS-DET device). The roots are indicated on 

the gel images by plain dark lines when the roots were at the surface of the agar plate (i.e. in 

Page 16 of 24

ACS Paragon Plus Environment

Analytical Chemistry

1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23
24
25
26
27
28
29
30
31
32
33
34
35
36
37
38
39
40
41
42
43
44
45
46
47
48
49
50
51
52
53
54
55
56
57
58
59
60



17

direct contact of the gel probe) and with dashed lines when they were deeper within the agar 

medium. From left to right we present the agar plates’ pictures, the transmittance images of the 

gels at 622 nm and then the images converted into concentrations. 

Plant experiments comparison. For both experiments E2 and E4 (inoculation with P. 

fluorescens), the concentration of siderophores was detected and quantified but respective 2D 

distribution was very different with a very intense siderophore production for wheat after 

inoculation. Two non-exclusive explanations can be argued to explain such a difference between 

wheat and sunflower experiments: (i) P fluorescens does not survive well and/or only produces 

small amounts of siderophores per bacterial cell in the sunflower rhizosphere because plant 

exudates are not adequate for its growth and/or its siderophore production, and overall it results 

in a low production of siderophores. (ii) On the contrary, the wheat rhizosphere is known to host 

and favor the growth of P. fluorescens72-75. The capability of the wheat to offer a favorable 

environment to P. fluorescens allows bacteria to successfully grow and to produce siderophores. 

The high concentration of siderophores measured in the wheat root system E4 results from the P. 

fluorescens siderophores and, possibly in addition, from the phytosiderophore production 

(experiment E3). It was shown in the literature that the presence of P. fluorescens can enhance 

the production of siderophore by the plant itself (i.e. phytosiderophores) in the wheat 

rhizosphere76. 

The concentrations obtained from experiments E3 and E4 reached 50µmol/L which is in 

accordance with previous studies performed with the soil solutions and/or from the total root 

exudates39,77,78. Additionally, the CAS-DET technique allows to quantify the concentration of 

siderophores and to locate their production hot-spots. For example, in experiment E3 the 
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production is strongly concentrated in a small area around a root at the edge of the culture 

medium. We can also see a more diffuse distribution of the siderophores where the roots are 

deeper within the medium. The CAS-DET device gives new insights to better understand the 

production pattern of siderophores in the rhizosphere as it allows: (i) clear identification of the 

area of production, (ii) to quantify the in situ production. However, we are aware that our 0-iron 

environments maintained during 10 days are not representative of a natural environment and 

clearly enhance the capability of both bacteria and plants to produce siderophores in high 

quantity as shown in previous studies39,79. Nevertheless, these results allow us to fully validate 

the use of this technique as a non-destructive tool to quantify and map in 2D the siderophore 

production in the rhizosphere.

Recommendations for natural environments applications. In natural environments 

some factors can influence the diffusion of siderophores into the probe such as the tortuosity of 

the soil, the temperature, and the ionic strength of the pore-water. A lower temperature, a strong 

tortuosity and strong ionic strength are factors than can delay the diffusion of siderophores 

towards the probe. As shown for other DET devices, those factors lead to higher equilibration 

time, up to 5h, between the environment and the gel probe 42,80. A higher equilibrium time may 

lead to a loss of spatial resolution due to lateral diffusion within the gel probe. However, the 

device will still be able to locate at the precision of the pixel the site of siderophore production 

and diffusion modelling may help at reconstructing in situ chemical gradients44.

The CAS-DET device allows the detection of all the ligands with higher affinity for iron than the 

CAS ligand. Therefore, we recommend to use this CAS-DET device in combination with a DET 

iron-phosphate probe which is able to detect both free iron and phosphate 41. This second probe 

will control the amount of free-phosphate in the environment preventing false interpretations of 
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the CAS-DET results due to potential high concentration PO4
3- hotspots. In addition this DET 

probe allows quantification of the total amount of iron in pore-waters41,81. The combination of 

the two probes will allow to better understand siderophore spatial distribution in the context of 

iron bioavailability and nutrients uptake.

Conclusion

The results obtained in this study clearly demonstrate the capability of the CAS-DET device to 

map the siderophores in artificial environment such as agar medium, and, combined with the use 

of the hyperspectral imaging, to quantify them at micro-molar scale. We are confident that this 

device is also suitable for deployment in environments such as natural soils where high spatial 

heterogeneity and siderophore distribution as hotspots along roots is expected. This technique 

combined with other DET probes that are able to detect dissolved iron, phosphate 41,81 or 

manganese, can provide a powerful tool to assess free and complexed metal distribution in the 

environments. Therefore, the combined use of different DET probes along with our device will 

give a great opportunity to investigate the trace metal transfer from soil to plants to understand 

fundamental mechanisms as well as for more applied objectives such as phytoextraction.

Supporting Information:

Two figures are shown in supporting information regarding pH and PO4
3- concentrations under 

which our CAS assay can be used.
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