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Summary 

Photosymbiosis between single-celled hosts and microalgae is common in oceanic plankton, 

especially in oligotrophic surface waters. However, the functioning of this ecologically important 

cell-cell interaction and the subcellular mechanisms allowing the host to accommodate and benefit 

from its microalgae remain enigmatic. Here, using a combination of quantitative single-cell 

structural and chemical imaging techniques (FIB-SEM, nanoSIMS, Synchrotron X-ray 

fluorescence), we show that the structural organization, physiology and trophic status of the algal 

symbionts (the haptophyte Phaeocystis) significantly change within their acantharian hosts 

compared to their free-living phase in culture. In symbiosis, algal cell division is blocked, 

photosynthesis is enhanced, and cell volume increases up to 10-fold with a higher number of 

plastids (from 2 to up to 30) and thylakoid membranes. The multiplication of plastids can lead to 

a 38-fold increase of the total plastid volume in a cell. Subcellular mapping of nutrients (nitrogen 

and phosphorous) and their stoichiometric ratios show that symbiotic algae are impoverished in 

phosphorous and suggest higher investment into energy-acquisition machinery rather than growth. 

Nanoscale imaging also showed that the host supplies a substantial amount of trace metals (e.g. 

iron and cobalt), which are stored in algal vacuoles at high concentration (up to 660 ppm). Sulfur 

mapping reveals a high concentration in algal vacuoles that may be a source of antioxidant 
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molecules. Overall, this study unveils an unprecedented morphological and metabolic 

transformation of microalgae following their integration into a host, and suggests that this 

widespread symbiosis is a farming strategy whereby the host engulfs and exploits microalgae.  

 

Keywords: symbiosis, plankton, microalga, single-cell imaging, photosynthesis, mass 

spectrometry imaging, 3D electron microscopy 
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Introduction 

Acquisition of plastids by eukaryotic host cells via endosymbiosis with microalgae is heralded as 

one of the most important biological innovations [1,2]. Prior to genetic integration, hosts had 

strong control over their photosynthetic symbionts by driving metabolic integration [3,4]. In 

today’s oceanic plankton, living in symbiosis with microalgae (photosymbiosis) is a widespread 

and ecologically important phenomenon [5,6]. The widely distributed photosymbiosis between 

heterotrophic radiolarian hosts and eukaryotic microalgae is abundant in surface oligotrophic 

waters [5,7–9]. These organisms significantly contribute to planktonic biomass, carbon fixation 

(through photosynthesis of the algal symbionts), and carbon export to the deep ocean [9–12], 

making them important components of oceanic ecosystems. Photosymbiosis may become even 

more prominent in the oceans of the future since oligotrophic provinces are expanding due to 

global warming [13]. While knowledge of the diversity of eukaryotic photosymbioses has greatly 

improved in the past decade (e.g. radiolarians, foraminiferans) [7,14], their physiology and 

metabolism remain largely unexplored, as does their biogeochemical significance in marine 

ecosystems. In particular, investigating the structural and metabolic strategies that allow host cells 

to integrate and control intracellular microalgae has been a major challenge due to the highly 

complex nature of their intertwined partnerships, the lack of stable cultures, and the scarcity of 

knowledge about their genomes and protein functions [15,16]. In the ecologically successful 

symbiosis between Acantharia (radiolarian host) and the microalga Phaeocystis, the host depends 

entirely on engulfed symbiotic microalgae for growth and survival (i.e., obligatory symbiosis) [7]. 

By contrast, the microalga Phaeocystis, which is a keystone phytoplankton taxon that shapes the 

structure and function of marine ecosystems, can exist in free-living forms in the environment 

[17,18]. Phylogenetic analyses including different nuclear and plastidial genes suggest that the 

free-living and symbiotic Phaeocystis populations are genetically identical in a given oceanic 

region (e.g. Phaeocystis cordata in the Mediterranean Sea [7]). Living with the locally adapted 

and abundant symbiont genotypes would be an advantageous strategy for acantharian hosts that 

must re-establish the symbiotic partnership at each generation (i.e., horizontal transmission). 

We studied this ubiquitous symbiotic interaction between single-celled organisms, which 

represents a promising model to study the cellular integration of algae into a host and therefore to 

elucidate the possible processes underpinning plastid acquisition in eukaryotes. We used a 

combination of 3D electron microscopy, nanoscale mass spectrometry and X-ray fluorescence 

imaging to investigate the transition between free-living and symbiotic stages of the microalgae at 

the subcellular level, and disentangle the role of each symbiotic partner. These techniques were 

complemented by physiological analyses to offer a comprehensive picture of the physiology and 

metabolism of the interaction. We showed that, within their host, division of algal cells is blocked, 

and their ultrastructure, physiology and trophic state significantly change, transforming them into 

a highly productive photosynthetic machinery. This algal remodeling, presumably induced by the 

host, suggests that this widespread and abundant symbiosis could represent an algal farming 

strategy, providing a new paradigm for the ecological success of planktonic photosymbiosis in the 

oligotrophic oceans. 
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Results and Discussion 

Major structural transformation of symbiotic microalgae for enhanced photosynthesis 

We investigated the ultrastructure of microalgal symbionts (Phaeocystis cordata) within their 

acantharian hosts (Figure 1A), collected from marine surface waters, and of their free-living phase 

(i.e. grown ex hospite in culture). To preserve their native ultrastructure and chemical composition, 

cells were cryofixed with high pressure freezing, subjected to freeze substitution and embedded in 

resin. Transmission electron microscopy of ultrathin sections showed that the free-living 

microalgae were 3-5 µm in size and typically possessed two parietal plastids (Figure 1B), as 

described in the taxonomic diagnosis of the species [19]. In stark contrast, the symbiotic 

microalgae were substantially larger (8-10 µm in size), with average volumes up to 10-fold larger 

than those of the free-living cells. In addition to a nucleus, symbiotic microalgae possessed up to 

31 pyrenoid-containing plastids, located predominantly at the periphery of the cells (Figure 1). 

Three-dimensional subcellular reconstruction showed the multiple inter-connected plastids 

occupied most of the algal cell volume and were 3-fold more voluminous than plastids in the free-

living microalgae (Figure 1D-E, Figure S1, Video S1). In a single algal cell, our morphometric 

analyses based on 3D models revealed a 30-fold increase of the total surface of plastids (from 8.4 

µm2 in free-living to 251.6 µm2 in symbiosis) and a 38-fold increase of the total volume of plastids 

(from 1 µm3 in free-living to 38.6 µm3 in symbiosis). In addition, the plastids of symbiotic 

microalgae contained far denser networks of stacked thylakoid membranes (17 nm thick), which 

occupied 64% (± 9%) of the plastid surface area compared to 47% (± 13%) in the free-living 

microalgae (Figure 1C). Thus, microalgae in symbiosis significantly expand their photosynthetic 

surfaces by multiplication of voluminous plastids (from 2 to 31) and thylakoid membranes. 

To our knowledge, this significant morphological transformation of the photosynthetic machinery 

has not been reported in other symbiotic algae from terrestrial and marine ecosystems, such as in 

coral and other planktonic symbioses [20,21]. To test whether photosynthetic activity is affected 

by these morphological changes, we conducted in vivo photophysiology measurements based on 

measurements of chlorophyll fluorescence in the free-living and symbiotic microalgae. We found 

that the electron transfer rate (ETR), a widely used parameter to assess photosynthetic efficiency 

[22], was significantly higher (up to three times) in the symbiotic microalgae than in the free-living 

microalgae (Figure 1F). Within the host, photosynthesis was enhanced in a range of light 

conditions (29 to 672 µmol photons m-2 s-1) encompassing values experienced by these organisms 

in the natural environment [23]. Based on the photosynthesis (ETR) –irradiance curves, different 

parameters of free-living and symbiotic microalgae were evaluated, such as the maximum 

photosynthetic capacity (Pm), the photosynthetic efficiency under light levels close to zero (the 

initial slope α), and the minimum photosynthetic saturation irradiance (Ek) [24]. Compared to free-

living, we found higher values of Pm (128.85 ±  6.5 vs 41.34 ± 0.87),  α (0.61 ±  0.04 vs 0.40 ± 

0.02) and Ek (211.50 ± 16.32 vs 103.12 ± 6.03) in symbiotic microalgae, suggesting that the 

photosynthetic activity at limiting and saturating light levels was enhanced in symbiosis (Table 

S1). More particularly, we can conclude that light capture at limiting light was higher in symbiosis 
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(1.5 times more), as well as carbon assimilation at saturating light (3.1 times more). In addition, 

excess light dissipation via non-photochemical quenching (NPQ) was diminished in symbiotic 

microalgae in high light conditions (Figure S2). This suggests that symbiotic microalgae were less 

exposed to excess light stress, confirming that the environment provided by the host is optimum 

for their photosynthesis.  

 

High nitrogen and low phosphorous conditions in symbiotic microalgae 

The structural and associated physiological changes of symbionts may be promoted by the host to 

maximize photosynthetic capacity and thereby fully benefit from the photosynthates, such as 

sugars. The transformed microalgal cells are maintained in an intracellular vacuole (symbiosome, 

Figure 1), where the host has to provide essential nutrients (nitrogen, phosphorous and trace 

metals), which generally limit primary productivity of phytoplankton in oceanic waters [25]. In 

order to highlight possible metabolic changes induced by symbiosis, we investigated the 

subcellular distribution and composition of nutrients in free-living and symbiotic microalgae. Note 

that we hereafter compared algal cells grown in an artificial culture medium (free-living condition) 

and algal cells maintained in the micro-habitat provided by their host (Table S2). 

The nitrogen (N) to phosphorus (P) ratio is generally considered a proxy for the metabolic 

investment of a cell [26]. Depending on environmental factors, microalgal cells are able to 

differentially allocate N and P into either energy-acquisition machinery (N-rich proteins: high N/P 

ratio) or growth machinery (P-rich RNA: low N/P ratio) [27,28]. To reconstitute N/P ratios in host 

cells, symbiotic microalgae and free-living microalgae, we mapped the content and distribution of 

N and P at a subcellular level using nanoSIMS. In order to compare the relative N and P content 

between host, symbiotic and free-living microalgae, the total ions counts of these elements were 

normalized by the total ions counts of carbon (C2). We showed that symbionts have higher N/P 

ratios than their hosts (Figure 2C; Data S1), due to a higher N content of the plastids (p < 0.05; 

ANOVA, Figure 2A, Data S1), and a lower cellular P content (Figure 2B). P in symbionts was 

mainly contained in the nucleus with no evidence of cellular storage (Figure 2B). By contrast, the 

host cells contained cytosolic hotspots of P, where the content was three- and ten-fold higher than 

that in the nucleus and plastids of the symbionts, respectively. Overall, N/P ratio mapping in cells 

suggests the existence of an optimal metabolic coupling and labour division between host 

(investment in growth) and symbionts (investment in energy-acquisition), which likely provides a 

competitive edge in resource-limited oceanic waters, like in the Mediterranean Sea.  

Compared to free-living cells, the N/P ratios of the symbiotic microalgae were 2-fold higher, 

especially in plastids (p = 0.002, ANOVA; Figure 2I). This was mainly caused by the lower P 

content of the plastids in the symbionts, since the N content was comparable in plastids of 

symbiotic and free-living cells (p>0.01, ANOVA; Figure 2 G-I). The P content in symbiotic 

microalgae could be two times lower than that of free-living cells, and the plastids exhibited a 

significantly low P content with respect to the cytosol (p < 0.05; ANOVA; Figure 2B,E). By 

contrast, in free-living cells, P was homogeneously distributed and did not exhibit a lower 

concentration in the plastids (Figure 2E; Data S1). As the non-storage P in algae is mainly 
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contained in RNA, followed by DNA and phospholipids [29,30], subcellular P mapping suggests 

that these molecules were present in lower concentration in symbiotic versus free-living 

microalgae. This could result from the increased primary productivity of the symbiotic microalgae 

that must adjust their nutrient homeostasis and/or from a lower availability of P in the symbiosome 

compared to the culture medium (Table S2). We can hypothesize that the lower P content in 

symbiosis could reflect a limitation imposed by the host to control the symbiont population, as 

observed in reef photosymbioses [31,32]. Under P limitation, cell division is blocked but carbon 

fixation is maintained in some microalgae [33], which could be an optimal metabolic strategy for 

the host. Consistent with this hypothesis, we did not observe any Phaeocystis cell divisions within 

their hosts, either from electron micrographs or by in vivo monitoring of isolated host cells over 7 

days (Figure S3), whereas Phaeocystis cells in culture can divide every 6-7 hours [34]. Inorganic 

P is scarce in oceanic waters, particularly in the Mediterranean Sea [35], and the association with 

symbiotic microalgae with naturally low phosphate requirements could be a selective pressure for 

the host. ToF-SIMS molecular mapping of PO2
- and PO3

-, which are characteristic phospholipid 

fragments [36], showed that the phospholipids were barely present in the plastids of the symbiotic 

microalgae (Figure 3B). Consistent with this finding, our lipidomics analyses revealed that free-

living Phaeocystis cells, maintained in culture medium where P was not limiting, contained an 

extremely low quantity of phospholipids. In plastids, their thylakoid membranes consist mainly of 

non-phosphorous galactolipids (MGDG and DGDG), and their extra-plastidial membranes are 

mainly composed of the non-phosphorus and N-containing betaine lipids (DGTA and DGCC) 

(Figure 3C). In Phaeocystis, P requirements for thylakoid lipid synthesis and high photosynthetic 

activity are therefore very low, which is highly advantageous for a host to accommodate a high 

number of plastids in an oligotrophic environment. Yet, in order to sustain the enhanced primary 

productivity of its intracellular symbionts, the host must also deliver trace metals, such as iron, 

which are driving photosynthesis in the oceans [25,37]. 

 

Altered metal homeostasis in symbiotic microalgae 

Trace metals are essential for photosynthesis, N assimilation, antioxidant protection, and other 

essential biochemical functions of microalgae [37,38]. The ecological success of the host-symbiont 

association must therefore rely on efficient mechanisms to uptake, sequester and regulate the 

exchange of these extremely low-concentrated nutrients in the ocean. Here, we imaged and 

quantified the subcellular distribution of metals in host and symbiont cells with Synchrotron X-

ray fluorescence. We found that the concentration of Fe in symbiotic microalgae was twice as high 

(90 ± 23 ppm) as that in free-living microalgae (44 ± 6 ppm) (Figure 4, Table S3). The higher 

concentration of Fe in symbiotic microalgae was mainly due to the presence of large Fe-rich 

vacuoles in the algal cytosol containing up to 660 ppm Fe (420 ± 210 ppm on average) (Figure 

4B-C, Figure S4, Table S4). The same type of vacuoles was also present in free-living microalgae, 

but they were smaller and approximately 2-fold less concentrated in Fe (160 ± 30 ppm) (Figure 

4A,F, Table S4). The individual plastids of free-living and symbiotic Phaeocystis cells had similar 

Fe concentrations. Since they possess large storage vacuoles and numerous plastids, symbiotic 
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microalgal cells contained substantially more Fe (from 0.77 to 5.50 fg calculated from the analysed 

surface area), than free-living cells (0.25 ± 0.03 fg). This implies that a significant quantity of Fe 

is delivered by the host, and once sequestered in the intracellular microalgae, the homeostasis of 

this essential yet toxic metal could be regulated through storage vacuoles to minimize oxidative 

stress. In the host cell, Fe was localized in high concentrations in specific subcellular structures 

but was, on average, 2.5 times less concentrated (34 ± 6 ppm) than in the symbiotic microalgae. 

Variability in metal homeostasis between symbiotic and free-living forms was also found for 

cobalt. Co was not detected in the free-living symbionts although this metal was present in the 

culture medium (Table S2). By contrast, we detected Co in symbiotic microalgae (25 ± 17 ppm), 

specifically in the nucleus, some organelles and vacuole. In the latter cellular compartment, Co 

could be co-localized in high concentration (up to 400 ppm) with Fe (Figure 4F, Figure S4). In the 

host cell, Co was homogeneously distributed in the cytoplasm (e.g. nucleus, Golgi apparatus) and 

was present at higher concentration (68 ppm) than in symbionts. For manganese, we found that 

the concentration was higher in symbiotic microalgae (24 ± 8 ppm) than in the host cell (11 ± 4 

ppm), but was similar in free-living cells (32 ± 16 ppm) (Figure 4E, Table S3). 

Overall, the subcellular quantitative mapping of metals showed that the metal homeostasis of 

microalgae was dramatically altered in symbiosis, implying specific mechanisms by which the 

host takes up and transfers these key elements to intracellular symbionts. Fe deprivation is known 

to decrease carbon fixation, N assimilation and overall photosynthetic activity in microalgal cells 

[39]. We therefore hypothesize that the host provides Fe in order to satisfy the high needs of the 

well-developed photosynthetic apparatus and antioxidant proteins [37]. The exclusive presence of 

cobalt in the symbiotic stage in the algal nucleus and vacuoles raises questions on the biological 

role of this element in the partnership. In microalgae, Co can be the metal centre of important 

enzymes, such as carbonic anhydrase for C fixation [37], but also the metal ligand of the essential 

vitamin B12 (cobalamin). Yet, to fully interpret metal homeostasis changes, future molecular 

analyses should investigate the genes and proteins that are involved into the transport and 

regulation of metals in free-living and symbiotic microalgae. 

 

High sulfur concentration in symbiotic microalgae 
Enhanced intracellular photosynthetic activity performed by numerous plastids inevitably leads to 

the harmful production of reactive oxygen species (ROS) and implies the existence of antioxidant 

mechanisms. In microalgae, sulfur (S) metabolism plays a key role in antioxidant protection with 

the production of several S-containing compounds, such as glutathione, and 

dimethylsulfoniopropionate (DMSP), which are also key components of the global S cycle of the 

ocean [40,41]. Plastids have a central role in sulfate uptake and the production of DMSP [42–44]. 

It has been shown that the symbiont Phaeocystis can produce 100-fold more DMSP than free-

living microalgae [7,45], consistent with the notion that production of this compound increases 

with photosynthesis [46]. Here, we showed that the S concentration in symbiotic microalgae (2400 

± 500 ppm) was 1.7 times higher than that of their host (1400 ± 300 ppm) but was similar to that 

of free-living microalgae (3200 ± 400 ppm) (Figure 5, Table S3). These concentrations may be 
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underestimated since small S-molecules can be lost during sample preparation [47]. In the 

microalgal cells, S was mainly contained in plastids and cytoplasmic vacuoles (Figure 5E,L, Figure 

S5). In symbiosis, the S content decreased in plastids and was mainly localized in vacuoles, which 

increased in size (1.5-2 µm in diameter) and contained up to 6.5 times more S than the plastids 

(compared to 2.5 times more in free-living cells). In these vacuoles, S was the major macronutrient, 

P was not present, and N very low, suggesting the absence of nucleic acids and phospholipids and 

a low amount of S-containing amino acids (Figure 5H,L). Based on previous evidence that DMSP 

is the main S-containing molecule in microalgal cells [48,49] (i.e., representing more than 50% of 

the total organic S), is stored in Phaeocystis vesicles [50] and is produced in high amounts by 

symbiotic Phaeocystis, we speculate that these S-rich vacuoles may contain DMSP. The 

antioxidant properties of DMSP could reduce the oxidative stress of symbiotic Phaeocystis, which 

would be consistent with the enhanced oxidative stress scavenging during photosynthesis revealed 

by our photophysiology measurements (NPQ parameter, Figure S2). The capacity to reduce sulfur 

and produce different S-containing compounds for intracellular antioxidant defence would 

enhance the suitability of microalgae to be symbionts. It may also partially explain why high 

DMSP-producing red plastid lineages such as haptophytes and dinoflagellates are prevalent 

photosymbionts in oceanic waters [51]. 

 

Conclusions  

This study shows that microalgae can be radically transformed at the morphological and metabolic 

levels following their integration into a host cell, a process that has not previously been reported 

in other algal symbioses. Specifically, by combining nanoscale imaging techniques and photo-

physiology, we provide evidence that host cells engulf ecologically successful microalgal cells 

from the environment and subsequently block cell proliferation without preventing plastid division 

to optimize the photosynthetic machinery (multiplication of voluminous plastids and thylakoids) 

for high productivity. In plants, the multiplication of plastids has been recognized as a means of 

increasing the surface exchange with the environment, in particular to enhance CO2 diffusion [52]. 

The structural and functional changes of symbiotic microalgae are also paralleled by specific 

modifications of the trophic micro-environment (e.g., Fe). Considering the numerous N-rich 

plastids per symbiont cell and the low availability of N in oceanic waters [25], the host must 

transfer a substantial quantity of N to their intracellular symbionts. The recognized capacity of 

acantharian hosts to heterotrophically feed on a variety of prey could represent an essential source 

of N to sustain the photosynthesis of its symbionts [53].  

Overall, this study sheds light on the capacity of a heterotrophic host to exploit and engineer 

photosynthetic cells in the ocean, and paves the way for omics studies to fully understand the 

molecular mechanisms of this algal remodelling. Our findings challenge the common view of 

photosymbiosis as being mutualistic in nature. This Acantharia-Phaeocystis interaction could 

rather be considered as farming or inverted parasitism of microalgal cells where the host largely 

benefits from the symbiosis. This scenario is further supported by the fact that Phaeocystis cells 

cannot be grown after the symbiotic stage, do not divide within their host and are very likely 
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digested at the end of the life cycle of the host [7]. Available evidence suggests that the degree of 

host control seems to be less pronounced in other photosymbioses (e.g. reef invertebrates, 

foraminiferans) since the algal symbiont can divide within its host and can be grown in culture or 

survive in natural seawater after the symbiotic stage [6,54]. In an evolutionary context, similar 

traits found in symbiotic Phaeocystis have been reported in Paulinella chromatophora, a recent 

primary endosymbiosis, where photosynthetic organelles (chromatophores) are 15-20 times larger 

than free-living cyanobacteria [55,56]. The Acantharia-Phaeocystis symbiotic partnership could 

therefore reflect a possible route for plastid acquisition where metabolic control of the host 

preceded the genetic integration and led to the morphological transformation of the photosynthetic 

endosymbiont. Alternatively, the expansion of the photosynthetic machinery in Paulinella and 

Phaeocystis could represent a host constraint to increase the photosynthetic yield while controlling 

a small number of symbionts within their cell. A comparison with other abundant planktonic 

photosymbioses using high resolution imaging combined with transcriptomics and proteomics will 

certainly elucidate the different facets of microalgae in photosymbiosis and shed light on key 

evolutionary mechanisms in plastid acquisition. 
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Figures legends 

 
 

Figure 1. Morphological transformation of the microalga Phaeocystis between the free-living 

and symbiotic stages for enhanced photosynthesis.  

(A) Ultrastructure of the symbiotic microalga Phaeocystis cordata within acantharian host 

unveiled by transmission electron microscopy (TEM). Scale bar = 1 µm. Inset: light microscopy 

image showing an acantharian host cell with its star-shaped biomineralized skeleton and its 

intracellular microalgae Phaeocystis (yellow cells indicated by a green arrow).  

(B) Ultrastructure in TEM of the free-living Phaeocystis cell grown in culture with two parietal 

plastids. Scale bar  = 0.5 µm. n: nucleus; c: plastid; p: pyrenoid; h: host; t: thylakoid membrane; s: 

symbiosome membrane; m: mitochondria.  

(C) Surface occupied by thylakoid membranes per plastid in free-living (light green; 47.37% ± 

12.88, n = 113 plastids) and symbiotic (dark green, 63.85% ± 8.95, n = 86 plastids) Phaeocystis 

calculated from TEM micrographs.  

(D-E) 3D visualization with FIB-SEM (Focused Ion Beam Scanning Electron Microscopy) of the 

microalga Phaeocystis in symbiosis within a host (D) and in free-living phase (E) with plastids 

(green) and a nucleus (yellow). Scale bar = 1 µm. (See also Figure S1 and Video S1). 

(F) Photosynthetic efficiency measured by the relative electron transfer rate (ETR) for free-living 

(dark green squares; 23 measures from a triplicate) and symbiotic (light green circles; 10 measures 

from a triplicate) microalgae over a range of light intensities up to 700 µmol photons m-2 s-1. (See 

also Figure S2). 
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Figure 2. Subcellular quantitative mapping of nitrogen (N), phosphorous (P) and their 

stoichiometric ratios (N/P) in symbiotic and free-living Phaeocystis cells measured by 

nanoSIMS.  

(A,B,C) Subcellular distribution of nitrogen (12C14N/12C2), phosphorous (31P16O2/
12C2) and the N/P 

ratio (12C14N/31P16O2) in two symbiotic Phaeocystis algal cells highlighted by a red dashed line. 

Note that the two symbiotic microalgae are intracellular within their host cell. Scale bar = 3 µm. 

(D,E,F) Subcellular distribution of nitrogen (12C14N/12C2), phosphorous (31P16O2/
12C2) and the N/P 

ratio (12C14N/31P16O2) in one free-living Phaeocystis algal cell. The two plastids of the algal cell 

are highlighted by a green and white dashed line. Scale bar = 1 µm. 

(G,H,I) Nitrogen (12C14N/12C2) and phosphorous (31P16O2/
12C2) content, and the N/P 

stoichiometric ratio (12C14N/31P16O2) in plastids of free-living and symbiotic microalgae. (see also 

Data S1). Statistical analyses were performed using ANOVA type II tests based on 17 plastids of 

free-living microalgae and 45 plastids of symbiotic microalgae. 12C14N/12C2 was log-transformed, 

and Tukey’s Ladder for Power transformation was applied to 31P16O2/
12C2 and 12C14N/31P16O2 (* 

p < 0.05, ** p < 0.01; ***p < 0.001, ANOVA test). 
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Figure 3. Subcellular distribution of phosphorous-containing molecules in the host 

Acantharia and lipid composition of the microalga Phaeocystis.  

(A) Scanning electron microscopy (SEM) image of a host acantharian cell containing 

endosymbiotic microalgae Phaeocystis artificially coloured in green; Scale bar = 10 µm.  

(B,C) Corresponding ToF-SIMS images of the whole host cell showing the subcellular distribution 

of the accumulated phosphate ions PO2
- (m/z 62.98) and PO3

- (m/z 78.96) in blue, in lower 

concentration in plastids of the symbiont Phaeocystis (highlighted by green arrows); in red, the 

ion fragment H2PO4
- (dihydrogen phosphate; m/z 96.96) located mainly in two cytoplasmic 

membranes of the host cell, and in green, nitrogen (CNO-; m/z 42.01) in high concentration in the 

symbiont plastids. Scale bar = 20 µm.  

(D) Lipidomics analyses showing the composition of glycerolipids (sulfolipids, galactolipids and 

phospholipids) in the free-living Phaeocystis microalgae grown in culture medium. SQDG: 

sulfoquinovosyldiacylglycerol; MGDG and DGDG (mono- and digalactosyldiacylglycerol, 

respectively); PG: phosphatidylglycerol; PI: phosphatidylinositol; PE: phosphatidylethanolamine; 

PC: phosphatidylcholine. 
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Figure 4. Subcellular distribution and quantification of trace metals (Fe, Mn, Co) in free-

living and symbiotic microalgae by Synchrotron X-ray fluorescence (S-XRF).  

(A) In free-living Phaeocystis, Fe (red) is localized in the two plastids and in vacuoles (osmium 

showing the ultrastructure is in green). The co-localization of Fe and Os is indicated by the yellow 

colour. (See also Tables S3 and S4, and Figure S4).  

(B-C) In symbiosis, Fe concentration increases in Phaeocystis and is mainly stored in large 

vacuoles (yellow).  

(D-E) Fe and Mn concentration in the host cells (black bars) and in the symbiotic and free-living 

Phaeocystis cells (light and dark green bars, respectively) (see also Table S3).  

(F) Average S-XRF spectrum per pixel in subcellular compartments of Phaeocystis in free-living 

(light green) and symbiotic (dark green) stages, showing high Fe concentration in vacuoles of 

symbiotic microalgae (light green circles), where cobalt (Co) is also present (See also Table S4, 

and Figure S4). 
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Figure 5. Subcellular distribution and quantification of sulfur in the symbiotic partners. (A) 

Scanning electron microscopy (SEM) images of the host-symbiont partnership (symbiotic 

microalgae Phaeocystis are artificially coloured in green).  

(B) Correlated Synchrotron X-ray Fluorescence (S-XRF) mapping of sulfur (red) and phosphorous 

(green) showing high sulfur concentration in microalgae (indicated by green arrows). Scale bar = 

20 µm.  

(C) Sulfur concentration (ppm) measured by S-XRF in the host cell (dark bar) and the free-living 

and symbiotic Phaeocystis cells (dark and light green, respectively).  

(D) Sulfur content (32S/12C2) in plastids of free-living and symbiotic Phaeocystis measured by 

nanoSIMS. Statistical analyses were performed using ANOVA type II tests, and the 32S/12C2 was 

log-transformed (***p < 0.001, ANOVA test). (See also Data S1). 

(E) SEM image of a single symbiont cell with a bright round vacuole.  

(F) Subcellular distribution of sulfur (32S-) in symbiotic Phaeocystis.  

(G) RGB image showing the subcellular distribution of sulfur 32S- (red), nitrogen 12C14N- (green) 

and phosphorous 31P- (blue) in symbiotic cells.  

(H) Lateral profiling across the plastid and vacuole of the symbiotic microalga (dashed line in D, 

E and F) showing the contribution of the nutrients S, N and P (red, green and blue solid lines, 

respectively).  

(I) Subcellular distribution of nitrogen (12C14N-) in free-living Phaeocystis.  

(J) Subcellular distribution of sulfur (32S-) in free-living Phaeocystis.  
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(K) RGB image showing the subcellular distribution of sulfur 32S- (red), nitrogen 12C14N- (green) 

and phosphorous 31P- (blue) in free-living cells.  

(L) Lateral profiling across the free-living microalga (dashed line in I and J) showing the 

contribution of S, N and P (red, green and blue solid lines, respectively). 

 

 
Figure 6. Schematic figure of the transition between free-living and symbiotic stages of the 

microalga Phaeocystis based on the results of this study. 

 

  



24 
 

STAR METHODS 

CONTACT FOR REAGENT AND RESOURCE SHARING 

Further information and requests for resources and reagents should be directed to and will be 

fulfilled by the Lead Contact, Johan Decelle (johan.decelle@univ-grenoble-alpes.fr). 

 

EXPERIMENTAL MODEL AND SUBJECT DETAILS 

Symbiotic acantharians harboring intracellular microalgal cells (Phaeocystis) were gently 

collected by towing a plankton net with a large cod-end (1 L) for 1-2 minutes in surface waters 

(Mediterranean Sea, Villefranche-sur-Mer, France). After collection, the individual cells were 

isolated under a microscope with a micropipette as in [7], rapidly transferred into natural seawater, 

and maintained in the same controlled light (100 µmol photons m-2s-1) and temperature (20°C) 

conditions as the free-living stage. In parallel, cultures of the haptophyte Phaeocystis cordata RCC 

1383 (the symbiont of Acantharia in the Mediterranean Sea) [7] were maintained at 20°C in K/5 

culture medium and at 100 µmol photons m-2s-1. Nutrient concentrations of the free-living (culture 

medium K/5) and symbiotic (natural seawater surrounding the host) conditions of microalgae are 

provided in Table S2. 

METHOD DETAILS 

Photophysiology measurements  

Photosynthetic parameters were derived from chlorophyll fluorescence emission measured in 

cultures of the microalga Phaeocystis cordata (free-living) (23 measures from a triplicate) and 

pools of 80-100 acantharian cells containing symbiotic Phaeocystis (10 measures from a 

triplicate). For measurements, we employed a fluorescence imaging setup previously described in 

[57]. The system was modified by replacing the green LEDs for actinic light with red LEDs 

(emission peak 630 nm, Full Width at Half Maximum 40 nm), and the acquisition setup was an 

ORCA flash 4.0 LT camera (Hamamatsu, Japan). The photosynthetic electron transfer rate, 

ETRPSII,   was calculated as the product of the light intensity times the photochemical yield in the 

light: I *(Fm’-F)/Fm’), where F and Fm’ are the steady-state and maximum fluorescence 

intensities in light-acclimated cells, respectively, and I is the light irradiance in µmol quanta *m-2 

s-1 (see previous work [58] for more details). The light intensity was increased stepwise from 29 

to 672 µmol quanta *m-2 s-1. At each light intensity, the cells were allowed to reaching steady state 

fluorescence emissions before increasing the photon flux. Photosynthesis (ETR) - irradiance 

curves were then fitted with an exponential saturation function to evaluate the maximum 

photosynthetic capacity (Pm), the initial slope (α: which is the photosynthetic efficiency under 

light levels close to zero), and the minimum photosynthetic saturation irradiance (Ek = Pm/ α) of 

free-living and symbiotic cells [24] (Table S1). The photoprotective responses were evaluated by 

measuring the non-photochemical quenching of fluorescence (NPQ [58]) using the fluorescence 

setup described above. The NPQ was calculated as 1-(Fm’/Fm) where Fm is the maximum 

fluorescence emission in dark acclimated cells. 
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Sample preparation for electron microscopy and chemical imaging  

Rapid freezing methods are recognized as superior to chemical fixation in preserving native-state 

cell ultrastructure and chemistry. Symbiotic acantharians (host and algal symbionts) and free-

living microalgae in culture (Phaeocystis cordata) were therefore cryo-fixed using high-pressure 

freezing (HPM100, Leica) in which cells were subjected to a pressure of 210 MPa at -196°C, 

followed by freeze-substitution (EM ASF2, Leica). Prior to cryo-fixation, the microalgal cultures 

were concentrated by gentle centrifugation for 10 minutes. This cryo-preparation is recognized as 

the most suitable method to preserve the native chemistry of cells, including highly diffusible 

elements and trace elements [59–61]. For the freeze substitution (FS), a mixture of dried acetone 

and 1% osmium tetroxide was used. The FS machine was programmed as follows: 60-80 h at -

90°C, heating rate of 2°C h-1 to -60°C (15 h), 10-12 h at -60°C, heating rate of 2°C h-1 to -30°C 

(15 h), and 10-12 h at -30°C. The cells were then washed several times in anhydrous acetone for 

20 minutes at -30°C. Subsequently, the cells were gradually embedded in anhydrous araldite, a 

resin that contains negligible levels of the elements [62] and had been previously used in different 

analytical imaging studies [63–65]. A graded resin/acetone (v/v) series was used (30, 50 and 70% 

resin) with each step lasting 2 h at increased temperature: 30% resin/acetone bath from -30°C to -

10°C, 50% resin/acetone bath from -10°C to 10°C, 70% resin/acetone bath from 10°C to 20°C. 

Samples were then placed in 100% resin for 8-10 h and in 100% resin with accelerator (BDMA) 

for 8 h at room temperature. Resin polymerization finally occurred at 65°C for 48 hours. The resin 

blocks and sections were stored in dry conditions before imaging. Prior to ultra-thin sectioning, 

symbiotic cells were observed in the resin block with a binocular and an inverted microscope to 

define the region of interest and the z-position of cells in the block, respectively. Trimming around 

the targeted cells was performed with razor blades and an EM Trimming Leica machine. Semi-

thin sections (200-400 nm thick) were then obtained using an ultramicrotome (Leica EM) with an 

ultra-diamond knife (Diatome) and placed on 10-mm arsenic-doped silicon wafers for NanoSIMS 

and ToF-SIMS and on Si3N4 membrane windows for synchrotron X-ray fluorescence. Adjacent 

sections of 60- to 80-nm thick were also obtained for TEM analysis. Resin sections were rapidly 

collected on the water (< 30 sec) of the diamond knife. Because it has been shown that some 

diffusible molecules and elements can be lost at this step [66,67], we visualized the distribution of 

highly-diffusible elements (chlorine, potassium and calcium) with the synchrotron X-ray 

fluorescence (Figure S6). The presence of these mobile elements is a rule-of-thumb criterion to 

assess the chemical preservation of cells during the sample preparation [68,69]. 

 

Transmission Electron Microscopy (TEM) and Scanning Electron Microscopy (SEM) 

For TEM analysis, ultrathin sections of 60 nm thickness were mounted onto copper grids or slots 

coated with formvar and carbon. Sections were then stained in 1% uranyl acetate (10 min) and 

lead citrate (5 min). Micrographs were obtained using a Tecnai G2 Spirit BioTwin microscope 

(FEI) operating at 120 kV with an Orius SC1000 CCD camera (Gatan). From the TEM images, 

the surface area occupied by the thylakoid membranes in plastids of symbiotic (n = 86 plastids) 

and free-living (n = 113 plastids) cells was calculated. To calculate this area, we performed a 
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manual area of interest extraction using GIMP software. By applying an adaptive thresholding 

technique, the pixels of the same greyscale were classified using computer vision library OpenCV 

linked to its python packages, and the classified pixels were computed for statistical analyses. 

Moreover, SEM was used to locate the cells on the sections, verify the quality of structural 

preservation, and identify the relevant regions of interest for subsequent chemical imaging with 

NanoSIMS, ToF-SIMS and S-XRF. The SEM micrographs were acquired at an electron energy of 

5 kV using the secondary electron detector of the Zeiss Merlin VP Compact SEM at ProVIS. 

 

Focused Ion Beam Scanning Electron Microscopy (FIB-SEM)  

The sample was trimmed for FIB-SEM with a 90° diamond knife (Diatome) to expose cells at two 

surfaces (the imaging surface and the surface perpendicular to the focused ion beam, FIB) in order 

to optimize the acquisition [70]. After the sample was trimmed, it was mounted onto the edge of 

an SEM stub (Agar Scientific) using silver conductive epoxy (CircuitWorks) with the trimmed 

surfaces facing up and towards the edge of the stub. The sample was gold sputter coated (Quorum 

Q150RS; 180 s at 30 mA) and placed into the FIB-SEM for acquisition (Crossbeam 540, Carl 

Zeiss Microscopy GmbH). Once the ROI was located in the sample, Atlas3D software (Fibics Inc. 

and Carl Zeiss Microscopy GmbH) was used to perform sample preparation and 3D acquisitions. 

First, a 1-µm platinum protective coat (20 µm x 20 µm) was deposited with a 1.5 nA FIB current. 

The rough trench was then milled to expose the imaging cross-section with a 15 nA FIB current, 

followed by a polish at 7 nA. The 3D acquisition milling was done with a 1.5 nA FIB current. For 

SEM imaging, the beam was operated at 1.5 kV/700 pA in analytic mode using an EsB detector 

(1.1 kV collector voltage) at a dwell time of 8 µs with no line averaging. Datasets were acquired 

(8 nm pixel size and 8 nm steps) in z and aligned using the plugins StackReg provided by the open 

source software ImageJ. Dataset quality improvement and noise reduction were performed by 3D 

median filtering using the SciPy python package. The segmentation and 3D models of cells were 

performed using the 3D Slicer [71] and MeshLab [72] open source software packages. 

 

Synchrotron X-ray fluorescence (S-XRF) imaging  

S-XRF hyperspectral images were acquired on the ID21 and ID16B-NA beamlines of the 

European Synchrotron Radiation Facility [73,74]. Semi-thin sections (300 nm) were laid on Si3N4 

membranes. On ID21, the incoming X-rays were tuned to the energy of 7.3 keV with a fixed-exit 

double crystal Si(111) monochromator and focused to 0.30×0.75 µm2 with a Kirkpatrick-Baez 

(KB) mirror system, yielding a flux of 4.7·1010 ph/s. The experiment was performed under vacuum 

(10-5-10-4 mbar). The emitted fluorescence signal was detected with energy-dispersive, large area 

(80 mm2) SDD detectors equipped either with polymer or with Be window (XFlash 5100 from 

Bruker and SGX from RaySpec, respectively). Images were acquired by raster scanning the sample 

in the X-ray focal plane, with a 0.5×0.5 µm2 step and a 1 s or 500 ms dwell time. The detector 

response was calibrated over a thin film reference sample consisting of layers of elements in 

ng/mm2 concentration sputtered on a 200-nm thick Si3N4 membrane (RF7-200-S2371 from AXO), 

measured using the same acquisition parameters. Elemental mass fractions were calculated from 
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fundamental parameters with the PyMca software package[75], assuming a biological matrix of 

light elements only (H, C, N, O). For comparison between concentrations in different samples and 

sample areas (host vs symbiont, free-living vs symbiotic), we performed the acquisitions in 

identical experimental conditions (Be-window detector, fixed detector-sample distance, 300 nm 

cuts, 500 ms/pixel dwell time) to ensure the comparability of the results. Areas were chosen by 

manually selecting the pixels in the region of interest and summing up their fluorescence signal; 

the sum spectrum normalized by the number of pixels was then subjected to spectral 

deconvolution, and the peak areas were converted in mass fractions. Three sections per sample 

were analysed, and their average and standard deviation are reported in Table S3. 

On ID16B-NA, a beam of 17.5 keV focused to 50×50 nm2 through KB mirrors (2·1011 ph/s) was 

used to excite X-ray fluorescence from the samples. High-resolution XRF images (50×50 nm2 step 

size) were acquired in air, with a dwell time of 100 ms/pixel. Two 3-element SDD detector arrays 

were used to collect fluorescence from the sample. The detector response was calibrated over a 

thin film reference sample (RF8-200-S2453 from AXO). High-resolution images were acquired 

for free-living (n = 4) and symbiotic (n = 6) microalgae and in selected areas of the host (See also 

Table S4). Elemental quantification was extracted from fundamental parameters. To cross-check 

the consistency between data obtained with different experimental conditions (µm resolution and 

low excitation energy vs nm resolution and high energy, on ID21 and ID16B-NA, respectively), 

the estimated Fe concentrations in free-living Phaeocystis were compared: 44±6 ppm (ID21) and 

50±5 ppm (ID16B-NA) lie within the error (See also Tables S3 and S4). 

NanoSIMS acquisition and analyses 

Semi-thin sections (200-300 nm) on silicon wafers were coated with 20-nm gold-palladium and 

analysed with a nanoSIMS 50L (Cameca, Gennevilliers, France) at the ProVIS Centre (UFZ 

Leipzig). A 16-keV Cs+ primary ion beam of 1–2 pA focused to approximately 70 nm was rastered 

over the sample area between 15×15 µm² and 70×70 µm² in size, with a dwelling time of 2 ms/pixel 

in a 512×512 or 1024×1024 pixel pattern, keeping the physical distance between pixels well below 

the beam size in order to avoid an ion beam induced surface roughening. The analysis areas were 

defined based on previous SEM observation. Before analysis, each area was pre-implanted with a 

1 nA Cs+ ion beam for 1–2 min to equilibrate the yield of negative secondary ions. Multiple 

analysis scans (up to 100) were recorded for each area. Secondary ions extracted from each pixel 

of the sample surface were analysed for their mass to charge (m/z) ratio and counted separately 

with 7 electron multiplier detectors. The mass resolving power (MRP) of the spectrometer was set 

to 9000 (M/ M) to resolve isobaric interferences. Different secondary ions (12C14N−, 31P or 
31P16O2, 

32S, 16O, 12C2 or 12C) were detected in simultaneous collection mode by pulse counting to 

generate 10-100 serial maps of secondary ion count for their further quantitative evaluation. The 

analysed sample depth had been measured to be between 50 nm and 200 nm. 

For each nanoSIMS secondary ion count map, the regions of interest (ROI) were defined by 

manual drawing with the look@nanosims software [76], and ion counts (normalized by scans and 

pixels number) and ratios were calculated for each ROI (Data S1, Figures S7 and S8). In total, nine 

microalgal cells in symbiosis from three different host cells were analysed. Four classes of ROIs 
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were defined: host cell, whole microalgal cell (Phaeocystis), cytosol and plastid of the microalgal 

cell. In addition, eleven microalgal cells in the free-living stage were analysed, where three ROIs 

classes were defined: entire cell, plastid of the alga and cytosol of the alga. Note that the cytosol 

of the microalgal cell can include the nucleus and vacuoles. In order to compare the relative N and 

P content between host, symbiotic and free-living microalgae, the total ions counts of elements 

(e.g. 31P or 12C14N−) were normalized by the total ions counts of carbon (C2). These analyses do 

not provide absolute quantification of N and P concentration but a comparison of the relative N 

and P content between ROIs of the algae and the host. For each ROI, the nitrogen, phosphorous 

and sulfur contents were therefore calculated by 12C14N/12C2, 
31P16O2/12C2 and 32S/12C2, 

respectively. Similarly, the stoichiometric ratio N/P was estimated by 12C14N/31P16O2. For 

comparison of different ROIs from the same acquisition, the homogeneity of variance was tested 

using Levene’s test proposed in look@nanosims, and significant differences were tested using 

either the Kruskal-Wallis or ANOVA test.  For cross-comparisons of different acquisitions, 

statistical significance was evaluated by performing ANOVAs with type II tests to account for 

unbalanced datasets. To meet the assumptions for ANOVA analysis, 12C14N/12C2 was log-

transformed, and Tukey’s Ladder for Power transformation was applied to 31P16O2/12C2 and 
12C14N/31P16O2. Confidence intervals were set to 95%. All statistical analyses were carried out 

using the R software (version 3.4.3, R Core Team 2017) with the packages ‘car’, 'DescTools' and 

'rcompanion'. 

ToF-SIMS acquisition and analyses 

Qualitative analysis of molecular composition was performed on uncoated semi-thin sections, 

employing the time-of-flight secondary ion mass spectrometry technique (ToF-SIMS) with a ToF-

SIMS.5 (ION-TOF GmbH, Münster) instrument. The ToF-SIMS experiment was performed using 

the imaging mode of ToF-SIMS.5 operation in combination with a delayed extraction [77] of 

negative secondary ions, providing a mass resolving power (MRP) above 3000 and a lateral 

resolution of approximately 150 nm. In these experimental conditions, the 30-keV NanoProbe 

LMIG source delivered 0.02 pA of primary Bi32
+ cluster ions in 100 ns pulses with a 200 µs 

repetition period. The analysis has been done in 400 scans/plains with 5 shots of Bi32
+ primary 

cluster ions per pixel distributed randomly in a 512x512 raster over a 56x56 µm2 sample area. 30 

keV Bi3
+ ions from a NanoProbe source were employed for analysis. The 110-µs repetition period 

of primary ion pulse delivered 0.03 pA of Bi3
+. The analysis was performed by rastering the 

primary ion beam randomly in a 1024x1024 pixels pattern over a 110×110 µm² sample area. Each 

shot of analysis Bi3
+ ion beam was followed by sample charge compensation implemented with 

12 eV electrons from flooding e-gun and 2×10-7 mbar partial pressure of Ar gas in the analysis 

chamber. The data were acquired in 306 planes. Each data plane was generated after 5 scans over 

the analysis area with 5 shots per pixel, and 5 keV [Ar]1757 cluster ions from a GCIB source were 

used for sample sputtering in non-interlaced mode. The accumulation of acquired scans/plains was 

done after lateral drift correction, and the resulted total stack was analysed for lateral distribution 

of ion yield using the SurfaceLab 6.7 software (ION-TOF GmbH). 
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Lipidomics analyses 

Cultures of Phaeocystis cordata were concentrated, cryofixed and lyophilized. Total lipids were 

extracted by the Folch method [78,79]. Total glycerolipids were quantified from their fatty acids: 

in an aliquot fraction of extracted lipids, a known quantity of 15:0 was added, and the fatty acids 

were converted into methyl esters (FAME) by a 1 hour incubation in 3 mL of 2.5% H2SO4 in pure 

methanol at 100°C [80]. The reaction was stopped by the addition of 3 mL of water and 3 mL of 

hexane. The hexane phase was analysed using a gas chromatography-flame ionization detector and 

mass spectrometry (GC-FID/MS) (Perkin Elmer) on a BPX70 (SGE) column. FAME were 

identified by mass spectrometry and quantified by the surface peak method of the FID signal using 

15:0 for calibration. For quantification of each lipid class by LC-MS/MS analysis, a fraction of 

extracted lipids corresponding to 25 nmol was resuspended in 100 µL of chloroform/methanol (2:1 

v/v) containing 125 pmol of internal standards and analysed as described in [81] or the total extract 

was re-suspended in 40 µL of chloroform/methanol (2:1 v/v) containing 50 pmol of internal 

standards. Internal standard used for DAG, TAG, MGDG and DGDG was DAG 18:0-22:6 from 

Avanti Polar Lipid. The internal standard for PE was PE 18:0-18:0 from Avanti Polar Lipid, and 

the internal standard for PC, PI, PS, PA, DPG, PG and SQDG was SQDG 16:0-18:0 extracted 

from spinach thylakoid [82] and hydrogenated as described before [83]. Lipids were then separated 

by HPLC and quantified by MS/MS. The high-performance liquid chromatography (HPLC) 

separation method was adapted from a previous study [84]. Lipid classes were separated using an 

Agilent 1200 HPLC system using a 150 mm×3 mm (length × internal diameter) 5-µm diol column 

(Macherey-Nagel) at 40°C. The mobile phases consisted of hexane/isopropanol/water/ammonium 

acetate 1 M, pH 5.3 [625/350/24/1, (v/v/v/v)] (A), and isopropanol/water/ammonium acetate 1 M, 

pH 5.3 [850/149/1, (v/v/v)] (B). The injection volume was 20 µL. After 5 min, the percentage of 

B was increased linearly from 0% to 100% over 30 min and stayed at 100% for 15 min. This 

elution sequence was followed by a return to 100% A in 5 min and an equilibration for 20 min 

with 100% A before the next injection, leading to a total run time of 70 min. The flow rate of the 

mobile phase was 200 µL/min. The distinct glycerolipid classes were eluted successively as a 

function of the polar head group. Mass spectrometric analysis was done on a 6460 triple 

quadrupole mass spectrometer (Agilent) equipped with a Jet stream electrospray ion source under 

the following settings: drying gas heater, 260°C; drying gas flow 13 L.min-1; sheath gas heater, 

300°C; sheath gas flow; 11 L.min-1; nebulizer pressure, 25 psi; capillary voltage, ± 5000 V; nozzle 

voltage, ± 1000. Nitrogen was used as collision gas. The quadrupoles Q1 and Q3 were operated at 

widest and unit resolution respectively. PC, DGTA and DGCC analysis were carried out in positive 

ion mode by scanning for precursors of m/z 184, 236 and 104 at collision energies (CE) of 34 eV, 

52 eV and 40 eV, respectively. SQDG analysis was carried out in negative ion mode by scanning 

for precursors of m/z -225 at a CE of -56 eV. PE, PI, PG, MGDG and DGDG measurements were 

performed in positive ion mode by scanning for neutral losses of 141 Da, 277 Da, 189 Da, 179 Da 

and 341 Da at CEs of 20 eV, 12 eV, 16 eV, 8 eV and 8 eV, respectively. Quantification was 

performed using multiple reaction monitoring (MRM) with a 40-ms dwell time. Mass spectra were 

processed by MassHunter Workstation software (Agilent) for the identification and quantification 
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of lipids. Lipid amounts (pmol) were corrected for response differences between internal standards 

and endogenous lipids and by comparison with a quality control (QC). The QC extract 

corresponded to a known Phaeodactylum tricornutum lipid extract qualified and quantified by 

TLC and GC-FID as previously described [81].  

 

QUANTIFICATION AND STATISTICAL ANALYSIS 

Statistical analysis and graph production were performed using R with specific libraries mentioned 

above. For nanoSIMS data, the homogeneity of variance was tested using Levene’s test proposed 

in the software look@nanosims, and significant differences were tested using either the Kruskal-

Wallis or ANOVA test. For cross-comparisons of different nanosims acquisitions, statistical 

significance was evaluated by performing ANOVAs with type II tests to account for unbalanced 

datasets based on 17 plastids of 12 free-living microalgae and 45 plastids of 10 symbiotic 

microalgae. To meet the assumptions for ANOVA analysis, 12C14N/12C2 was log-transformed, and 

Tukey’s Ladder for Power transformation was applied to 31P16O2/12C2 and 12C14N/31P16O2. 

Confidence intervals were set to 95%. Statistical analyses were carried out using the R software 

(version 3.4.3, R Core Team 2017) with the packages ‘car’, 'DescTools' and 'rcompanion'. For the 

photophysiology measurements, 23 measures were conducted on cultures of free-living 

Phaeocystis in triplicate, and 10 measures on three pools of 80-100 acantharian cells containing 

symbiotic Phaeocystis (triplicate). Samples for lipidomics analyses were composed of two 

biological and three technical replicates. Synchrotron X-ray fluorescence was performed on 21 

free-living Phaeocystis cells and 11 symbiotic Phaeocystis cells from three different host cells 

(Table S3). On the high resolution S-XRF beam line, four free-living and six symbiotic microalgae 

were also analyzed (See also Table S4). 

 

Legends for the Supplemental Data and Video 

Video S1. 3D models of the microalga Phaeocystis in free-living and in symbiotic condition 

within acantharian host. Related to Figure 1. 

3D models of the free-living (left) and symbiotic (right) stages were reconstructed based on 

stacked images acquired with FIB-SEM (Focus Ion Beam Scanning Electron Microscope) with 

plastids (green) and nucleus (yellow). 

 

Data S1. NanoSIMS data of the quantitative mapping of nitrogen (N), phosphorous (P) and 

sulfur (S) in host and microalgal cells, and their stoichiometric ratios. Related to Figures 2 

and 5. 

For each region of interest (ROI) of different host and algal cells (cytosol, chloroplast, the whole 

cell), the nitrogen, phosphorous and sulfur contents were calculated by 12C14N/12C2, 
31P16O2/12C2 

and 32S/12C2, respectively. Similarly, the stoichiometric ratio N/P was estimated by 12C14N/31P16O2. 
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