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Abstract 

Bacterial biofilms correspond to surface-associated bacterial communities embedded in 

hydrogel-like matrix, in which high cell density, reduced diffusion and physico-chemical 

heterogeneity play a protective role and induce novel behaviors. In this review, we present 

recent advances on the understanding of how bacterial mechanical properties, from single cell 

to high-cell density community, determine biofilm tri-dimensional growth and eventual 

dispersion and we attempt to draw a parallel between these properties and the mechanical 

properties of other well-studied hydrogels and living systems. 
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1. Introduction 

 

Bacteria-inspired physics cover many fields ranging from superfluidity [1] to topological 

defects [2]. The study of bacteria and surface attached, matrix-enclosed multicellular 

communities called biofilms using biophysics concepts and tools recently received much 



attention from the physics and physical chemistry communities. As noted by Wilking et al. in 

2011, soft matter physics can be used to described biofilm: rigid colloidal-like bacteria are 

embedded in an extracellular matrix resembling a chemical polymer gel, forming a solid 

composite biomaterial [3]. 

One of the most characteristic biological features that distinguish biofilms from planktonic 

populations is the presence of a self-produced extra-cellular matrix composed of a mix of 

polysaccharides, water, ions, DNA, proteins released by biofilm bacteria and forming some  

supramolecular structures [4,5]. These compounds are considered as the building blocks 

structuring biofilm communities, which can reach size ranging from micrometers to several 

centimeters (Figure 1, [6,7]), and are able to colonize very large surface areas in almost all 

known natural or artificial environments. 

Indeed, multi-species biofilms are found in most natural or industrial settings and represent a 

predominant bacterial lifestyle from which individual bacteria constantly disseminate. 

Bacteria display a remarkable plasticity and are able to sense and respond to many external 

stimuli in order to adapt to their environments. Whereas microbiology mostly focused so far 

on the influence of the chemical environment on bacterial behavior, passive and active 

bacterial responses to physical stimuli and mechanical cues have been only recently 

recognized to also change bacterial behaviors [8].  

Since 2011 [3], the number of reviews on biofilm mechanics demonstrates the growing 

interest of the community [8,9,10,11,12]. However, “the mechanical world of bacteria” [8] 

has only been partially explored and the aim of the present review is to highlight recent results 

on bacterial mechanics. We report the different experimental approaches of bacterial 

mechanics at a single cell level and at the level of multicellular, heterologous biofilm, 



replacing biofilm studies within the more general context of living tissues and synthetic 

hydrogels. 

 

2. Mechanics of single bacteria 

Most mechanical studies on single bacteria focus on bacteria hydrodynamics (see for instance 

[13]), on their rigidity or on the mechanical forces exerted by its organelles. However, 

mechanical forces also play a major role in bacterial locomotion, chromosome segregation, or 

cell wall remodeling among other phenomena [14]. In this review, we have chosen to focus on 

mechanical properties of cell-envelope and cell-wall, on mechanosensors, and, after briefly 

introducing bacterial flagella and the different bacterial modes of locomotion, on pili 

mechanics and on cell adhesion/detachment processes. Table 1 reports the main typical values 

described in this section 2. 

2.1. Bacterial cell envelope 

Stiffness is traditionally quantified by the Young’s modulus (YM) value. Experimental [15] 

and theoretical studies [16] have reported a large dispersion of YM values for bacterial cells. 

It simply reflects the heterogeneous composition of the cell envelope constituted in most 

bacteria by one or two layers of membrane, a rigid cell wall consisting of a network of 

peptidoglycan (PG) polymers and various appendices (pili,etc…). These components have 

different deformation values when loads are applied leading to a large dispersion in elastic 

modulus values [16]. The large concentration of solutes in the cytoplasm generates an osmotic 

pressure, termed turgor pressure, which is constrained by the cell wall thus defining the cell 

shape. 



Currently, AFM is the direct technique well-suited for probing forces on microbial cells, both 

at the single cell and single-molecule levels [17]. A standard or functionalized AFM tip can 

be used to probe mechanical properties of bacteria at nanometric scale [18]. Due to the 

difficulties for separating the contributions of the wall and turgor pressure to the mechanical 

response, most mechanical measurements on the cell wall have been performed using 

chemically isolated walls, termed saccule. Figure 2A shows a typical AFM measurement 

performed on isolated Pseudomonas aeruginosa in liquid environment and illustrates 

modification of cells stiffness in presence of antibiotics, their Young’s Modulus (YM) 

dropping strongly after treatment by two antibiotics from 270 kPa to 50 and 25 kPa 

[15,19,20]. For wild type strains (NCTC 8325-4) of Staphylococcus aureus, YM values may 

range from 50 kPa [16] to few MPa values [21]. In the case of Staphylococcus epidermidis 

strains with various abilities to produce extracellular material, YM may vary from 8 kPa to 22 

kPa. Different mechanical responses were also detected for non-fibrillated (13 kPa) or 

fibrillated (7 kPa) strains of Streptococcus salivarius [16]. Whole-cells elasticity has also been 

measured on many different bacteria, including Myxococcus xanthus [22] and E. coli [23] 

among others, and was found to be within the same orders of magnitude, ranging between few 

kPa to several MPa. 

It should be noted that precise mapping of the cell stiffness at high resolution by AFM can 

also reveal the presence of other types of bacterial components. As shown in Figure 2B and C, 

the extracellular secreted substances of low stiffness are clearly distinguishable from high 

bacterial stiffness [18]. Another example is the capsule, a polysaccharide layer that lies 

outside the bacterial cell wall of given strains and which may be very resistant to external 

agent as antiseptic and surfactant. AFM measurements of capsule thickness revealed that the 

wild-type Klebsiella pneumoniae capsule was rearranged by exposure to colistin, a 

polypeptide antibiotics [24].  



Other technics were also used to determine the mechanical properties of whole cells. Optical 

tweezer bending experiments were performed on Borrelia burgdorferi cells giving stiffness 

values of same order of magnitude [25]. Microfluidic devices were also specifically designed. 

By modulating the fluid flow, it was possible to apply variable hydrodynamic forces on the 

live cells in order to deform them under different environmental conditions to control their 

growth conditions. The technics allowed to measure the flexural rigidity of cells in various 

physiological states [26]. In a specific microfluidic platform with sub-micron features, 

individual bacteria were flowed and trapped in tapered channels [27]. Less stiff bacteria 

undergo greater deformations and therefore travel further into the tapered channel. Hence, the 

distance traversed by bacteria into the tapered channel is inversely related to cell stiffness that 

can consequently be determined. 

 

2.2. Cell wall 

The cell wall is mainly a network of long sugar strands (glycans) crosslinked by stretchable 

peptides, the so-called peptidoglycan (PG). This network envelops bacteria forming a quite 

thin shelter sandwiched by two fluid membranes in Gram-negative while being thicker and in 

direct contact with the external environment in Gram-positive bacteria. The rigid cell wall 

protects bacteria and gives them their shape and mechanical integrity as it serves as the 

primary structure for bearing the osmotic stress named the turgor pressure [28,29,30]. The 

turgor pressure results from all the internal cytoplasmic components that press against the 

cytoplasmic membrane or against the cell wall. It typically ranges for E. coli between 0.5 to 3 

atm (atmosphere) depending on the osmolality of surrounding growth medium [31]. Changes 

in structure and elasticity of PG were studied by AFM on Streptococcus cells subjected to 

increasing turgor pressure by variation of the medium osmolality [32]. The authors show a 



new net-like arrangement of PG which stretches and stiffens following osmotic changes. The 

primary source of substantial mechanical stress in the bacterial cell wall is therefore the turgor 

pressure. 

Importantly, the cell wall is a structure in constant evolution, as peptidoglycan bonds must be 

broken to permit growth or division, with a risk of the appearance of defects in the 

peptidoglycan network. This could lead to the lysis of cells unable to withstand osmotic 

pressure. As many antibiotics target the growing cell wall, several studies tried to get a 

quantitative understanding of the cell sensitivity to defects in the cell wall. For example 

vancomycin antibiotic often leads to the formation of noticeable bulges which grew with time 

and led eventually to cell lysis. In order to detect the ‘‘chemical features’’ of bacterial cell 

wall and their modifications with external agents, a surface-enhanced Raman scattering 

(SERS) technique was developed and applied to assess the fine structures of the bacterial cell 

wall [33]. The declines in some SERS peaks seem to be indicative of a slowing in Gram 

negative bacterial growth in the early phase of the ampicillin treatment. This high-speed 

SERS detection represents an original approach for microbial diagnostic, which could be 

applied to a single bacterium. 

Much attention was paid on the genes and proteins involved in synthesis of the bacterial cell 

wall [34]. The MreB protein forms extended filamentous structures and interacts with 

multiple components of the cell wall synthetic machinery. It is one of the main geometric 

regulators (determination and maintenance) of the rod-cell shape in Gram-negative bacteria. 

Different models have been recently proposed to describe the wall growth and the local 

remodeling while maintaining the rod shape of cells (Figure 3) [35,36]. Using standard 

fluorescence microscopy, early images of MreB localization  revealed long helical filaments 

that follow a helical path along the periphery of the cell. They have suggested a direct role of 

MreB in governing cell wall architecture. These filaments were reported to be dynamic as 



they were seen to rotate around the long axis of the cell in some experiments. Their dynamics 

was then assumed to be actin-like and to follow a helical pattern of insertion of new 

peptidoglycans [37,38,39]. However, several more recent studies, using cutting-edge optical 

microscopy technics with much higher spatial and temporal resolutions [40,41,42], have 

questioned this point of view, as the movement of the involved proteins appears more 

circumferential than helical and depends on on-going peptidoglycan synthesis rather than on 

actin-like polymer dynamics [34].  

Mechanical models have also been proposed to explain cell bulging or cell separation. Models 

of the bulging mechanics of the cytoplasmic membrane through pores in the cell wall have 

predicted a critical pore radius beyond which spontaneous bulging will occur in reasonable 

agreement with the observed distribution of pores in the peptidoglycan network [30]. Another 

prediction of these models is that the critical pore radius would increase with increasing 

surface tension and decrease with increasing spontaneous curvature or turgor pressure, 

suggesting that bulging may depend on the lipid composition of the membrane and the 

metabolic state of the cell [30]. Boulbitch et al. [43] have modeled the cell wall as a 

deformable hexagonal mesh and they predicted a load-dependent elasticity with a power-law 

stress-stiffening exponent around 1. Thwaites et al. used standard fiber-measuring technique 

on Bacillus subtilis, a Gram-positive bacterium, with a thick cell wall consisting of 50% 

peptidoglycan by weight. They found a change of one order of magnitude in the thread 

modulus upon loading [44,45]. A bacterial thread is the common name given to a 

multifilament fiber produced from cultures of a cell-separation suppressed mutant of Bacillus 

subtilis [44]. 

By studying intact and bulging E. coli cells with AFM, the contributions of the cell wall and 

of the turgor pressure to the overall cell stiffness were obtained independently [46]. Figure 3B 

illustrates the stiffness drop when indenting an E. coli cell and the bulge. A 30 kPa turgor 



pressure was found in intact living cells while lower turgor pressures were calculated in 

bulging cells from the bulge characteristics. The lower the pressure the lower the radius and 

stiffness of bacteria in bulging cells. The wall was shown to be significantly stiffer in intact 

cells: few tens of MPa depending on the observation (axial or circumferential) directions than 

in unpressurized sacculi. The authors found strong evidence of stress stiffening in the cell wall 

and incorporated nonlinear elasticity of the peptidoglycan network as a power-law in the 

turgor pressure [46]. 

Finally modeling the mechanics of separating daughter cells with finite element analysis has 

been recently reported [47]. The authors have suggested that a mechanical crack propagation 

of the cell wall drives millisecond cell separation in round Staphylococcus aureus. As 

illustrated in Figure 3C and D, high stress localizes at the peripheral ring and prepares cell for 

popping. Increasing the turgor pressure and the cell wall stress by lowering the medium 

osmolarity results in an enrichment of the popping events. 

2.3. Mechanosensors 

Mechanosensitive (MS) channels are fundamental components of bacterial cells [48,49] as 

they maintain a positive turgor pressure, estimated to range between 2 and 4 atm [50,51] in E. 

coli and enable the preservation of physical integrity during osmotic shock due to hypothetic 

variations of ionic strength of liquid environment [52]. Cell integrity is maintained through 

the interplay between the peptidoglycan cell-wall, which provides a constraining force, and 

mechanosensitive (MS) channels that modulate turgor pressure by varying ion fluxes [52]. 

The mechanical membrane tension should not exceed around 15 mN/m to prevent the 

membrane rupture and the subsequent bacterial lysis [53,54,55]. 

MS channels are ubiquitous in bacterial world. They divide in two main families, MscS and 

MscL. MscL is a highly conserved, almost ubiquitous, membrane protein. MscS exists in 



numerous variant forms that are united by the presence of a ‘pore-forming’ domain close to 

the carboxy-terminal end of the protein [56]. Bacterial strains differ in the number of MS 

channels they possess, some having only few, whereas others, for example the -

proteobacteria have up to six MscS homologues in addition to MscL [57]. 

To retain structural integrity of the cell during pressure transitions, MS channels gate on the 

millisecond time-scale to release large-amount of solutes whenever the net outward pressure 

generates an increase in membrane tension [58]. The experimental study of the activation of 

the MS channels is a difficult task when working with complete cells because of the presence 

of the peptidoglycan cell wall and the linked outer membrane but, in isolated membrane 

patches, pressures as low as approximately 0.05 atm were proved to activate MS channels 

[57,55]. 

2.4. Pili 

Many bacterial cells display nano and/or micrometer long surface proteinaceous appendages 

(pili, fimbriae, flagella). These surface structures are important for cellular functions such as 

motility, adhesion to various inert or living surfaces and also intercellular communication. In 

particular, surface appendages of many bacteria are key factors during the first stages of 

colonization by promoting attachment to host cells as well as solid surfaces [59]. Depending 

on the growth environment, bacterial motility can be achieved by swimming in aqueous 

media, swarming, twitching and gliding on soft or hard solid surfaces [60]. Bacterial 

swimming motility usually involve flagellar motility while surface locomotion such as 

twitching motility involve specialized pili such as type IV pili, extension-retraction 

appendages that attach to points ahead and pull cells forward  [61]. Swarming bacteria 

collectively move in groups using their flagella through a thin liquid layer on solid surfaces. 



Gliding and sliding motilities do not need appendage but specialized membrane anchored 

macromolecular machines [62]. 

E. coli are known to express a large number of coilable pili [63,64,65,66,67] which help the 

bacteria to resist shearing forces in various host organs by reducing the instantaneous force on 

the adhesion. A well-studied example of pili is uropathogenic E. coli type 1 pili, which are 

essential for initiation of urinary tract and gastrointestinal infections. Since the width of type 1 

pili is in the nanometer range, their study is therefore possible through the use of high 

resolution microscopy techniques such as electron microscopy, AFM or fluorescence analysis 

[68,69]. Thanks to these methods interesting information were brought in: numbers of pili on 

a cell, length of pili, pili rigidity, and so forth [70,71]. It was found that, similar to type 1 pili, 

P pili are highly extensible with an average 3 µm contour length and a 35 pN plateau force. 

The stiffness of the P pili is at least a few times larger than 0.15 pN/nm [72,73]. The results 

also suggest that physiological levels of shear flow (up to 90 pN/bacterium [74]) are likely to 

trigger unwinding of the helical region of both types of pili [75]. When exposed to an external 

force P and type 1 pili in E. coli can unwind their quaternary structure [76]. Another study 

reported a strong pH dependence of the maximal elongation of type 1 fimbriae when pulling 

living cells at different rates [77].   

High-resolution force measurements, using optical tweezers and AFM were performed too. 

They have revealed macroscopic properties (such as force-extension behavior) and 

microscopic responses (e.g. transition energies and bond lengths) for several types of pili 

[73,78,79,80]. These studies provided a better understanding of the pili mechanics and 

supported the previous assumptions that pili are biopolymers capable of reducing the external 

load on the adhesins, at the origin of the initial attachment of bacteria and their adhesion on 

surfaces [76]. Flexible microscopic pillars can be used to measure the forces generated by pili 

as they can be deflected by pilus retraction [81]. If the pillar stiffness is known, then their 



deflection can be measured by microscopy and converted into a force. This method is less 

sensitive at low forces and displacements but allows measurement of forces in the 

nanonewton range [82].  

E. coli are rod-shaped bacterial cells with a typical length of 1−3 μm that express hundreds of 

pili, few micrometers long and 5−10 nm in diameter. A high amount of pili protruding out 

from the cell surface increases the surface area to mass per bacterium. In a fluid environment, 

this additional surface area causes an increased drag on the bacterium compared to a “bald” 

bacterium of the same size that does not express any pili. By remarking that surface 

organelles, even if they are very small, affect the fluid velocity around an object, optical 

tweezers (OT) experiments were recently proposed to study the change of the drag force on 

the cell with the fluid velocity and discriminate in real time and within seconds between 

single bacteria with and without pili [76]. 

Bacterial type IV Pili (T4P) are among the most powerful molecular motors characterized to 

date [83]. The dynamics of retraction and force generation properties of single or bundle of 

pili have been extensively studied. Laser tweezers (laser traps, optical tweezers) have proved 

useful for measuring the velocity of single pilus retraction and the force generated 

[83,84,85,86]. Measurements of displacements down to the subnanometer range and forces in 

the range of piconewtons can be achieved. It was shown that individual type IV pilus typically 

generates forces in the range of few tens of pN. These forces are higher than those generated 

by other molecular motors. However, the velocity of retraction (1–2 µms
-1

) is in the same 

range as velocities of cytoskeletal motors.  

AFM is particularly useful for characterizing the elastic properties of pili [87] where a 

bacterium is bound to a cantilever and is facing a surface. When a pilus binds to the opposite 



surface this one can be displaced causing the application of a force on the pili. In this way, the 

extension of the pilus as a function of the applied force can be determined [87].  

2.5. Adhesion/Detachment 

Cell adhesion is mediated by various molecular interactions that are specific (i.e. through 

molecular recognition) or non-specific (i.e. hydrogen bonding, hydrophobic, van der Waals, 

electrostatic, etc.). Various biophysical assays have been developed for measuring 

biomolecular forces, including flow-chamber experiments, surface force apparatus, 

biomembrane force probe, magnetic and optical tweezers, and AFM [87, 88].  

Another investigation method consists in gluing a unique living cell to the tip of the AFM 

cantilever. It thus allows the measurement of the interaction forces between the cell and a 

target surface in the so-called single-cell force spectroscopy (SCFS). Thanks to the acquired 

spatially resolved force curves, it is possible to get adhesion and mechanical maps of the cell 

surface with a high spatiotemporal resolution for bacteria of high medical importance [87,17, 

89]. For example in the case of S. aureus cell, it was shown that intercellular adhesion is 

likely to originate from surface electrostatic interactions between cationic PIA 

(Polysaccharide Intercellular Adhesine) and teichoic acids [89].  Zn
2+

 strongly alters the 

structural, mechanical and adhesive properties of the cell surface, in that the surface 

morphology was much smoother, stiffer and stickier when this cation was present [90]. 

AFM experiments probed the adhesive interaction of Gram-negative P. aeruginosa T4P 

with hydrophobic surfaces [91]. From the observed constant force plateaus, it was proposed 

that these pili resist mechanical force by transitioning into an extended quaternary structure 

that may expose adhesive residues. Similar studies made on other Gram-negative strains 

revealed similar conclusions [80,75]. The pili mechanical properties in various Gram-positive 

bacteria were shown to be quite different [69,92]. Caulobacter cresensus, a Gram-negative, 



divides asymmetrically and produces a swarmer cell and a sessile stalked cell. The stalked cell 

typically attach to a surface by a holdfast, an adhesive polar polysaccharide, found at the end 

of a thin elongated extension of the cell envelope, called a stack [93]. AFM measurements 

allowed the authors to monitor during the cell attachment the progressive growth of the newly 

secreted holdfast which strongly binds to surface and cures to form a plate-like glue capable 

of supporting strong and permanent adhesion. In another kind of study on E. coli, AFM 

measurements allowed the authors to study the relation between the self-association of 

adhesins and the rupture forces [94]. 

Direct quantification of detachment forces between bacteria and solid substrate was recently 

performed thanks to a new method combining the force control of an AFM with 

microfluidics: the cell was immobilized under physiological conditions on the pyramidal tip 

of a microchanneled AFM cantilever by underpressure. Forces of detachment of Escherichia 

coli from polydopamine substrate as an example were thus measured and studied for various 

conditions of contact time and applied force between cell and substrate [95]. 

When colonizing diverse surfaces, bacteria can also modify them via secretion of 

macromolecules. One of the defining characteristics of bacterial biofilms is the EPS matrix. 

Exopolysaccharide secreted by P. aeruginosa can work as a glue mediating early surface 

attachment [82,96,97]. 

Myxococcus xanthus surface motility has been recently studied using high-speed cell tracking 

and it was found that these cell trajectories consist of aperiodic stick–slip movements, driven 

by T4P-generated force acting against EPS-derived friction [98]. 

By using total internal reflection fluorescence microscopy (TIRFM) the gliding motility 

machinery of M. xanthus was recently analyzed. It was shown that it contains an inner-

membrane motor complex that moves intracellularly along a right-handed helical path; when 



the machinery becomes stationary at focal adhesion sites with the underlying surface, the 

motor complex powers a left-handed rotation of the cell around its long axis leading to the 

propulsion of the bacteria [99]. 

 

3. Mechanics of biofilms 

While isolated bacteria swim in their environment they regularly meet various inert or living 

surfaces, onto which they can attach and initiate the development of a collective edifice by 

secreting multiple extracellular components, further gluing themselves to each other, leading 

to the creation of 3-dimensional biofilms. Local mechanics of isolated bacteria then becomes 

intimately integrated in the global mechanics of the whole biofilm edifice. Whereas the 

interplay between the two level on biofilm mechanics remains puzzling, several studies 

investigated mechanical aspects of biofilms: their viscoelasticity, heterogeneities and growth.    

3.1. Viscoelasticity 

Numerous rheological techniques (reviewed for instance in [10] or [12]) have been used at the 

macroscopic scale for the past two decades, which revealed biofilm viscoelastic behavior and  

occurrence of stress and strain in mechanically stimulated biofilms. In general the 

experiments are of two types: shear or compression tests. We present here some of the 

representative experiments, knowing that characterization technics are still under progress 

(see for instance [100]). 

Both standard and specific rheometers with a given geometry (two parallel plates, cone/plate 

or Taylor-Couette) were used in static or oscillatory regime. As illustrated in Figure 4, 

rheometers impose either a stress (a force per unit area) or a strain (a deformation) by moving 

one plate and recording the resulting strain - or stress - respectively, which corresponds to 



either creep or relaxation experiments. Uniaxial compression tests have been performed on 

biofilms compressed in a parallel plate rheometer [101-102]. The strain was imposed and the 

stress was measured. In [101], a hookean (elastic) solid zone in the stress versus strain curve 

was highlighted, corresponding to an apparent Young’s modulus of 6.5 kPa. A relaxation 

experiment was conducted in [102] and different relaxation times were found. These times 

have been associated to bacterial rearrangements, water flows and extracellular matrix 

motions within the biofilm. In all cases, the biofilms can be either grown in situ (in a devoted 

rheometer, [103]), or ex situ and transferred subsequently [102,104]. 

In the typical creep experiment presented in Figure 4 A), the stress (top) is imposed and the 

strain measured (bottom). Basically the strain  is equal to the stress shear divided by the shear 

modulus G for an ideal elastic solid while for a liquid under loading, the strain varies linearly 

with time. The typical strain curve presented in Figure 4 A-bottom [12] clearly shows a 

combination of both behaviors and indicates that the biofilm has a viscoelastic behavior with 

long relaxation time (about ten minutes). In [105], very diverse biofilms, grown on one plate 

or directly transferred to the rheometer, were studied and the same type of curve was obtained 

in all cases. The authors found values of effective shear modulus ranging from 10
-2

 to 10
6
 Pa 

depending on the biofilm.   

In another dynamical experiment (see Figure 4 B-top), the response to an oscillatory strain 

was measured. G’ and G’’ denote the storage and the loss moduli respectively. An ideal  

elastic solid material should respond with a constant G’ value (non-nil) and a nil G’’ value 

both being independent of the frequency . On the contrary the G’’ response of a classical 

liquid should vary linearly with (the slope being proportional to the viscosity) and G’ 

should be null. Here (in Fig. 4 B-bottom [103]) neither G’ nor G’’ is zero, and both vary with 

. These two observations indicate viscoelasticity. Moreover, as G’ > G’’ (about ten times 



higher in agreement with [106]), the biofilms are viscoelastic solids rather than viscoelastic 

liquids and their variation with the frequency  might be the signature of a system having 

different relaxation times, like polydisperse systems.  

Many experiments have been carried out under liquid flow to renew the liquid composition 

during the biofilm formation. In these flow cells [107,108], the biofilm was subjected to a 

shear stress imposed by the flow. Changing the flow subjects then the biofilm to a 

hydrodynamic “load” usually defined by assuming the velocity profile in the flowing liquid. 

This allowed to monitor subsequent changes in the biofilm structure and to measure the strain 

experienced by the biofilm. Calculations of biofilm stiffness was therefore not direct and 

might need numerical integration [109] or the development of a model which predicts a fluid 

recirculation on the downstream side of the biofilm [110]. Recent progress of imaging 

methods also revealed the non-uniform structural deformation of the biofilm surface in 

contact with the liquid flow, together with the change of its internal porosity under loading 

and unloading [111]. The shear stress due to the flow changed the biofilm structure and 

removed protruding portions of biofilms, leading to flat and smooth biofilms [112]. It might 

also generate the formation of filamentous streamers [113,114,115]. Interestingly, analyzing 

the changes in filaments length while applying small increments in the flow rate, has enabled 

to estimate values of the apparent elastic modulus in the range of 70-140 Pa for filaments with 

a diameter around 5-20 m [116], consistent with the typical values for macroscopic biofilms. 

Strong flow conditions might also produce rippled structures of the biofilm that were 

interpreted as a hydrodynamic instability [108,117].  

Finally it can be mentioned that different studies have been also done on morphologies and 

mechanics of macroscopic biofilms standing at the air-liquid interface (termed pellicles), 

revealing the effects of molecular determinants on the structural, architectural and mechanical 



properties [118,119]. Strain-hardening and viscoplastic effects were also observed in addition 

to viscoelasticity [120]. 

3.2. Heterogeneity 

As broadly discussed in the literature, biofilms are so biologically and physico-chemically 

heterogeneous that generalization is challenging.  Mechanisms contributing to the genetic and 

physiological heterogeneity within a biofilm population include microscale chemical 

gradients, adaptation to local environmental conditions, stochastic gene expression and some 

level of genotypic variations occurring through mutation. These mechanisms generate 

structural heterogeneities, gradients of growth rate and of stiffness among others as shown in 

the following [121]. Therefore biofilm behavior strongly depends on its composition in terms 

of bacterial species and on the culture conditions [122]. If millimeters size heterogeneity has 

been already reported when growing some biofilms on stained agar gel (Figure 5A) [123], 

other biofilms grown on top of liquid might be macroscopically homogeneous up to the meter 

scale [124]. 

A simple first striking observation when studying biofilm was that the thickness of a biofilm 

grown on a simple flat surface was highly non uniform [125]: areas covered by thick biofilms 

clusters reaching hundreds of micrometers of thickness juxtapose with areas partly covered or 

covered by thinner clusters. As shown in Figure 5B, a recent study has revealed the region-

specific biofilm viscoelastic properties by means of particle-tracking microrheology [126]. 

This simple non-uniformity might be a first practical source of error when performing 

macroscopic measurements using two parallel plates for instance. Also the contact area of the 

biofilm to the plate, a value needed when converting force into stress, might change during 

indentation or compression.  



When considering bacterial biofilm grown in a flow cell in continuous flow configuration, the 

top bacterial layers are in direct contact with liquid and have unlimited access to nutrients, 

whereas internal layers receive only what diffuses through the dense matrix. Similarly, in 

aerobic conditions, top layer bacteria are exposed to air, whereas the layers located inside 

biofilm depth develop in an increasingly anaerobic environment [127]. As a consequence of 

these gradients, the top layers are often constituted of fast growing cells, whereas biofilm 

bacteria grow more slowly in internal biofilm layers [128]. The slow growth rate of cells 

inside biofilms leads for instance to an enhanced tolerance to some antibiotics [129, 127].  

As a consequence the biofilm mechanical behavior at the microscale is extremely diverse. As 

probed by magnetic micrometer-size beads, biofilms of E. coli (expressing surface 

appendages such as pili) behave either like a solid, a liquid or both at the bacterial scale 

(Figure 5 B&C)[130]. 

 

Further analysis of the local elastic and instantaneous compliance J0 (inversely proportional to 

the instantaneous modulus; the higher the value the softer the domain) has been done in detail 

at different locations within a biofilm [130]. The authors observed dependence along the z 

distance from the substrate as illustrated in Figure 5D, and not along the other dimensions 

(over the 200 m
2
 explored area). Finally, they identified three vertically stratified layers: 1) a 

bottom layer of lowest compliance (highest rigidity) extending at 10-m thickness close to the 

adhesive surface, 2) an intermediate layer of intermediate compliance extending over 20 

micrometers and where the compliance distribution is very broad, which means that there is a 

coexistence of highly rigid and very soft areas, and 3) a soft top layer of 15-m thickness in 

direct contact with the circulating liquid and where the compliance values may change with 

time by more than an order of magnitude from point to point [130]. In order to model the 

mechanical behavior of a biofilm attached to a solid substrate, some authors have more 



recently suggested to incorporate heterogeneity into their model and consider the biofilm as a 

multi-layer composite material to explain their experimental results [131]. 

Finally composite effects have been also noticed when studying the deformation field of air-

liquid interface biofilms (pellicles) [120]. Imaging the deformation of the biofilm structure 

followed by image analysis (using Particle Imaging Velocimetry program), the authors 

observed more pliable structures localized near attachment surfaces of the vertical container 

walls. These structures are less rigid than the center region, as they stretched more resulting in 

a non-affine deformation and in the need to correct the imposed strain to a true strain value. 

3.3. Growth 

If mechanical forces obviously play key roles in shaping living communities, current 

knowledge (characterization and understanding) on forces exerted between cells in 

multicellular environments are still limited [132]. For instance, to model the growth of a 

group of E.coli constituted of a small number of genetically and phenotypically identical 

bacteria that are not even organized in a biofilm, one has to consider repulsive forces between 

bacteria, frictional forces between neighboring bacteria, between bacteria and their substrates, 

and elastic forces exerted by the soft substrate on the bacteria when they grow in a confined 

environment. These forces act on the transition from two-dimensional growth to three-

dimensional growth of micro-colonies and their magnitude may be actively tuned by the 

bacteria themselves. Once adhered to a substrate, bacteria may experience additional and non-

trivial mechanical forces from the substrate as their protein synthesis may change depending 

on the substrate stiffness [133]. Cell clustering was for instance observed on soft substrates 

and not on rigid substrates suggesting that the mechanical forces between cells and substrates 

also mediate the interaction forces between dividing cells. An interesting recent study reveals 

how the asymmetric adhesion of cells increases cell-cell contacts [134]. 



The force dependence of the cell density is also far from being understood because of non-

linear behaviors. Recent simulations and experiments indicate that disordered cell packings 

provided by microbial proliferation in a confined environment without any detected molecular 

connections between cells are stabilized by heterogeneous force networks where mechanical 

stress is mainly localized along branching “force chains” [135]. The resulting contact 

pressures were found high enough to slow down the cellular growth. 

These recent findings point to the current lack of knowledge on the interplay between 

mechanical stress and growth in the bacterial communities and biofilms. However technical 

improvements and opening to other biophysics approaches helps to fill the knowledge gap. 

For instance optical imaging of biofilms with single-cell resolution recently revealed 

architectural transitions when isolated surface-attached bacteria multiply and secrete 

extracellular matrix during the biofilm growth [136]. When multiplying, Vibrio cholerae cells 

first remain in contact with the surface and then form a disordered 3D community which 

progressively evolves in a hedgehog-like structure with an anisotropic growth oriented 

perpendicular to the surface (the basal plane of attachment). These results suggest the 

presence of mechanical forces changing during the biofilm development, favoring a cellular 

ordered growth. Still, these forces remain to be elucidated.  

Multicellular biofilm clusters have also been directly grown in chambers embedded with 

flexible micropillars where they may generate high enough forces (or “differential pressures”) 

onto micropillars to deflect them [137]. Considering all the different studied bacterial strains, 

the authors reported differential pressure values ranging from 1 to 25 kPa. These values were 

strongly dependent on the matrix components as loss of some exopolysaccharides known for 

favoring lateral growth and spreading which reduces them by a factor of 2. It should be 

mentioned that pillars deflections of various amplitudes were also detected within the same 



clusters. As discussed in the previous section and by Chew et al. [137], heterogeneity in 

growth and development of the clusters is an important distinctive feature of biofilm.  

At a macroscopic scale, other studies succeeded in measuring the average force generated by 

the growth of Bacillus subtilis biofilms floating on top of liquid (pellicles) [124]. Using an 

original method and technics, the authors showed that this force comes from the biofilm 

growth at the air-liquid interface under the constraint that the liquid is contained in a dish of a 

finite size. This space restriction confines the pellicle while bacteria continue to multiply and 

secrete extracellular matrix; the growth under confinement induces a compressive force. The 

compressive macroscopic force was about -1 mN leading to a residual stress or a pre-stress of 

about -80 Pa and the pre-strain was found as high as -19%. Assuming an elastic behavior of 

the pellicle, it was possible to estimate a Poisson’s ratio equal to 0.3-0.5 meaning a weakly 

compressive material with few exchanges of water molecules. Figure 6A illustrates a typical 

stress-strain curve recorded when elongating a piece of pellicle, grown in situ [120]. Because 

the pellicle is compressed by itself (by its growth), the force is negative without any applied 

strain, then decreases to zero and becomes positive during the elongation process. In absolute 

value, the magnitude of the initial growth compressive stress is as high as the magnitude of 

the tensile stress measured after 20% of elongation. This result shows how important it is to 

perform the mechanical experiments in situ and to define the pre-stress level of the initial 

state. In addition the experiments indicated an elastic behavior in the compression range at 

small deformations and a viscoplastic behavior in the tension range at large deformations. 

Experiments have shown that this force, associated to a growth-pressure, relaxes over very 

short time scales (tens of milliseconds) [124] while biofilm relaxation upon loading is very 

long, typically few minutes or tens of minutes as commonly observed [105]. This force 

spontaneously spreads the biofilm towards free surrounding spaces and may cover any small 

holes that could appear within the structure [124]. Therefore, it facilitates self-healing and 



contributes to maintain the biofilm integrity. This effect may be compared to the self-healing 

effect observed in hydrogels and discussed in the paragraph 4.2. Another important feature 

that might be mentioned concerns the relaxed state. When deformed after loading, the pellicle 

slowly relaxes back towards a compressed state and not to a zero-stress state. This effect is 

likely due to the innate arrangement of the pellicle structure as it formed under compression 

during growth [120].  

Many pellicles at the air-liquid interface exhibit wrinkles and folds during their maturation 

process, which are considered as a distinctive morphological phenotype. Their presence was 

interpreted as the result of the compressive force (pre-stress) [138]. The authors have 

explained the wrinkle formation using the buckling mechanical instability applied to an elastic 

sheet floating on top of a liquid and found good agreement between the wavelength predicted 

by the buckling model and the observed wavelength. Part of a large pellicle which starts to 

buckle is illustrated in Figure 6B (top view). A maze-like pattern of wrinkles can be observed 

on the down side of the Figure and is due to the 2D compressive pre-stress when the pellicle 

is confined along its two axes. The blue arrows indicate the presence of 2D compressive 

forces. By cutting and removing parts of the pellicle on its lateral sides, the confinement was 

suppressed along one axis. As a result, the wrinkles symmetry has changed and they lined up 

in one direction under the effect of a 1D compressive force. This experiment shows also how 

elastic is the pellicle when it starts to wrinkle as the wrinkles are able to reorient according to 

the geometrical constraints. 

Biofilms grown on agar gel (solid elastic substrate) have also rich and complex 3D 

architectures exhibiting wrinkles and folds (Figure 7A). Some patterns published in the 

literature are rearranged in Figure 7. Unlike pellicles grown under the constrained boundaries 

condition, these biofilms are not limited spatially by lateral boundaries. Experiments revealed 

the presence of death cells (Figure 7B), of channel networks, spatial and temporal differences 



in matrix production and composition [139,140,141]. All these heterogeneities combined with 

an interaction with the substrate contribute to generate stiffness gradients, 

differential/anisotropic growth and to favor the presence of mechanical stresses within the 

biofilm (Figure 7C and D). Few theoretical attempts have been proposed to explain the 

different patterns [142,143,144], by combining the buckling mechanical instability with the 

biofilm elasticity and the biofilm growth (see section 4.2 for a discussion on the growth 

modeling). 

 

4. Comparison with other systems 

 As shown in Parts 2.1 & 2.2, the cell wall envelope mostly contributes to the bacterial 

stiffness with typical elastic moduli ranging from 10 kPa to few MPa, 10
5
 Pa being the order 

of magnitude commonly reported in the literature. We can therefore consider bacteria as 10 to 

1000 times stiffer than biofilms. Although the biofilm architecture is regulated by the 

biological activity of bacteria, the biofilm environment might be compared to a hydrogel 

enriched by rigid colloids as recalled by Mazza in a recent review [9]. 

Extracellular Matrix (ECM) can account for up to 90% of the biofilm dry mass [145], 

indicating that about 10% of rigid cell composes the biofilm which is the typical fraction of 

colloids found in hydrogels as discussed later in Part 4.1. The matrix itself includes 

polysaccharides, proteins, DNA, lipids, and cell lysis products; it is described by the 

abbreviation EPS standing for Extracellular Polymeric Substances rather than ECM, showing 

how important is the polymer notion for biofilm constituents. Biofilm polysaccharides 

(cellulose, ß-1-4 N acetyl glucosamine polymers etc.) are often very large polymers and 

proteins may form long fibers too. Local organization of the components within the biofilms 

is not well-documented, due probably to its variability and the difficulty of measuring it 



experimentally without perturbation and to be extremely various. Berk et al. reported the 

existence of dynamic and flexible envelopes encasing cell clusters composed by 

polysaccharides and several proteins [146]. 

The EPS organization could therefore be considered in a first approach as disordered and 

heterogeneous within the same biofilm and with multiple connections between the different 

components (see Part 3.2). We may envision the biofilm as a multiple network of various 

elastic and rigid links swollen by about 60 % of water (a typical fraction commonly reported 

in the literature).  

Because of the numerous similarities between biofilms and non-biological synthetic 

hydrogels, we present in the next paragraph a brief review on hydrogels from the classical 

notion of swelling to the most updated studies on self-healing; all these concepts are relevant 

to biofilm studies. Moreover, if biofilms appear or behave like hydrogels, they share common 

features with other of other multicellular systems such as living tissues: they are active, they 

grow and secrete extracellular matrix and we will present a short review on the mechanics of 

living tissues. Finally Young’s moduli of some living tissues, hydrogels and biofilms are 

reported in Table 2. 

4.1. Hydrogels enriched with colloids 

A hydrogel can be defined as a network of flexible polymer chains that can contain a large 

amount of water, typically 60-90 wt % like in many biofilms. Although the material is mostly 

water-based, the gel behaves like an elastic solid as cross-links maintain the topology of the 

polymer network on a long time-scale with respect to the duration of the observation. Gels are 

defined as chemical gels or physical gels depending on the nature of the cross-links between 

polymer chains, i.e. permanent covalent bonds or reversible interactions. Gels act 



simultaneously as macromolecular reservoirs and exhibit analogies with solutions or dialysis 

bags wherein the soluble molecules can diffuse and be outsourced from the network. 

By analogy to the biofilms case, it’s interesting to focus on the conditions of polymeric gel 

synthesis and the definition of the preparation state before reviewing the actual route for gel 

reinforcement involving multiple networks and nanocomposites.  

4.1.1. Synthesis, frozen inhomogeneities and swelling 

A gel is a frozen system. Although the dynamics of the polymer chains are dominated by 

thermal fluctuations, network topology is set during synthesis. Whatever the polymerization 

route is : from monomers or by end-chain reactions, with or without solvent, the gelation 

process leads to frozen inhomogeneities in the system. This complex process has been 

theoretically investigated [147,148,149] with the support of experimental techniques such as  

neutron scattering [150,151] or light scattering [152]. Cross-linking inhomogeneities play a 

crucial role in the mechanical response of the network, especially in terms of strain hardening 

or damage initiation as it has been demonstrated for  ‘dried gels’ (i.e. cross-linked elastomers) 

[153,154], but such inhomogeneities are even more exacerbated when the network is highly 

swollen by a solvent [155]. 

The control of the network architecture is extremely difficult to achieve. Parameters such as 

the initial monomer or polymer concentration, the temperature, the solvent quality, the yield 

of polymerization, or the polymerization kinetics will define the network topology. To 

understand the network properties, two aspects need to be considered: i/ the conditions of 

network formation, defined as the preparation state and ii/ the situation at the moment of the 

study. However, gels are often only defined by their polymer volume fraction p during their 

characterization, or equivalently by their swelling degree Q defined as Q = 1/p. If the 

swelling degree Q provides the gel composition, it does not reflect the network state with 



respect to the conditions of network formation. Indeed, by defining the preparation conditions 

as initial swelling degree (denoted as Q0) independently from the maximum swelling 

conditions in water (or solvent) referring to the swelling equilibrium Qe, a given gel studied at 

an intermediate condition of hydration Qi undergoes an elongation of the same intensity in 

all three directions of space with = (Qi/Q0)
1/3

. Starting from the classical theory of rubber 

elasticity [156,157,158], elastic modulus of a dried rubbery network directly derives from the 

number of elastically active chains of the network per unit of volume times the thermal noise 

(of energy kT). Panyukov et al. [149] and Rubinstein et al. [159] have proposed elasticity 

models that refine the concept to gels and take into account the swelling ratio (relative to the 

initial swelling) but also the conditions of the chain solvability in the water (or solvent). Thus, 

the elasticity of the polymer network is not just a function of the volume fraction of polymer, 

nor kT times the number of elastically active chains in the gel, but the elasticity will vary 

more subtly on the interactions at play between polymer and solvent. 

When immersed in an excess of appropriate solvent, gels can often swell considerably. The 

swelling is driven by the favorable free energy of mixing with solvent (osmotic pressure, ) 

and is resisted by the energy required to stretch the network strands (elastic modulus, G). The 

gel swells up to the equilibrium state when the osmotic and the elastic parts of the free energy 

counterbalance, i.e. when G  . 

The notions of swelling up to a state restricted by the elasticity of the network and of 

equilibrated pressures inside and outside the gel apply in the case of bacteria and biofilms. At 

a bacterium scale, cells which are embedded within the biofilm may experience a major 

increase in extracellular osmotic pressure due to the presence of extracellular polymeric 

network. They are also subjected to an osmotic regulation from inside to outside their body 

partly through interplay between mechanical tension of the cell wall and mecano-sensitivity 



of the channels (see Part 2). To prevent the loss of cellular water, cells in response accumulate 

osmoprotectant molecules [160,161,162]. At the biofilm scale, Seminara et al. [163] have 

already proposed a model to explain how the biofilm spreading is facilitated by the secretion 

of matrix when growing on an agar gel: the EPS secretion induces locally an osmotic pressure 

gradient which forces water to flow from the agar gel to the biofilm in order to equilibrate the 

pressure. 

Biofilm growth and gel swelling generate a local volumetric increase of the elastic material. If 

the notion of osmotic equilibrium applies as a driving force for water flow, the gel swelling 

may induce mechanical instabilities in the case of osmotic gradients. As illustrated in Figure 

8, the elastic modulus of a gel decreases when absorbing water leading to internal stiffness 

gradient and subsequent morphological instabilities, similar to the ones described in Figure 7. 

These mechanical instabilities depend on water diffusion and vanish once the osmotic 

equilibrium is reached without any more gradients. Hence a spherical and hydrophilic 

hydrogel immersed into water expands progressively by following a series of morphologic 

changes until becoming spherical again after several hours [164,165]. The gel experiences 

temporarily local internal stress during the swelling. Similar instability occurs when swelling 

a strip of soft gel attached to a rigid gel [166]; the flat state becomes unstable above a critical 

swelling rate. See for instance two reviews on mechanical instabilities in gel and soft 

materials in References [167,168]. 

4.1.2. Routes for gel reinforcement and gluing: macromolecular design 

It’s informative to compare the mechanical response of biofilms and of chemical gels and to 

review which routes are considered nowadays for gel reinforcement. As shown in Part 3, 

biofilm stiffness strongly depends on species, bacterial strain or on culture conditions. On one 

hand, biofilms have to be strong enough to withstand external flux or mechanical loading 



allowing them to grow and proliferate. On the other hand, heterogeneities favour the 

detachment of some biofilm fragments which allow dissemination and colonization of other 

spaces. In the case of synthetic hydrogels, used in many industrial applications as soft 

materials, many efforts have been devoted during the last two decades, to overcome gels 

fragility by exploring a wide richness of macromolecular topologies ([169,170] and references 

herein). Figure 9 illustrates some pioneered approaches. 

The reduction of the cross-link inhomogeneities is one efficient option that has been 

developed by Ito et al. [171] with sliding-ring cross-linked gels (Figure 9 (a)) and Sakai et al. 

[172] with tetrahedron-like macromonomers gels (Figure 9(b)) that allow for well-controlled 

chain length distribution between chemical cross-links. Such types of architecture permit an 

optimal cooperativeness of the polymer strands of the network that retards damage initiation. 

But, after exhaustion of the conformational changes of the network chains, fracture 

propagates readily without contribution of other dissipative mechanisms [173]. Other groups 

have explored other routes with the aim of promoting dissipative processes to enhance 

efficiently fracture toughness. For instance, Gong and co-workers pioneered the idea of 

introducing mechanical dissipation in chemically cross-linked gels by introducing sacrificial 

covalent bonds. As shown in Figure 9 (c), authors developed double network (DN) gels [174] 

which result from the synthesis of a primary highly cross-linked and a highly swollen network 

with a secondary network loosely cross-linked, and entangled with the primary network [175]. 

By sacrificing the integrity of the brittle primary network, the second network ensures the 

stress transfer and enlarges the damage zone before catastrophic fracture occurs. A subtle 

control of gel formulation (by using different monomers or polymers, by adjusting cross-

linking concentrations and swelling state, by controlling gelation conditions, etc.) enables 

dramatic improvements of the fracture toughness: tearing fracture energies were reported to 

be as high as 1000 J m
-2

 (same order of magnitude of unfilled rubber tearing energy) [176]. 



Note that if this concept enables a tremendous increase of dissipation by bond-breaking, after 

being operated, the macromolecular architecture is permanently damaged without any chance 

of recovery. Nevertheless, DN gels have other valuable mechanical properties related on their 

intrinsic covalent nature, such as low sliding friction, good wear resistance, good fatigue 

resistance that make DN gels good candidates for in vivo applications [177]. The DN concept 

has been directly applied to elastomers [178] or by introducing reversible cross-links [179]. 

In contrast to DN gels which imply a fine control of chemistry, Haraguchi and co-workers 

[180] polymerized linear chains (without chemical cross-links) in the presence of clay nano-

platelets and developed the first highly extensible nanocomposite gels (NC gels). First results 

[181,182] demonstrated very interesting mechanical properties: NC gels featured very high 

deformability (up to 1000%) and adjustment of gel stiffness was achieved simply by varying 

the clay concentration without sacrificing extensibility too much. Authors envisaged polymer 

chains to be grafted onto neighbouring clay platelets by emphasizing the importance of 

initiating the polymerization from the clay surface and underlining the fact that by introducing 

a chemical cross-linker together with inorganic clay, gels became very brittle. This work 

opened the field for NC gels studies [183,184,185]. A more comprehensive picture of the 

mechanisms of NC gel reinforcement was obtained by using model hybrid networks 

[186,187], i.e. using silica nanoparticles (NPs) to ensure a good dispersion state and avoid 

complex effect of alignment upon mechanical stretching that make more complex mechanistic 

interpretations [188]. As shown in Figure 10, the principle relied on using polymer adsorption 

on nanoparticles (NPs) to design reversible sacrificial bonds while chemical cross-links 

permanently fix the network topology. Hybrid gels exhibited a remarkable combination of 

properties: initial modulus, strength at failure and stretchability were seen to be 

simultaneously enhanced by increasing the NP volume fraction.  



Silica NPs enabled topological rearrangements within a characteristic time-scale. Thus, within 

the appropriated frequency domain, local rearrangements and exchanges between adsorbed 

and desorbed states allowed for stress relaxation of the polymer network and retarded 

efficiently fracture processes. Interestingly full recovery, in terms of mechanical behaviour 

and residual strain, was achieved after tens of seconds at rest. Within this time-scale, the 

network is able to self-reorganize (self-heal in bulk) in order to recover an equivalent 

network. This concept opened up a simple method for gel adhesion using NP solutions as a 

glue [189]. This method is very versatile since polymers are very prone to adsorb onto solid 

surfaces. Thus, it has been demonstrated that it is possible to glue gels of different chemical 

natures and the adhesion remains when the joint is immersed in water and swells. The 

promise of the method was illustrated for biological tissues [190]. 

In this context, biofilm complex organization involves a multiple network combining various 

polymeric and proteinaceous links with rigid bacteria and it may share common features with 

the most recent hybrid gels. It is difficult to check whether an increasing fraction of bacteria 

passively enhanced initial modulus, strength at failure and stretchability but it is known that 

some biofilms present a large distribution of relaxation times which implies multiple 

rearrangements within the structure. Note that the biofilm network is able to self-organize in 

several ways: simply by growing which takes time to remodel the network, or by rapidly 

relaxing the residual stress as shown on biofilms floating on top of liquid [124]. Lieleg et al. 

also reported a recovery of biofilm stiffness few minutes after yielding [106]. 

Another common feature between biofilms and the hybrid gels remains their stickiness. 

Gluing different gels by particles is also interesting in the context of biofilm as biofilms are 

well-known for their stickiness [4]. If adhesive forces mediated by the matrix have been 

reported at the bacterium scale (see Part 2.5.), it’s well-known that biofilms strongly adhere to 

mostly any substrates and are difficult to remove once a surface has been colonized. 



4.2. Living tissues 

Biofilms do not have equivalent in non-unicellular organism. Still, they share some 

similarities with soft collagen-rich tissues (or connective tissues), as tendon, dermis or aorta:  

they are formed of single cells embedded in a soft matrix [191], and they can grow in time. 

These tissues are also made of extra-cellular matrix (ECM), which is secreted by the 

eukaryotic cells in the tissues, but the composition is completely different. While biofilms are 

mostly polymer-like structure, ECM is formed by a mixture of fibrillary proteins (collagen 

and elastin), embedded in soft, disorganized, matrix of biomolecules and water [192,193]. The 

differences between the connective tissues are often viewed as differences in the architecture 

of these different elements [194,195,196]: in tendon, the fibers are aligned, while in skin, 

fibers are disorganized (see Figure 11). Still, all the soft collagen-rich tissues are close in term 

of mechanical properties [197,198,199,200,201]: they support large stretches, are anisotropic, 

have a viscoelastic response and the so-called “preconditioning” effect. Preconditioning is 

related to the Mullin’s effect: when a tissue is repeatedly loaded at the same level (either in 

stretch or stress), the stress-stretch response will slowly shift toward a limit cycle as the 

microstructure reconfigures [202,203]. In that sense, they are similar to biofilms, despite a 

completely different stress-stretch response. 

As shown in Figure 12, the soft tissue behavior is generally described as a three-phase 

response [199,204]. First, we have the toe region, in which the tissue supports large stretches 

with low forces. Second, the heel region is associated with a non-linear increase of the force 

with the stretch. Finally, in the linear region, the force is proportional to the stretch. These 

three regions are classically associated to the collagen-fibers response (Figure 12): in the toe 

region, the fibers are crimped and the force comes from the non-fibrillar matrix; in the heel 

region, the fibers are aligning toward the direction of traction, and the linear is then due to the 



stretching of the fibers. In the first stretching, a sliding between collagen fibers is also 

observed [205], which implies a reconfiguration of the network and may explain the 

preconditioning [ 202]. This microstructural interpretation of the stress-stretch curve has been 

well established in tendon [202,205,206,207], while being still under debate for other tissues 

[208,209]. 

Despite their differences in behavior, and in their microstructural origin, the formalism used 

to describe the soft collagen-rich tissues and the biofilms are close. To describe the behavior 

at large stretch, a hyperelastic description based on an invariant-based energy 

[194,199,210,211] is commonly used. Visco-elasticity is also often introduced to describe 

either the strain rate dependency [212] or the preconditioning [213]. 

Apart from pure material considerations, biofilms and soft tissues shared the same living 

ability to grow. Growth is, in fact, found in most living complex tissues, as pointed in the 

more complete review by Jones and Chapman [214]. Growth is associated with an increase of 

the mass of the system – and then often to its volume. When the growth occurs in a confined 

environment, elastic tissues adapt by deforming themselves. This may push on the external 

obstacles [124,215]; for non-homogeneous growths or growths in a confined environment, it 

may also induce residual stretches and stresses [194,216]. Residual stresses are self-balanced, 

meaning that they exist inside of the tissue, even without external force being applied. 

Perturbations, as cuts, of the tissue may relax these stresses, inducing significant 

deformations. Wood provides a spectacular example: the growth of the tree, especially in a 

windy and tilted environment, can create large stresses inside the plant. These stresses are 

problematic since the trunk may crack when sawed, losing most of its value as illustrated in 

Figure 13 [214]. This crack opening is due to the tension in the trunk. Confined growth more 

often lead to compressive stresses (associated to a positive pressure in the tissue), the growing 

material pushing against the surrounding medium. This can induce shape instabilities, as 



observed in swelling gels (in Fig. 8). Releasing the confinement leads to a rapid expansion of 

the material. This could favor the propagation of cancer cells if a tumor is cut during its 

surgical ablation [215]. On the contrary, it prevents the formation of holes when the tissue 

remains confined, explaining partly the robustness of biofilms to mechanical attacks. Two 

main experimental difficulties are faced to determine the residual stresses. First, it is released 

only when a hole is created in the material, which may be a problem while studying living 

systems. Second, the observation is in fact the opening of the hole, which relates to the strain 

and not to the stretch. In that sense, the biofilm case is interesting by its simplicity and 

robustness. Indeed, it is possible to make the biofilm growth in a confined environment 

equipped to measure the load, and thus to measure directly the residual stresses and its 

evolution in time [124]. 

For an elastic material, as biofilms and most soft tissues, the theoretical frame to model the 

growth is now well established since Rodriguez et al. [217]. The core difficulty was that the 

growth creates new material in a state which is not known. Thus, the main idea is to start from 

a reference, stress-free, state – which does not have to be visible in the experiment. Then the 

problem is split into two steps: first, the growth, and then the elastic response (see Figure 14). 

The growth does not have to create a compatible solution:  it can contain holes, material 

points can be at the same position and the solid doesn’t have to respect the boundary 

condition. The associated tensor is thus purely given by biological considerations on the 

evolution of the mass distribution between the “reference” and current configurations. Then, 

the elastic response corrects all these incompatibilities and create a mechanically compatible 

state. Due to its simplicity and its generality, this frame has been applied to a large range of 

problems, from the aorta [218,194] to skin [219], through brain [220], as well as many other 

ones [221,222,223]. 



Despite the elegance and the simplicity of this formalism, some difficulties remain. The first 

one is to determine the proper “stress-free” reference configuration. A second question, 

deeply related, is the choice of the growth. Indeed, it is not possible, for a given shape, to 

distinguish what is due to the growth and what is due to the elastic response, without 

mechanical assays. Two main approaches are used to tackle these problems. The first one 

focusses on the stability of a chosen initial shape: starting from a sphere or a cylinder and 

introducing different growth magnitude and distribution inspired by biological consideration, 

one can analyze the limit of stability of the initial shape, and what will be the pattern in the 

tissue [224]. A second approach focusses on the growth of existing tissues – as for example 

the growth of tumors [221] or the extension of skins for graft [225]; the initial configuration is 

then given by the shape of the tissue before its growth.  

The main limit of this formalism is to impose the growth as a whole process, independently of 

the history of the system. In fact, in many cases, the growth rate is affected by the stress on 

the cells [226]. To avoid this difficulty, the natural option will be to use the same approach 

incrementally [227]: first make the tissue growth, second compute the stress, and then 

determine the new growth and so on. However, this approach is time-consuming, and in some 

cases as the growth of aneurysm, it can be avoided by assuming that the stress state of the new 

material is determined and related to the current stress [228]. 

This short review on growth modeling has to be concluded with few words on other 

approaches: we presented the macroscopic description of the growth of a purely elastic 

material. It is therefore perfectly adequate for biofilms in a first approach, but not relevant for 

other situation. Some growth processes are well described with simpler models, as for 

example the uniaxial growth of plants [229]. Some materials are not elastic but mostly fluid: 

the growth is then viewed as a source term in the fluid [230,231]. Also, in many cases, we are 



interested in a local description of the growth – especially for cellular tissues – which includes 

the details at the cell scales. Then a discrete model may be relevant [232].  

5. Conclusions 

Whereas numerous mechanical studies focused on stiffness and viscoelasticity of bacteria and 

biofilms, and considered these systems as quasi-static materials, recent works point to the 

need of understanding the role played by growth and heterogeneities on their mechanical 

properties. Both phenomena can generate mechanical instabilities at the level of single 

bacterium as well as at a macroscopic scale.  We discussed how these instabilities may help 

bacteria to divide by propagating a mechanical crack or biofilm communities to keep growing 

by shaping wrinkles and folds. Little is known about the presence of residual mechanical 

forces and their potential role on the bacteria metabolism. Bacteria embedded in biofilm 

might be sensitive to their mechanical environment. It would be interesting to understand how 

they are able to secrete extracellular matrix while subjected to a confined space or while being 

subject to the compression exerted by other bacteria or exerted by a surrounding extracellular 

matrix. 

Little is also knownon the bacterial behavior in a heterogeneous mechanical environment, for 

instance how single cells grow or produce ECM in an environment having a stiffness gradient. 

They might grow in the direction of minimal mechanical resistance which would mean that 

the stiffness gradient acts like a nutriment or oxygen gradient and directs the growth. 

Although the exopolysaccharide export from a cell doesn’t seem to directly involve 

mechanosensitive components [233], we might wonder which effects on cell metabolism and 

on active polymerization and secretion process could have a heterogeneous mechanical 

environment. Would it change the spatial distribution along the cell of the secreting 

components like the protein channels or simply modify their biosynthesis activity? 



Mechanical cues may appear therefore as a counterpart to the chemical cues and their 

identifications constitute a promising direction for understanding bacteria and biofilms 

behaviors. 

Comparison between the different systems of chemical or biological synthesis shows also the 

difficulty to define a mechanical reference state when modeling the systems. Chemical gels 

are frozen states with a topology set during the synthesis; the reference state corresponds to 

the preparation state incorporating frozen heterogeneities and subsequent residual stresses. 

Living systems grow, generating a pre-stress (the residual stresses); the reference state 

corresponds to a free-stress state difficult to determine as being unreal and as the growth often 

depends on the tissue history. 

Recovery, self-healing, self-repairing and stickiness are also important features common to 

biofilms and hybrid hydrogels requiring facilitated and dynamic rearrangements of the 

networks. If biofilm architecture and dynamics may inspire the generation of future hybrid 

gels, in turn understanding the properties of well-controlled gels may help understand the 

multiple behaviors of biofilms. 
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Table 1: Typical values of some mechanical parameters measured by different methods on 

single bacteria. 

 

Parameter Method Bacteria Typical 

Values /Range 

References 

Young Modulus mostly 

AFM, 

optical 

tweezers, 

microfluidic 

devices 

Different species 

and strains 

Few kPa to 

several MPa 

[16,25,44,45,56, 

234,235,236,237]  

Young Modulus 

variation along a 

single bacterium 

AFM  Anabaenopsis 

circularis 

Rhodococcus 

wratislaviensis 

 

10-60 kPa [18] 

Turgor Pressure AFM 

indentation 

Collapse 

gas vesicles 

Simulation 

E. coli 

Streptococci 

Pseudomonas 

aeruginosa 

Enterococcus 

hirae 

Magnetospirillum 

gryphiswaldense 

10-400 kPa [31,50,51,238-

240] 

 

Lytic Membrane 

Tension 

Patch-

clamp 

E. coli 15 mN/m [53,55] 

Pili stiffness AFM E. coli 0.1 pN/m [72,73] 

 

 

 

 

 

 

 

 



                                                                                                                                                                                     

 

Table 2: Typical values of Young’s moduli measured on different systems. 

 

Systems Typical Young 

Modulus (kPa) or 

observed variation 

of Young moduli 

References 

Biofilms grown on 

liquid susbstrate 

0.3 [138] 

Biofilms grown on 

solid substrates 

Few kPa to several 

MPa 

[16] 

variation of Young 

moduli along one 

single biofilm 

by a factor of 10 [126,130]  

Hydrogels 1 - 10
3
 [183] 

Brain, bone 

marrow 

0.2 - 1 [241] 

Cartilage 30 [241] 

Skin (mice) 10
3
 [208] 

Tendon 10
5 

- 2 10
6
 [213] 

 

 

 

Figure Captions 

 

Figure 1: A) Macroscopic Escherichia coli biofilm formed on Pyrex glass slide after 24H 

culture in a biofilm micro fermenter. The white material corresponds to millimeter-thick 

biofilm biomass; B) 3D structure of a mixed biofilm formed by fluorescent Bacillus subtilis 

(green) and Staphylococcus aureus (red) observed by confocal laser scanning microscopy [6] 

- scale bar 50 m. The extracellular matrix is not stained and therefore not visible here; C) 

Biofilm of a mutated E. coli observed by scanning electron microscopy after fixation, staining 

and dehydration [7]. The black C arrow indicates overlap of different secreted protein fibers. 

Copyright permission in progress. 

 

Figure 2: A) Typical Force-Indentation curves obtained by AFM on isolated living bacteria 

without (blue) and with antibiotics (green and red) [19]. B-C) Example of stiffness mapping 



                                                                                                                                                                                     

extracted from AFM analysis on three living bacteria Rhodococcus wratislaviensis standing 

on a rigid substrate. B) Colors represent different heights from the substrate. C) Zoom of the 

square region in B) showing the stiffness map [18]. Copyright permission in progress. 

 

Figure 3: A) Model of stored growth in E. coli. Bars and spheres represent glycan strands, 

peptide cross-links and peptidoglycan synthetic machinery, followed by buckling and/or 

extension depending on the turgor pressure [35]. B) Force indentation curves obtained by 

probing a E. coli cell and a bulge. Inset (c): a bulging cell labeled by cytoplasmic GFP probes 

and observed by fluorescence microscopy [46]. C) Daughter cell separation in S. aureus as 

imaged by Scanning Electron Microscopy; scale bar 1 micrometer [47]. D)  Stress distribution 

in the “ready-to-pop” cell wall modeled as a finite elastic material and expressed in relative 

unit [47]. Copyright permission in progress. 

 

Figure 4: Typical rheological experiments performed on macroscopic biofilms. A) Response 

of a Staphylococcus aureus biofilm to a shear stress (loading and unloading) [12]. B) 

Response of a Staphylococcus epidermis to an oscillating strain (deformation); Elastic or 

storage (G’, blue data) and viscous or loss (G’’, red data) moduli are plotted as a function of 

the oscillation frequency [103]. Copyright permission in progress. 

 

Figure 5: A) Macro-colony biofilm of Salmonella sp. grown on congo red and blue comassie 

agar gel revealing the genetic diversification. Image size 1.7 x 1.7 cm [123]; B) lateral xy-

mapping of the creep compliance (in Pa
-1

 unit) of Pseudomonas fluorescens biofilm as 

extracted from fluorescent bead-tracking [126]; C) Occurrence of the different behaviors 



                                                                                                                                                                                     

measured when embedding probes at different locations inside a F pilus expressing E. coli 

biofilm. D) Values of the local mean compliance J0 (averaged over 3 measurements 

performed within 7 m – slices) and of its standard deviation as a function of the distance 

from the substrate. Figures C & D) are reprinted from [130]. 

 

Figure 6: A) Stress-strain curve performed on a flat pellicle of Bacillus subtilis (NCIB3610). 

The force was measured during uniaxial elongation and the strain was determined from an 

analysis of the deformation field [120]. B) Part of a pellicle starting to form wrinkles (top 

view): at the bottom side, the pellicle is confined and subjected to compressive stress along its 

two axes of confinement while at the top side the pellicle is only subjected to the compressive 

stress in one direction after suppressing the confinement effect in the other direction. 

Copyright permission in progress. 

 

Figure 7: A) wrinkled and folded biofilms of E.coli (AR3110 strain) grown on an agar gel 

after two days of incubation [141]. B) Bacillus subtilis biofilm grown on agar gel after three-

days of incubation; wrinkles and buckling, facilitated by the presence of dead cells, in the 

central area of the biofilm [139] and C) SEM (Scanning Electron Microscopy) image of a 

radial fold cross-section [140].  D) In silico biofilm showing radial wrinkles emerging from 

the central cores [143]. Copyright permission in progress.  

 

Figure 8: Sequence of images showing a swelling hydrogel sphere [165]. The outer layer in 

direct contact with water expands more than does the inner core generating mechanical 



                                                                                                                                                                                     

constrains and buckling few times after the immersion.  The instability patterns disappear 

when the spherical gel reaches the equilibrium state.  Copyright permission in progress. 

 

Figure 9: Schematic representation of local network structures of tough hydrogel: slide-ring 

gels (a,[171]), tetra-PEG gels (b, [172]), double-network gels (c) and nanocomposite gels 

(d,[185]). Adapted from Ref. [169]. Copyright permission in progress. 

 

Figure 10: Use of rigid silica Nanoparticules (NP) in hydrogels: reinforcement A) & B), and 

gluing C). A) Hybrid networks combine exchangeable bonds (symbolized by arrows, here by 

polymer adsorption, silica NPs act as exchangeable cross-links) and permanent chemical 

cross-links (dots). Typical gel may contain 90 % of water and are filled with various volume 

fractions x v/v of silica NPs. B) Effect of NPs on the large strain mechanical behaviour. As a 

guideline, the pure chemical gel response (without NP). C) Gluing gels by NP solutions: 

schematic illustration of the concept of gluing two gels of the same or different natures 

together using nanoparticles. Network chains are adsorbed on nanoparticles and anchor 

particles to gel pieces. Particles act as connectors between gel surfaces and adsorbed chains 

also form bridges between particles. In adsorbed gel layers, at equilibrium or under tension, 

there is a constant traffic of monomers between the adsorbed and desorbed states, and 

rearrangements may adsorb and replace the detached link. Such exchange processes and 

rearrangements allow for large deformations and energy dissipation under stress. Copyright 

A) and B) Ref. [187]. C) from [189]. Copyright permission in progress.  

 



                                                                                                                                                                                     

Figure 11: Collagen organization in skin (A) and in tendon (B). A) SEM image of the human 

dermis, showing the collagen fibers (bar = 5µm) [233]. B) Multiphoton Mmicroscopy image 

of rat tail tendon, showing only the collagen fibers (bar = 50µm) [202]. Copyright permission 

in progress.  

 

Figure 12: Force vs strain curve for human skin. The curve is classically split into 3 regions: 

the phase 1 or “toe”, the phase 2 or “heel” and the phase 3 or linear. Vignettes are SEM 

images, showing the collagen fibers. Image from [204]. Copyright permission in progress.  

Figure 13: Logged tree which has cracked due to the release of residual (or growth) stress. 

Picture taken from [214]. Copyright permission in progress. 

 

Figure 14: Decomposition of the geometric deformation tensor F into a first growth tensor G 

and an elastic deformation tensor A. Figure from [224]. Copyright permission in progress. 
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